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AbStRACt
Breathing is usually automatic and without conscious effort; yet our breathing is a complex motor 
function requiring the coordinated activation of a number of respiratory muscles that span from our 
heads to our abdomen. Some of our respiratory muscles serve to pump air into and out of our lungs 
(ventilation). These pump muscles act on the thoracic and abdominal walls and are all skeletal mus-
cles. Other respiratory muscles in our bodies control the caliber of the passageway for air to enter 
our lungs. These airway muscles include skeletal muscles of the head (e.g., tongue and suprahyoid 
muscles) and neck (infrahyoid, pharyngeal and laryngeal muscles), as well as smooth muscles that 
line our trachea and bronchi down to the alveoli where gas exchange occurs. This book provides an 
overview of the anatomy and physiology of our respiratory muscles, including their neural control. 
This book also includes an overview of the basic structure and function of both skeletal and smooth 
muscles. The two basic types of respiratory muscles (skeletal and smooth muscle) vary considerably 
in the organization of their contractile proteins and the underlying mechanisms that lead to force 
generation and contraction, including their neural control.
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C H A P T E R  1

“Until I feared I would lose it, I never loved to read. One does not love breathing.” 
(Harper Lee—American author)

“What can we do but keep on breathing in and out, modest and willing, and in our places” 
(Mary Oliver—American poet)

Breathe in, breathe out—the act of breathing comes naturally to us, without conscious effort. Yet 
the control of our breathing is quite complex involving the coordinated activation of respiratory 
skeletal muscles of the head, neck, chest wall and abdomen, and smooth muscles lining the trachea 
and airways of our lungs. As recognized in the quotes above, we take breathing for granted, but 
become aware of our breathing only when it becomes labored due to dysfunction of the respiratory 
muscles. This book will provide an overview of the physiology (and in some cases, the pathophysiol-
ogy) of our respiratory muscles, arguably the most important muscles in our body.

Respiratory muscles serve to move air into and out of our lungs (ventilation), thereby affect-
ing pulmonary gas exchange that supplies O2 to our arterial blood and eventually the metabolically 
active tissues of our bodies while removing CO2 from the blood. The muscles involved in ventila-
tion, the actual movement of air into our lungs, are called pump muscles, and they are all skeletal 
(or striated) muscles. There are also other types of respiratory muscles that control the caliber of the 
conductive airways to our lungs both above and below the larynx. Some of these airway muscles are 
also skeletal muscles, and these fall into two categories, 1) those muscles that control the patency 
of the nasal, oral, and pharyngeal conductive pathway for air, termed upper airway muscles and  
2) muscles that control the opening (abductors) or closing (adductor) of the laryngeal inlet. Smooth 
muscles also line our airways from the trachea and bronchi down to the alveoli where gas exchange 
occurs. Contraction and relaxation of these airway smooth muscles control the patency of our air-
ways increasing or decreasing resistance to airflow. 

To understand the physiology of our respiratory muscles, it is important to understand 
the basic structure and function of both striated and smooth muscles. These two types of muscle 
vary considerably in the organization of their contractile proteins and the underlying mechanisms 
that lead to force generation and contraction, including neural control and excitation–contraction  
coupling.

•  •  •  •

Introduction





3

C H A P T E R  2

The pump muscles are skeletal muscles that serve to move air into (inspiratory) and out of (ex-
piratory) our lungs. Thus, the pump muscles are broadly categorized as inspiratory or expiratory 
muscles based on their mechanical action on the chest wall and thoracic cavity that translates into a 
decrease (inspiratory) or increase (expiratory) in thoracic pressure. 

2.1 DIAPHRAGM MuSClE
The diaphragm muscle is unique to mammals, and it is the major muscle involved in inspiration. 
The diaphragm muscle separates the thoracic (pleural) and abdominal (peritoneal) compartments 
of our bodies. With activation and contraction, our diaphragm muscle moves caudally, causing an 
increase in the vertical dimension of the thoracic cavity. This creates a negative thoracic pressure, 
which is transmitted to our lungs via the pleura that line both the chest wall and the lungs. Thus, 
with diaphragm muscle contraction and generation of a negative intrathoracic pressure, our lungs 
inflate with air inspiration. As our diaphragm muscle contracts and moves caudally, our abdominal 
cavity is compressed and abdominal pressure increases. Accordingly, with diaphragm muscle con-
traction, there is a marked increase in the pressure difference between our thoracic and abdominal 
cavities (an increase in transdiaphragmatic pressure). As our diaphragm muscle relaxes, this trans-
diaphragmatic pressure difference rapidly decreases, due in large part to the passive recoil forces of 
our lungs and chest wall. This rapid decrease in transdiaphragmatic pressure causes air to move out 
of our lungs, a process known as expiration. Thus, the diaphragm muscle is an active inspiratory 
pump for lung ventilation. If activation of our pump muscles fails to generate sufficient intrathoracic 
pressure then ventilation of our lungs cannot be sustained.

Diaphragm muscle fibers originate from the entire circumference of our thoracic cavity and 
insert into a central tendon. Based on the origin of muscle fibers, the diaphragm muscle has been 
separated into three major regions. Muscle fibers originating from the xyphisternal junction (the 
joint connecting the xyphoid and sternum) form the sternal region of our diaphragm muscle. Dia-
phragm fibers that originate from the broad expanse of our lower rib cage form the costal region 
of our diaphragm muscle. A clearly separate group of diaphragm muscle fibers originate from our 

Respiratory Pump Muscles
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FIGuRE 1: Inferior view of the diaphragm, specifically illustrating the origin and insertion of muscle 
fibers. Used with permission from DiMarco [23].

upper lumbar vertebrae and form the crural region. Fibers from each of these diaphragm muscle 
regions insert into the central tendon (Figure 1).

Our diaphragm muscle is really a paired muscle comprising right and left sides that are  
generally symmetrical. The orientation of fibers in the two sternal regions of our diaphragm muscle 
is essentially parallel, both within each side and across the left and right sides. 

Muscle fibers in the costal region of each side radiate inward from the much more expansive 
circumference of the costal margin of our lower rib cage to the smaller circumference of the central 
tendon. Thus, the orientation of fibers in each of the two costal regions of our diaphragm muscle 
is not parallel. The direction of force vectors generated in each side of the costal region of the dia-
phragm muscle pulls in roughly opposite directions. Moreover, the orientation of fibers in the costal 
regions of our diaphragm muscle is not flat but curved in a dome shape; thus increasing the overall 
length of these fibers. Contraction or shortening of muscle fibers in the costal regions causes the 
curvature of the diaphragm muscle to flatten downward, thereby pushing on the abdominal cavity 
and increasing abdominal pressure. 
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The orientation of diaphragm muscle fibers in the crural region is even more complex and 
varies somewhat on the right and left sides. The right portion of the crural diaphragm is larger 
(a greater number of muscle fibers versus large muscle fibers) and longer than the left. Muscle  
fibers in the right crural diaphragm arise from the anterior surfaces of the bodies and intervertebral 
fibrocartilages of our upper three lumbar vertebrae. In the left crural region, diaphragm muscle 
fibers originate from the corresponding parts of the upper two lumbar vertebrae only. The medial 
margins of the right and left crural regions project anteriorly and medially to meet in the midline 
forming an arch across the front of our descending aorta. Thus, as it passes from the thoracic to 
the abdominal cavity, the descending aorta is dorsal to the crural regions of the diaphragm muscle. 
This anatomical relationship is quite important since this means that inspiratory contraction of our 
diaphragm muscle fibers will not impede blood flow in our descending aorta. Similarly, it would not 
be advantageous for contraction of our diaphragm muscle to restrict blood flow in the inferior vena 
cava as it traverses from the abdominal cavity to thoracic cavity carrying venous blood back to the 
heart. In fact, there is an advantage for the increased transdiaphragmatic pressure during inspiration 
to promote an increase in venous return of blood to the right atrium, especially when we are stand-
ing since in this case, the return of venous blood to the heart must work against gravity. Thus, our 
inferior vena cava passes through the central tendon of the diaphragm where muscle fiber contrac-
tion will not constrict blood flow. 

On our left side, the esophagus passes through the crural region of the diaphragm muscle. 
Thus, contraction of muscle fibers in the left crural region of the diaphragm acts as a sphinc-
ter during inspiration. Physiologically, this is important since during inspiration, the increase in 
transdiaphragmatic pressure would tend to push gastric contents from our stomach, located in the  
abdominal cavity, into our esophagus, located in the thoracic cavity, unless contraction of fibers of 
the left crural region closed off the esophagus. 

Muscle fibers in each of the regions of our diaphragm insert into the central tendon, which 
is a thin but strong aponeurosis. The central tendon of the diaphragm is situated somewhat closer 
to the anterior chest wall such that diaphragm muscle fibers originating from the posterior costal 
margin are slightly longer. Rostrally, the central tendon is situated immediately below the pericar-
dium, with which it partially blends. The pericardium is a reflection of the pleura, which also covers 
the rostral surface of our diaphragm muscle. Caudally, the central tendon is situated above the liver 
and stomach. A portion of the liver connects to the diaphragm directly (the so-called bare area), but 
most of the liver is covered by the visceral peritoneum, which is a thin, double-layered membrane 
similar to the pleura that also serves to reduce friction against other organs. There are reflections or 
folds of peritoneum that appear as ligaments and maintain the position of the relatively heavy liver 
in the abdominal cavity. These folds or ligaments include the falciform, right and left triangular, 
coronary and round ligaments of the liver. The inferior surface of our diaphragm muscle is covered 
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by the peritoneum, and these peritoneal “ligaments” can fuse with the central tendon. Our central 
tendon appears to have three divisions or leaflets with the right leaflet being the largest and the left 
the smallest. Structurally, the central tendon comprises several planes of collagen fibers that inter-
sect at various angles adding strength to the tendon. 

The mechanical effects of force generated by muscle fibers in the different regions of our 
diaphragm muscle obviously depend on the specific origins and insertions of these fibers, as well as 
the varying external loads imposed by rib cage and abdominal displacement. In particular, there are 
marked differences between the costal and crural regions of the diaphragm muscle that lead some to 
suggest that these are actually two different muscles, with different embryonic origins and neural in-
nervation [20, 21]. However, a number of studies have shown this to be incorrect. In detailed stud-

FIGuRE 2: Segmental innervation of the cat diaphragm. Phrenic nerve axons, derived from the C4  
spinal cord segment innervate more ventral aspects of the costal and crural regions. In comparison, 
phrenic axons from the C6 spinal cord segment innervate more dorsal aspects of  both diaphragm regions. 
Used with permission from Sieck [89].
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ies in rodents, Greer and colleagues clearly showed that all regions of the diaphragm muscle have 
similar embryonic origin [2, 4, 36]. Similarly, a systematic evaluation of the segmental innervation 
of different diaphragm muscle regions clearly demonstrated that the phrenic nerve, which emanates 
from the cervical spinal cord, innervates all diaphragm regions. The pattern of phrenic innervation 
in sternal, costal and crural regions is somatotopic with considerable overlap in the cervical segmen-
tal innervation of diaphragm fibers across regions. For example, phrenic nerve axons derived from 
higher cervical spinal cord segments innervate more ventral aspects of the costal and crural regions, 
whereas axons from lower cervical spinal cord segments innervate more dorsal aspects of both dia-
phragm regions [27, 89] (Figure 2).

2.2 INtERCoStAl MuSClES
In addition to our diaphragm muscle, which is responsible for lower rib cage expansion, we 
have other primary respiratory muscles that directly affect expansion (inspiration) and retraction  
(expiration) of our chest wall. Among these respiratory muscles, perhaps the most important are the 
intercostal muscles, which form three layers that occupy each of the intercostal spaces. Contraction 
of the intercostal muscles causes an elevation (expansion–inspiration) or retraction (expiration) of 
our ribs depending on the origin, insertion, and orientation of muscle fibers. This movement of 
our ribs is similar to raising and lowering a bucket handle, thereby expanding or constricting our 
thoracic cavity.

To understand the function of the intercostal muscles, it is first important to know the anat-
omy of our ribs. We have 12 ribs on each side that curve downward and anteriorly and comprise 
bony (lateral) and cartilaginous (medial) portions. Our 1st rib has a joint anteriorly with the ma-
nubrium, which is the superior part of our sternum. Our 2nd rib connects anteriorly at the joint 
between the manubrium and sternum bones—the manubriosternal synchondrosis. Our 3rd through 
10th ribs connect anteriorly with the sternum with the cartilaginous portions of our 7th through 
10th ribs fusing together before connecting to the sternum near the xyphoid process—near the 
xyphisternal junction. Our 11th and 12th ribs do not connect to the sternum at all and are some-
times called “floating” ribs. The shapes of the downward curving projections of our ribs appear as 
separate bucket handles, with varying curvatures, allowing different extents of upward (inspiration) 
and downward (expiration) motion.

The external intercostal muscles originate superiorly and laterally from the 1st through the 
11th ribs and project obliquely downward and forward to insert on the lateral bony portions of our 
2nd through 12th ribs. With contraction, the external intercostal muscles cause elevation of our 
ribs, thereby expanding the thoracic cavity leading to a decrease in intrathoracic and intrapleural 
pressures, causing inward airflow and lung inflation. The intercostal nerves innervate the external 
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intercostal muscles segmentally with motor neurons located in the T1 through T11 spinal cord 
(Figure 3).

The internal intercostal muscles originate inferiorly from our 2nd through 12th ribs and 
project obliquely upward and medially to insert on our 1st through 11th ribs. Contraction of inter-
nal intercostal muscle fibers that originate laterally from the boney portion of the ribs below causes 
depression of the ribs above. This decreases the transverse dimensions of our thoracic cavity, leading 

FIGuRE 3: Inspiration during normal, quiet breathing is primarily generated by contraction of the 
diaphragm, external intercostal and parasternal intercostal muscles. During inspiration, the diaphragm 
contracts and moves caudally, causing an increase in the vertical dimension of the thoracic cavity and 
thus a decrease in intrathoracic pressure. Expiration is a passive process during quiet breathing, caused 
by passive elastic recoil of the lungs and chest wall. Active expiration requires recruitment of internal 
intercostal and abdominal muscles. Used with permission from Rhoades and Bell [86].
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to an increase in intrathoracic and pleural pressures and lung deflation. In contrast, contraction of 
internal intercostal muscle fibers that originate from the more medial cartilaginous portion of the 
ribs cause these ribs to lift upward, thereby expanding the thoracic cavity leading to an decrease in 
intrathoracic and pleural pressures and lung inflation. Thus, the mechanical action of these ventral 
internal intercostal muscles near the sternum is similar to that of the external intercostal muscles. For 
this reason, these ventral internal intercostal muscle fibers are often separated into a separate muscle 
group called the parasternal intercostal muscles. In fact, for the parasternal intercostal muscles, it 
may be helpful to consider that the origins and insertions of muscle fibers are actually reversed from 
that of the more lateral intercostal muscles. Contraction of these parasternal intercostal muscles 
elevates the ribs below, exerting a clear inspiratory function. Intercostal nerves from the T1 through 
T11 spinal cord segments also innervate the internal and parasternal intercostal muscles.

The deepest layer of the internal intercostal muscles are separated from the internal intercostal 
muscles by the neurovascular bundle, and thus these fibers form a distinct third muscle layer called 
the innermost intercostal muscles. This group of muscles is also sometimes called the transversus 
thoracis muscle and the subcostalis muscle. The transversus thoracis muscle is located anteriorly 
and originates from the posterior surface of the body of the sternum and xiphoid process, as well as 
from the sternal ends of the cartilaginous portions of our 7th through 10th ribs. These muscle fibers 
then diverge upward and laterally to insert into the lower borders and inner surfaces of the costal 
cartilages of the 2nd through 6th ribs. These muscle fibers form a thin layer of muscular and tendi-
nous fibers that are continuous with fibers of the transversus abdominis muscle below. Contraction 
of transversus thoracis muscle fibers exert relatively minor mechanical effects on our chest wall, but 
may aid when our expiratory efforts become more forceful, together with the transversus abdominis 
muscle (see below). 

The subcostalis muscles are typically found only in the lower part of our rib cage, with muscle 
fibers originating from the inner surface of a rib and then inserting on ribs located one to two 
segments lower. The orientation of subcostalis muscle fibers is in the same direction as internal 
intercostal muscle fibers. Contraction of these muscle fibers likely causes only a modest mechanical 
effect on our rib cage but as part of the innermost intercostal muscle group contraction of subcos-
talis muscle fibers can act as a synergist, together with the transversus thoracis muscle and lateral 
internal intercostal muscles, to assist when our expiratory efforts need to be more forceful. The in-
ternal intercostal nerves from T1 through T11 also segmentally innervate the innermost intercostal 
muscles.

The lateral portions of our intercostal spaces contain all three layers of intercostal muscles. 
In contrast, the ventral portions of our intercostal spaces contain only internal (parasternal) inter-
costal muscles [19 ]. As detailed above, contraction of intercostal muscles displaces the ribs upward 
or downward to affect inspiration or expiration, respectively. However, perhaps equally important, 
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activation of intercostal muscles helps to stiffen and stabilize our rib cage, and thereby enhance dia-
phragmatic contraction and generation of transdiaphragmatic pressure.

In addition to our intercostal muscles, there are other muscles that insert on our rib cage and 
therefore may be involved in our respiratory efforts. For example, the scalene muscles originate from 
the transverse processes of the lower five cervical vertebrae and insert on the upper surfaces of our 
first two ribs [19 ]. Contraction of scalene muscle fibers causes elevation of our upper ribs and thus, 
these muscles contribute to inspiration, even during minimal inspiratory efforts [17, 84]. 

In the relatively rare case of bilateral diaphragm muscle paralysis, our remaining primary 
inspiratory pump muscles are capable of assuming adequate inspiratory pump activity to maintain 
resting ventilation [56]. However, it is far more common clinically that disease or some other condi-
tion compromises the ability of our diaphragm muscle to sustain adequate ventilation. For example, 
with chronic obstructive pulmonary disease (COPD), our diaphragm muscle becomes progressively 
weaker, and the contributions of the parasternal intercostal and scalene muscles become much more 
obvious and significant [16]. It should be noted that in addition to their role as respiratory pump 
muscles, the intercostal and scalene muscles also contribute to posture, head position, and stabiliza-
tion of the shoulder and trunk during movements of the upper extremity [18, 47, 61].

2.3 AbDoMINAl MuSClES
Generally, expiration is a passive process that results from passive elastic recoil of our chest wall 
and lungs following inspiratory-related inflation. However, under certain conditions, our expiration 
may become active involving generation of increased abdominal pressure by activation of abdominal 
muscles or increased intrathoracic pressure through activation of the internal and innermost inter-
costal muscles (see above). 

Our abdominal muscles serve a variety of functions including movement and postural sup-
port of our trunk (together with the back muscles) as well as protection organs in our abdominal 
cavity. As with chest wall muscles, our abdominal muscles are organized into overlapping layers. 
The transversus abdominus muscle is the deepest abdominal muscle of the anterior and lateral 
abdominal wall. It lies in the same plane as the transversus thoracis muscle and is generally con-
tinuous with this muscle. It is a flat thin muscle and as is indicated by its name, muscle fibers run 
transversely across the anterior abdominal wall. The transversus abdominis originates broadly from 
the lateral portion of the inguinal ligament, from the superior portion of the iliac crest (top of the 
hip bone), and from the inner surfaces of the lower six ribs, where it interdigitates with diaphragm 
muscle fibers. Transversus abdominis muscle fibers insert anteriorly in a broad aponeurosis, together 
with muscle fibers of the internal oblique muscle forming the midline of our abdominal wall.

The internal oblique muscles form the next layer of abdominal muscles with muscle fibers 
also originating broadly from the thoracolumbar fascia of our lower back, the anterior portion of 
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the iliac crest and the lateral half of the inguinal ligament. Internal oblique muscle fibers project 
upward toward the midline and insert at the inferior borders of our lower ribs (10th through 12th) 
and along the linea alba (abdominal midline). The orientation of internal oblique muscle fibers is 
perpendicular to those of the external oblique muscle. 

Our external oblique muscle is the largest and most superficial of the three overlapping layers 
of muscles of the anterior and lateral abdominal wall. The external oblique muscle lies immediately 
anterior (more superficial) to the internal oblique muscle with muscle fibers running perpendicular 
to the internal oblique. External oblique muscle fibers also originate broadly from the inferior bor-
ders of our 5th through 12th ribs. The origin of external oblique muscle fibers interdigitates with 
the origin of serratus anterior (5th through 9th ribs) and the latissimus dorsi (10th through 12th 
ribs) muscle fibers. External oblique muscle fibers from the lowest ribs project vertically downward 
and insert into the iliac crest. External oblique muscle fibers originating from the upper ribs are also 
directed downward but also forward to insert into the aponeurosis that eventually merges with the 
linea alba. This aponeurosis of the external oblique muscle also forms the inguinal ligament, and a 
portion of the muscle contributes to the inguinal canal.

The rectus abdominus muscle is the most anterior of our abdominal muscles, but not the 
most superficial since the tendinous aponeurotic sheath extending from the external oblique  
muscles covers the rectus abdominus. Rectus abdominus muscle fibers project vertically downward 
on each side of the midline of anterior abdominal wall. The two parallel rectus abdominus muscles 
are separated by the linea alba, which is a band of connective tissue extending from the xiphoid pro-
cess in the thorax to the pubic crest. The rectus abdominus muscle appears as separated into three 
portions divided by tendinous intersections of vertically oriented muscle fibers. The main func-
tion of the rectus abdominus together with other abdominal muscles is to bend our trunk forward 
(flexion); hence the exercise benefit of sit-ups. Importantly, the abdominal muscles also function, 
together with the back muscles, to stabilize the trunk and maintain posture. 

As respiratory pump muscles, the abdominal muscles function only during forced expiration, 
together with the lateral portion of the internal and innermost intercostal muscles. However, activa-
tion of the abdominal muscles is also important in stiffening the abdominal wall, which facilitates 
the generation of transdiaphragmatic pressure by contraction of the diaphragm muscle (or external 
intercostal muscles). Thus, abdominal muscle “tone” is important in effective ventilation. This is 
demonstrated by the use of extrinsic abdominal binders to improve inspiratory muscle activity in 
certain pathological conditions such as spinal cord injury.

Activation of abdominal muscles is also an essential part of non-ventilatory behaviors that 
are important for expulsive clearance of our airways, e.g., when we cough or sneeze. During these 
non-ventilatory behaviors we generate near maximum transdiaphragmatic pressures. This involves 
maximum activation of the diaphragm muscle together with intercostal and abdominal muscles. 
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The simultaneous generation of maximum intrathoracic and intra-abdominal pressures, i.e., maxi-
mum transdiaphragmatic pressure, allows a powerful expulsion of foreign objects or noxious mate-
rial from our airways.

With obesity, an accumulation of adipose tissue in the abdominal cavity can restrict the in-
spiratory movement of the diaphragm and chest muscles. In addition, the chest wall becomes less 
compliant, thereby increasing the external load for contraction of the diaphragm and inspiratory 
intercostal (external and parasternal intercostal) muscles making them less efficient. As a result, 
the work of breathing increases the diaphragm load and intercostal muscles may become more 
susceptible to fatigue. This may explain, at least in part, a condition called obesity hypoventilation 
syndrome (or Pickwickian syndrome), in which ventilation becomes inadequate, especially during 
sleep, where the condition may be exacerbated by obstructive sleep apnea. As a result, patients with 
severe obesity may have lower O2 and higher CO2 levels in their arterial blood. 

2.4	 ACCESSoRy RESPIRAtoRy MuSClES
The efficacy of our respiratory pump muscles is enhanced by stabilization of the chest wall via the 
mechanical effects contributed by the accessory respiratory muscles. There are a number of muscles 
that either originate from or insert on the chest wall. These muscles include the pectoralis major and 
minor, latissimus dorsii, sternocleidomastoid, triangularis sterni, serratus anterior, serratus posterior 
superior and inferior, upper trapezius, erector spinae (thoracic), iliocostalis lumborum, quadratus 
lumborum, and levator costarum muscles [19, 30]. 

These muscles act to stabilize and stiffen our chest wall during respiratory pump muscle  
activation, thereby enhancing the effect on intrathoracic pressure which in turn translates into  
altered intrapleural and intrapulmonary pressures and changes in air flow and lung volume. Our 
accessory respiratory muscles are relatively inactive during resting ventilation and are typically  
recruited only under conditions of increased inspiratory or expiratory efforts, e.g., during exercise 
or due to pathological conditions such as COPD [37, 75]. Thus, some may classify these accessory 
muscles in the same group as the major inspiratory and expiratory pump muscles.

•  •  •  •
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C H A P T E R  3

Airway muscles control the caliber of the conduits for air movement into and out of our lungs. 
There are four major parts of this conductive airway system: 1) the upper airways comprising the 
nasal and oral cavities and the nasal and oral pharynx; 2) the larynx and laryngeal folds or inlet;  
3) the middle airways comprising the trachea and primary and more proximal bronchi; and 4) the 
lung airways comprising the more distal bronchi, bronchioles, and alveolar ducts. All of our airways 
must be patent in order to effectively move air into and out of our lungs. The airway muscles serve 
to actively regulate the diameter of our airways and thereby decrease resistance to airflow during 
both inspiration and expiration. Controlling the patency of our airways is also important in match-
ing ventilation of alveoli to their perfusion and preventing aspiration of foreign objects or noxious 
material into our lungs. In particular, skeletal muscles in our upper airways and those controlling 
opening of the laryngeal inlet must exhibit activation patterns that are coordinated with those of 
our inspiratory and expiratory pump muscles to optimize air flow into and out of our lungs. A lack 
of coordination or insufficient activation of upper airway muscles (e.g., the genioglossus that causes 
tongue protrusion during inspiration) may lead to an obstruction of our airway. This is relatively 
common in a large proportion of the adult population and is diagnosed clinically as obstructive sleep 
apnea. 

3.1 uPPER AIRwAy MuSClES
Air enters the airways through either our nose (the preferred pathway) or mouth into the nasal and 
oral cavities. There are two nares or nostrils representing two channels separated by a septum for 
entry of air through the nose. The dilator naris muscle originates from the nasal notch of the maxil-
lary bone and is inserted into the skin near the margin of the nostril. Contraction of the dilator naris 
muscle causes our nostrils to flare thereby opening the nares for air entry into our nasal cavity. The 
buccal branch of the facial nerve (cranial nerve VII  ) innervates the dilator naris muscle (  Figure 4).

There are several muscles that affect opening or closing of our mouth by acting on the man-
dible or jaw. The lateral pterygoid muscle opens our mouth. It consists of two heads: 1) a superior 
head with muscle fibers originating from the infratemporal surface of the sphenoid bone and insert-
ing into the articular disc and fibrous capsule of the temporal mandibular joint; and 2) an inferior  

Airway Muscles
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head with muscle fibers originating from the lateral surface of the lateral pterygoid plate and in-
serting onto the neck of condoyle of the mandible. Contraction of the lateral pterygoid muscle 
depresses the mandible and thereby opens our jaw allowing air, food, and water to enter our mouth. 
It also functions when we chew food (mastication) together with three other muscles, the medial 
pterygoid, temporalis, and masseter muscles, all of which act to elevate the mandible and close the 
mouth—a much more forceful action. The mandibular nerve (cranial nerve V  ) innervates all four 
of these muscles of mastication.

Surrounding our mouth, the orbicularis oris muscle acts as a sphincter muscle, closing our 
mouth and puckering our lips when it contracts. The buccal branch of the facial nerve (cranial nerve 
VII  ) innervates the orbicularis oris muscle.

After air enters our nose or mouth, it then enters into the nasopharynx or oropharynx be-
fore passing through the laryngeal inlet into the larynx and finally into our trachea on its way to 
the lungs. Along the way, the external air is warmed and humidified. In our nasal cavity, the nasal 

FIGuRE 4: Sagittal view of the nasal and oral cavities. Modified with permission from http://www 
.flickr.com  /photos  /greenflames09/74296512/

http://www.flickr.com/photos/greenflames09/74296512/
http://www.flickr.com/photos/greenflames09/74296512/
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conchae are structures that markedly increase the surface area so that the incoming air comes into 
contact with the highly vascularized mucous membrane that lines the entire nasal cavity. Exposure 
to this environment rapidly warms (or cools) and humidifies the incoming air. Our oral cavity also 
represents a large surface area of highly vascularized mucous tissue, where the incoming air is rap-
idly heated and humidified. Air coming through either the nose or mouth converges on the naso- or 
oropharynx that is also lined with highly vascularized mucous membrane for thermo-equilibration 
and humidification of the incoming air. 

The patency of our airway is maintained during breathing by tightly coordinated co-activation 
of respiratory pump muscles and dilator (abductor—opening  ) or constrictor (adductor—closing) 
muscles of the upper airways. The main dilator muscle of our pharyngeal airway is the genioglos-
sus muscle, which when activated causes our tongue to protrude forward away from the pharyngeal 
wall. This motion is very important to prevent the tongue from relapsing onto the pharyngeal wall 
and thus causing collapse of our airway. Insufficient activity of the genioglossus muscle during sleep 
occurs in may people and causes snoring and in some cases obstructive sleep apnea, where airflow 
into our lungs is completely blocked.

Our tongue (  glossal  ) muscles are grouped as either intrinsic—entirely within the tongue, 
or extrinsic with fibers originating outside the tongue but inserting into the tongue. The intrinsic 
muscles of our tongue alter its shape during talking or swallowing, while the extrinsic muscles of our 
tongue reposition it toward or away from the pharynx; so together, they are much more important 
during breathing. There are four extrinsic muscles of the tongue that serve to protrude, retract, de-
press, and /or elevate our tongue. These muscles are the genioglossus (  protrude), hyoglossus (depress), 
styloglossus (retract), and palatoglossus (elevate tongue but depress palate) muscles (  Figure 5).

The genioglossus muscle is a fan-shaped muscle that is the largest extrinsic muscle of our 
tongue. Muscle fibers in the genioglossus muscle originate from the mental spine of the mandible, 
and then fan out dorsally to have a broad insertion from the hyoid bone in front to the entire dorsal 
part of our tongue behind. The genioglossus muscle is innervated by the hypoglossal nerve (cranial 
nerve XII). When fibers in our genioglossus muscle contract, they cause depression and protrusion 
of our tongue away from the pharyngeal wall. Thus, it is important for our genioglossus muscle to 
be activated during inspiration, and the coordination of genioglossus muscle activity with activation 
of the inspiratory pump muscles (e.g., diaphragm muscle, external intercostal muscles) is essential 
to avoid obstruction of our pharyngeal airway. Indeed, as mentioned above, sufficient activation of 
the genioglossus muscle during sleep may lead to obstructive sleep apnea. However, even with full 
activation, contraction of our genioglossus muscle alone may not be not sufficient to prevent nar-
rowing of the upper airway in some cases, and obstructive sleep apnea may still result from other 
causes as well [62, 111].

Our hyoglossus muscle originates from the hyoid bone and its muscle fibers project upward to 
insert into the tongue. Contraction of our hyoglossus muscles causes the tongue to move downward 
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(depression) while also retracting the tongue. While the hyoglossus muscle probably has little respi-
ratory function, it is important for us in phonation—speaking and singing. The hyoglossus muscle 
is also innervated by the hypoglossal nerve (cranial nerve XII  ).

The styloglossus muscle originates from the styloid process, a pointed protrusion of our tem-
poral bone, and its fibers project downward and forward to insert into the dorsolateral aspects of 
the tongue, blending with fibers of the hyoglossus muscle. The styloglossus muscle also has little 
respiratory function, but aids in retracting and shaping the tongue when we swallow. The styloglos-
sus muscle is also innervated by the hypoglossal nerve (cranial nerve XII  ).

The palatoglossus muscle originates from the anterior surface of our soft palate, and its muscle 
fibers project obliquely downward and forward to insert into the sides of the tongue. Contraction of 
palatoglossus muscle fibers causes elevation of the posterior portion of our tongue and depression 
of our soft palate. This mechanical action has little direct respiratory function, but by closing the 
oropharyngeal isthmus (see below), it functions when we swallow, an activity that must be coordi-
nated with respiratory function to avoid aspiration. Unlike other extrinsic muscles of our tongue, 
the palatoglossus muscle is innervated by branches of the vagus nerve (cranial nerve X  ), similar to 
the pharyngeal constrictor muscles, which also functions during swallowing (see below).

The position of the hyoid bone is important in order to understand how upper airway mus-
cles are involved in maintaining patency of our oropharynx. The hyoid bone does not directly articu-

FIGuRE 5: Lateral view of the tongue muscles, specifically the genioglossus, hyoglossus, styloglossus, 
and palatoglossus muscles. Used with permission from Agur and Dalley [1].
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late with any other bone; thus, it is highly mobile. During inspiration, it is important that our hyoid 
bone moves forward, otherwise resistance to airflow will increase. Several muscles insert at the 
hyoid bone, and contraction of these muscles causes important changes in the position of the hyoid 
bone. Three anterior muscles in the neck insert at the inferior border of our hyoid bone and are thus 
grouped as the infrahyoid (  below the hyoid  ) muscles. The infrahyoid muscles are also called strap 
muscles of the neck because of their long flat shape. The origin of these infrahyoid muscles provides 
their specific names: 1) the thyrohyoid muscle has fibers that originate from the thyroid cartilage of 
the larynx. The thyrohyoid muscle appears as a continuation of another strap muscle, the sterno-
thyroid muscle that originates from our sternum and inserts inferiorly at the thyroid cartilage. The 
thyrohyoid muscle is innervated by motor neurons in the C1 spinal cord, while the sternothyroid 
muscle is innervated segmentally by the C1–C3 spinal cord (by a plexus of nerves called the ansa 
cervicalis—see below). 2) The sternohyoid muscle originates from the superior portion of our ster-
num near the manubrium, as well as from the medial portion of the clavicle, and the sternoclavicular 
ligament. The sternohyoid muscle is also segmentally innervated by C1–C3 (ansa cervicalis). 3) The 
omohyoid muscle consists of inferior and superior portions or bellies that are separated by a tendon 
attached to our clavicle. Muscle fibers in the inferior belly of the omohyoid muscle originate from 
our shoulder; hence, its name, which derives from the Greek term for shoulder—omos. Specifically, 
these muscle fibers originate from the upper border of the scapula. Muscle fibers in the inferior 
belly of the omohyoid muscle project forward and slightly upward in our lower neck to insert into 
the middle tendon. Muscle fibers in the superior belly of our omohyoid muscle originate from this 
middle tendon and change direction to project almost vertically upward in our neck to insert into 
the hypoid bone. The omohyoid muscle is also innervated segmentally by motor neurons in the 
C1–C3 spinal cord. 

Contraction of the infrahyoid muscles causes depression and posterior displacement of our 
hyoid bone and depression of the larynx. The mechanical effects of elevating (suprahyoid muscles—
see below) and then depressing the hyoid bone must be coordinated during swallowing to avoid 
aspiration of food or water into our lungs (  Figure 6).

There is another group of muscles that originate from or have central tendons that attach to 
the hyoid bone and then project upward. The suprahyoid muscles include the digastric, stylohyoid, 
geniohyoid, and mylohyoid muscles. Generally, most of these suprahyoid muscles do not have a 
direct respiratory function. However, simultaneous contraction of the sternohyoid and geniohyoid 
muscles moves our hyoid bone in the anterior direction causing dilation of the upper airway, a me-
chanical effect that is important during inspiration. In contrast, contraction of the other suprahyoid 
muscles causes our hyoid bone to move upward or elevate; thereby causing the oropharynx to widen 
when we swallow (see below). More importantly, when the suprahyoid muscles elevate the hyoid 
bone, the larynx is pulled upward folding the epiglottis and thus closing the glottis or laryngeal inlet 
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(see below). Although the suprahyoid and infrahyoid muscles function during different phases of 
the motor pattern of swallowing, their activities must be coordinated with inactivity of our inspira-
tory pump muscles to avoid aspiration of food and water into our lungs when we swallow. 

The pharynx extends from the base of our skull down to the separation of the larynx (see 
below) and esophagus. It is located behind (  posterior to) our nasal and oral cavities and in its lower 
portion behind our larynx. For most of its length, the pharynx forms a common pathway for swal-
lowing food and water and for airflow during respiration. The pharynx is often separated into three 
parts: the nasopharynx, oropharynx, and laryngopharynx (  Figure 7).

The nasopharynx is a continuation of our nasal cavity, with the nasal choanae representing 
the junction between our nasal cavity and the nasopharynx. In the back of our throat, the nasophar-
ynx merges with the oropharynx at a narrow passage or strip of tissue (isthmus) that is bounded 
anteriorly by the soft palate, laterally by the palatopharyngeal arches, and posteriorly by the wall of 
the pharynx. The tonsils are lymphoid tissue embedded in the mucous membrane of the posterior 
wall of the naso- and oropharynx (see below), and when enlarged, they may cause respiratory ob-
struction. In the lateral walls of the nasopharynx are openings of our auditory tubes, where another 

FIGuRE 6: Anterior view of the hyoid muscles, specifically the infrahyoid muscles: omohyoid, sterno-
hyoid, sternothyroid, and thyrohyoid muscles. Also shown are the suprahyoid muscles: digastric, stylohy-
oid, geniohyoid, and mylohyoid muscles. Used with permission from Agur and Dalley [1].
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set of lymphoid tissue called tubal tonsils is located. The auditory tubes connect the nasopharynx to 
the tympanic cavity of our ears and serve to equalize the pressure of the external air with that in the 
tympanic cavity of our inner ears. When we swallow, the pharyngeal isthmus is closed by muscular 
action to avoid reflux into the nasal cavity, but the auditory tube is opened to equalize pressure. 

The oropharynx extends from the soft palate to the top of the epiglottis—part of the larynx 
(see below). The oropharynx communicates with the oral cavity and is separated by an isthmus 
bounded superiorly by the soft palate, laterally by the palatoglossal arches, and inferiorly by the 

FIGuRE 7: A) Structure of the muscular wall of the pharynx. Three constrictor muscles overlap and 
join at the midline. B) Posterior view of an opened pharynx showing the relationship of the palatopha-
ryngeus muscle, base of the tongue and piriform recess of the laryngopharynx. Used with permission 
from Fritsch and Kuehnel [29 ].
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tongue. This area is also the location of the palatine and lingual tonsils, which together with na-
sopharyngeal and tubal tonsils form a ring of lymphatic tissue. In the oropharynx, the mucous 
membrane of the epiglottis continues onto the base of the tongue as well as the lateral walls of the 
pharynx. This space on either side of midline is called the epiglottic vallecula and contains taste re-
ceptors. The lateral walls of the oropharynx comprise the palatoglossal and palatopharyngeal arches, 
overlying the palatoglossal and palatopharyngeal muscles. The space between the two arches is 
where the palatine tonsils are located. 

The laryngopharynx extends the entire length of our larynx, which is located in front, from 
the top of the epiglottis to the bottom of the cricoid cartilage, where it connects with the esophagus. 
The glottis or inlet of the larynx is at the superior border of the laryngopharynx and represents the 
point at which the passage of food and water diverges from air. When we swallow food and water, 
the laryngeal inlet must be closed to avoid aspiration (see below). In the space between the laryn-
gopharynx behind and the larynx (arytenoid and cricoid cartilages) in front is the piriform recess, 
where food may become lodged. 

In the walls of our pharynx, there are two layers of skeletal muscles: 1) an external, circular 
layer of constrictors and 2) an internal layer of longitudinally oriented muscles that elevate the 
pharynx—the stylopharyngeus and the palatopharyngeus. There are three pharyngeal constrictor 
muscles that originate anteriorly and project posteriorly in a circular overlapping fashion to insert 
into a broad tendonous raphe in the posterior midline of our pharynx. The inferior constrictor mus-
cle originates from the cricoid and thyroid cartilages, and its circular fibers are continuous with the 
esophagus. The inferior constrictor muscle functions as a sphincter to prevent air from entering the 
esophagus during inspiration. The middle constrictor muscle originates from the hyoid bone, and 
the superior constrictor muscle originates from the mandible and sphenoid bone. Contraction of 
the pharyngeal constrictor muscles facilitates swallowing of food and water. The pharyngeal branch 
of the vagus nerve (cranial nerve X  ) innervates each of the pharyngeal constrictor muscles.

The palatopharyngeus muscle originates from the boney palate and inserts into the thyroid 
cartilage and the side of the pharynx. The pharyngeal branch of the vagus nerve (cranial nerve X  ) 
innervates the palatopharyngeus muscle similar to the pharyngeal constrictor muscles. The stylo-
pharyngeus muscle originates from the styloid process of the temporal bone and then passes between 
the superior and middle constrictor muscles to insert with fibers of the palatopharyngeus muscle. 
The stylopharyngeus muscle is innervated by the glossopharyngeal nerve (cranial nerve IX  ). 

The major function of our pharyngeal muscles is swallowing, which is a complex motor be-
havior requiring coordination of tongue, suprahyoid, infrahyoid, and pharyngeal muscle contraction 
as food or water passes from the mouth through the oropharynx and then laryngopharynx to the 
esophagus on its way to the stomach. When we swallow, the nasopharynx and laryngeal inlet must 
be closed to avoid reflux into the nose and airways, respectively. Thus, neural control of the motor 
function of swallowing must be coordinated with the neuromotor control of respiration. 
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The negative pressures we generate during inspiration will cause our pharyngeal walls to 
collapse unless there is opposing tone generated by pharyngeal muscle contraction (stiffening). 
In addition, to counter the collapse of the pharyngeal wall during inspiration, contraction of our 
airway dilator muscles—the genioglossus, geniohyoid, and sternohyoid muscles—is essential. 
Thus, activity in these dilator muscles is synchronized with that of the inspiratory pump muscles.  
Respiratory-related activation of our inferior pharyngeal constrictor muscle is also quite important, 
but for a different reason. Contraction of the inferior pharyngeal constrictor muscle exerts a sphinc-
ter function blocking airflow into the esophagus. 

3.2 lARyNGEAl MuSClES
Our larynx is a complex structure that separates our pharynx and upper airway above and our 
trachea below. It is involved in breathing, vocalization, and protecting the lower airway and lung 
against food aspiration. The larynx contains the vocal folds, which represent the borders of the la-
ryngeal inlet for movement of air into and out of our lungs. Controlling the vocal folds is essential 
for phonation; when we speak or sing, we must adjust the tension on our vocal folds in order to 
manipulate the pitch and volume of sound we make. The vocal folds are located just above the point 
where the lower portion of the pharynx splits to form the esophagus. For airflow, the larynx con-
nects the lower portion of the pharynx with the trachea. 

The skeleton of the larynx is cartilaginous, consisting of three single cartilage structures: the 
epiglottis, thyroid and cricoid cartilages; and three paired cartilage structures: the arytenoid, cor-
niculate, and cuneiform cartilages. Although not part of the larynx, the hyoid bone is connected to 
it. The interior of the larynx is separate into the supraglottis, glottis, and subglottis (  Figure 8).

At the top of our larynx is the epiglottis, which consists of elastic cartilage covered with a mu-
cous membrane. The epiglottis projects obliquely upwards behind the tongue and the hyoid bone. 
Importantly, our epiglottis guards the entrance to the larynx, called the glottis, with the opening 
between the vocal folds or laryngeal inlet. Normally, our epiglottis points upward during breathing, 
but when we swallow, the hyoid bone is elevated by contraction of the suprahyoid muscles, causing 
the larynx to move upward. This causes the epiglottis to fold downward covering our glottis and 
thereby preventing food and water from going into the trachea but directing it down the laryngo-
pharynx and into the esophagus instead.

The prominent thyroid cartilage forms the anterior and lateral portions of the larynx. In 
the midline, there is prominent notch (or incisure—prominent “Adam’s apple” in men), and at the 
lateral borders, there are superior and inferior cornus (horns). The inferior cornu articulates with 
the cricoid cartilage below, the lower border of which represents the most superior portion of the 
trachea. The thyrohyoid membrane connects the thyroid cartilage with the hyoid bone. The thy-
rohyoid membrane comprises a distinct median thyrohyoid ligament and a lateral thyrohyoid liga-
ment. Inferiorly, there is also a median cricothyroid ligament.
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The paired arytenoid cartilages are pyramidal shaped and represent the interior portion of 
the larynx, where the vocal folds attach. The arytenoids articulate with the lateral part of the cri-
coid cartilage forming cricoarytenoid joints at which they can rotate and tilt forward or backward. 
Changes in position of our arytenoid cartilages result in movement of our vocal folds, thus chang-
ing the aperture of the laryngeal inlet and the tension on our vocal folds. At the tip of each of the 
arytenoid cartilages is a small but distinct conical-shaped cartilage, the corniculate cartilage. The 

FIGuRE 8: Posterior view of the larynx. The prominent epiglottis projects upward and during swallow-
ing folds down to close the glottis or laryngeal inlet for air. During inspiration, the posterior cricoaryte-
noid muscles abduct or open the laryngeal inlet to allow airflow. These are the only laryngeal abductor 
muscles and thus serve an important role in controlling airway patency during inspiration. Used with 
permission from Fritsch and Kuehnel [29].
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paired corniculate cartilages do not appear to have any distinct function apart from the arytenoids. 
Also situated at the top of the arytenoid cartilage on each side is the small cuneiform cartilage, 
which forms part of the aryepiglotic fold, forming the lateral portion of the epiglottis and helping 
to support the vocal folds.

The muscles of our larynx are separated into extrinsic and intrinsic groups. These laryngeal 
muscles act to stabilize the thyroid cartilage and control the opening (abduction) and closing (ad-
duction) of our laryngeal inlet (vocal folds); thus modulating airflow to and from the trachea below. 
The control of airflow through the laryngeal inlet is important not only for our breathing but also 
for vocalization. In the larynx, the only muscle that opens the laryngeal inlet is the posterior cryo-
arytenoid muscle. Contraction of the posterior cricoarytenoid muscle causes rotation of the aryte-
noid cartilages and abduction or separation of the vocal cords, thereby facilitating airflow. Other 
non-dilator and adductor muscles of the larynx play important roles in non-respiratory actions of 
the upper airways, e.g., swallowing and phonation.

3.3 AIRwAy SMootH MuSClES
The trachea begins at the lower end of the cricoid cartilage of the larynx. In humans, the trachea 
is about 2.5 cm in diameter and extends for a length of 10–16 cm before dividing into two primary 
bronchi. Along its length, there are ~18 incomplete C-shaped cartilaginous rings that strengthen 
the anterior and lateral sides of the trachea and thereby protect the airway. The dorsal or back wall 
of the trachea is membranous. Smooth muscle, the trachealis muscle, connects the cartilaginous 
rings and when contracted, reduces the diameter of the inner lumen of the trachea causing an 
increase in airway resistance. The incomplete cartilaginous rings also allow our trachea to partially 
collapse when food passes down the esophagus, which is located immediately posterior to the tra-
chea (  Figure 9).

The trachea divides into two primary (or main) bronchi at the level of the 4th and 5th tho-
racic vertebrae just behind the sternum. The right main bronchus subdivides into three branches, 
each going to a separate lobe of the right lung. In contrast, the left main bronchus divides into two 
branches going to the two lobes of the left lung. These secondary, lobar bronchi divide into tertiary 
bronchi, each of which supplies a bronchopulmonary segment, forming a distinct anatomical lung 
division separated by a connective tissue septum. Hyaline cartilaginous rings are present in the 
larger bronchi, but gradually disappear in the smaller bronchi as branching progresses.

The tertiary, segmental bronchi further divide into many primary bronchioles (4th branch 
point), which then divide again into terminal bronchioles (5th branch point) before giving rise to 
multiple respiratory bronchioles (6th branch point). Bronchioles subsequently divide into a number 
of alveolar ducts, with 5–6 alveolar sacs associated with each alveolar duct. Each alveolus forms a 
basic functional unit where gas exchange occurs within our lungs.
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Throughout our lungs, the innermost portions of bronchial airways are lined with mucous 
membrane and epithelial cells. Along the way, the mucous membrane undergoes a transition from 
a ciliated pseudo-stratified columnar epithelium to a simple cuboidal epithelium and finally to a 
simple squamous epithelium that is present in the alveolar ducts and alveoli. This simple squamous 
epithelial layer presents only a minimal diffusion barrier for gas exchange with the associated pul-
monary blood vessels.

FIGuRE 9: Structure of the trachea and major bronchi. The trachea is about 2.5 cm in diameter and 
extends for a length of 10–16 cm before dividing into two primary bronchi before entering the lungs. 
The primary bronchi then divide into a number of lobular bronchi within the lung. Modified with  
permission from Beachey [6].
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As mentioned above, our trachea, bronchi, bronchioles, and alveolar ducts are also lined with 
airway smooth muscle. Unlike skeletal muscle, the ultrastructure of smooth muscle is not organized 
into sarcomeres. On one hand, this complicates the analysis of contractile mechanisms (see below); 
however, it also provides greater adaptability, especially with respect to the force–length relationship 
of smooth muscle (see below). In addition, the neural innervation of our smooth muscle is com-
pletely different from that found in skeletal muscle with no well-defined neuromuscular junctions 
(synapses—see below). Instead, a plexus of nerves from the autonomic nervous system innervates 
smooth muscle cells indirectly. As a result, our airway smooth muscle cells are exposed to a variety 
of neural agonists and antagonists influencing contractility. The balance between agonist and an-
tagonist effectors establishes the “tone” of airway smooth muscle contraction.

Smooth muscle is found lining the walls of all the major (and minor) conduits within our 
body-blood vessels (e.g., vascular smooth muscle), the urinary tract (e.g., uterine smooth muscle), 
the gastrointestinal tract (e.g., gastrointestinal smooth muscle), and the airways (e.g., airway smooth 
muscle). The structure and function of smooth muscle in these organ systems is similar in many 
respects, but there are important differences in neural regulation and mechanical responses that 
precludes extrapolation of smooth muscle properties from one organ system to another. 

In contrast to skeletal muscle and cardiac muscle, the structure and function of our smooth 
muscle is substantially different. There are major differences in cytoskeletal structure, contractile 
proteins, regulation of contraction, and excitation–contraction coupling. These differences will be 
highlighted in the sections below (  Figure 10).

FIGuRE 10: Depiction of the layers of airway muscle, namely the outer smooth muscle layer and the 
inner epithelial cells. In conditions such as asthma, the airways are chronically inflamed and constricted. 
Modified with permission from http://www.health68.com

http://www.health68.com
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Generally, smooth muscle cells have a fusiform shape (20 to 500 mm in length), with a single 
nucleus, which is markedly different from skeletal muscle fibers that are multinucleated. The cyto-
skeletal structure of smooth muscle cells is also greatly different compared to the highly organized 
crystalline structure of skeletal and cardiac muscle (see below). As a result, smooth muscle is far 
more adaptive and can maintain active contractile function across a much wider range of lengths 
(  length adaptation) [5].

•  •  •  •
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C H A P T E R  4

It is essential to understand the basic physiology of skeletal and smooth muscle to understand dif-
ferences in the function of various respiratory muscles. Skeletal muscle is composed of varying num-
bers of multinucleated cells called myofibrils or muscle fibers. In contrast, smooth muscle cells have 
a single nucleus. The essential contractile proteins—actin and myosin—are similar between skeletal 
and smooth muscle, but the regulation of actin–myosin interactions and the mechanisms mediating 
excitation–contraction coupling are markedly different. The range in the mechanical performance 
of our skeletal muscle is generally much greater than that found in our smooth muscle. However, 
the energetic requirements of skeletal muscle contraction are also generally much greater than that 
for smooth muscle contraction. These differences in functional properties between our skeletal and 
smooth muscle will be discussed in the following sections.

4.1 SARCoMERE StRuCtuRE oF SKElEtAl MuSClE
The contractile proteins within our skeletal muscle fibers are well organized as sarcomeres that 
provide the striated appearance of our skeletal and cardiac muscles. In contrast, contractile proteins 
within our smooth muscle cells are not organized into well-defined sarcomeres, which complicates 
physiological assessment of mechanical performance of these muscles. In both skeletal and smooth 
muscle, thick filaments contain the myosin molecule that interacts (  binds) with the actin molecule 
of the thin filament to form cross-bridges that are the essential units of force generation and con-
traction—the two primary functions of muscle fibers. The composition of these contractile proteins 
varies across different muscle types, and these differences in contractile protein composition impart 
different mechanical and energetic properties (e.g., different skeletal muscle fiber types—see be-
low). The skeletal muscle fiber type composition of our respiratory muscles allows a wide range of 
ventilatory and non-ventilatory behaviors. In contrast, the range of functional motor behaviors in 
our airway smooth muscles is much more limited.

The basic structural unit of a skeletal muscle fiber is the sarcomere, comprising thick (myo-
sin) and thin (actin) filaments aligned in an interdigitating, crystalline structure. The sarcomere 
itself is bounded at each end by a dense Z-disc (Z-line) from which the actin filaments project  

Muscle Structure and Function
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toward the midline, while thick filaments are situated in the middle of the sarcomere. The Z- 
disc runs perpendicular to the filaments and connects neighboring sarcomeres, creating a functional 
unit that permits transmission of lateral and longitudinal force during contraction. The dimen-
sion of each sarcomere is approximately 1 µm in diameter and 2.5 µm in length (Z-line to Z-line). 
The overlap between thick and thin filaments determines the number of cross-bridges that can be 
formed during muscle contraction. The thick filament has a relatively fixed length of ~1.6 µm, while 
the thin filament length ranges between 1.0 and 1.3 µm and is species and fiber type-dependent. 
During muscle fiber contraction, the intrinsic lengths of both the thick and thin filaments do not 
change, but the binding of the myosin head to actin pulls the Z-line of the sarcomere toward the 
midline, thus increasing the overlap between thick and thin filaments. The number of sarcomeres in 
series can vary but generally does not exceed ~20 mm (~8000 sarcomeres in series) ( Figure 11). 

FIGuRE 11: A) Depiction of the sarcomere, the essential structural unit of skeletal muscle. The sarco-
mere comprises thick (myosin) and thin (actin) filaments, which slide past each other during contraction. 
Thick filaments are comprised of myosin, titin, and C-protein, and constitute the A-band. Thin fila-
ments are composed of actin, tropomyosin, and troponin, and are anchored in the Z-line. The basic unit 
of skeletal muscle contraction is a cross-bridge formed by the attachment of the myosin head to the actin 
filament. Used with permission from Berne et al. [7]. B) The ultrastructure of a skeletal muscle sarco-
mere can be seen with transmission electron micrography. The length of the A-band is constant during 
changes in muscle and sarcomere length, while length of the I-band decreases. 
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The structural organization of the sarcomere appears crystalline with a fixed stoichiometry 
between the number of thick and thin filaments. This crystalline structure of the sarcomere is evi-
dent in electron microscopic images and by X-ray diffraction. In cross-sections of skeletal muscle 
fibers, each myosin filament is surrounded by six actin filaments, which are further surrounded by 
six myosin filaments. The spacing between each myosin and actin filament is relatively fixed in a 
lattice structure. Thus, this arrangement creates a double hexagonal array forming a myofilament 
lattice. Understanding the thick and thin filament spacing in this myofilament lattice is key to 
understanding the interactions between thick and thin filaments during skeletal muscle force gen-
eration and contraction. The filament lattice provides stability to the sarcomere and balances radial 
and axial forces placed upon it. Since the sarcomere is encompassed by the sarcolemma, muscle 
fiber osmolarity shifts caused by changes in ion concentrations across the membrane can result in 
osmotic compression of the lattice and change the spacing between thin and thick filaments. Under 
hypertonic conditions, lattice spacing and muscle force generation are decreased. Conversely, under 
hypotonic conditions, lattice spacing increases and may lead to a decrease in force (  Figure 12).

4.2 INFRAStRuCtuRE oF SMootH MuSClE CEllS
As mentioned above, our smooth muscle cells are not structurally organized into sarcomeres. In-
stead, in smooth muscle cells, a-actin filaments attach to dense bodies that are rich in a-actinin 

FIGuRE 12: A) Transmission electron micrograph of a cross-section of a skeletal muscle fiber showing 
the thick and thin filament lattice structure. B) Schematic depiction of a cross-section of a muscle fiber, 
showing a lattice of thick (myosin) and thin (actin) filaments. Surrounding each thick filament there are 
6 thin filaments with fixed intervals between thick and thin filaments.
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similar to the Z-disc in skeletal muscle fibers. The dense bodies attach to intermediate filaments 
comprising vimentin and desmin that anchor the a-actin filaments to each other and the plasma 
membrane to allow force transmission. Dense bodies also are associated with cytoskeletal b-actin. 
Thus, a matrix of interconnected a-actin filaments, dense bodies, intermediate filaments, cytoskel-
etal b-actin is present in smooth muscle cells, which eventually becomes attached to the plasma 
membrane via adherens junctions (also called focal adhesions). The adherens junctions consist of 
a complex comprising a number of structural proteins including a-actinin, vinculin, paxillin, talin, 
cytoskeletal b-actin, and integrins [38, 39  ]. The adherens junctions are scattered around the plasma 
membrane, encircling the smooth muscle cell in a rib-like pattern. These focal adhesion complexes 
are constantly remodeling in response to mechanical strain, which is mediated in part by focal adhe-
sion kinases (  FAK).

FIGuRE 13: Depiction of the structure of smooth muscle cells. A matrix of interconnected actin fila-
ments, dense bodies, and intermediate filaments is present in smooth muscle cells, which attach the 
contractile proteins to the cell membrane and extracellular matrix via adherens junctions and integrin 
proteins. Used with permission from Gunst and Zhang [40].
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Airway smooth muscle cells also contain regions of membrane invagination called caveo-
lae. In many respects, these caveolae are similar to transverse tubules in skeletal muscle fibers (see 
below). Currently, there is intense interest in the functional role of caveolae within airway smooth 
muscle cells. 

When actin and myosin interact to form cross-bridges (see below), force is generated and 
transferred to the sarcolemma through the dense bodies, intermediate filaments, adherens junc-
tion, and integrins that attach the contractile proteins to the plasma membrane. In turn, the plasma 
membrane of airway smooth muscle cells attaches to the extracellular matrix of the lung via specific 
interactions of the integrin proteins, thereby providing external loading of smooth muscle contrac-
tion. A very unique feature in airway smooth muscle cells is that during contraction, there is a reor-
ganization of the cytoskeleton and contractile proteins to optimize force generation. Furthermore, 
there can be a change in the amount of contractile proteins present in airway smooth muscle cells. 
For example, it appears that myosin and actin filaments can polymerize during smooth muscle 
activation, thereby changing contractile protein content and the number of cross-bridges that can 
form (see below). Accordingly, the stochiometric relationship between actin and myosin filaments 
can change even during the course of a single contraction (  Figure 13).

4.3 MyoSIN CRoSS-bRIDGE AND FoRCE GENERAtIoN
For both skeletal and smooth muscle fibers, the basic functional unit underlying force generation 
and contraction is the cross-bridge, representing the cross-linking of a single myosin head with 
the actin filament. Within a sarcomere, six actin filaments surround each myosin filament, and the 
position of myosin heads spiral around the thick filament to align with the position of the actin 
filaments. There are ~300 myosin heads per myosin filament. Within a typical human diaphragm 
muscle fiber that has a cross-sectional area of ~3,000 mm2 there would be ~2 million myosin fila-
ments and ~600 million myosin heads. Assuming a specific force of ~30 N per cm2 for diaphragm 
muscle fibers, this would equate to ~0.5 to 1.0 pN per myosin head (cross-bridge). 

The force generated by a skeletal muscle fiber depends on the number of cross-bridges formed 
in parallel. With an increase in skeletal muscle fiber cross-sectional area, there is an increase in the 
both the number of sarcomeres in parallel and thus, the number of myosin heads in parallel that can 
form cross-bridges and contribute to force generation. For this reason, muscle force is often nor-
malized by cross-sectional area (specific force). Relating this to our daily lives, we know that as our 
muscles increase in overall size (increase in the cross-sectional areas of muscle fibers—hypertrophy),  
they are able to generate more force. Thus, weight lifters work on increasing the size of their mus-
cles through weight training.

During force generation and contraction, cross-bridges pull actin filaments toward the 
midline of the sarcomere. Thus, at the Z-discs of the sarcomere, the force vectors generated by  
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cross-bridge formation are in opposite directions toward the midline of the sarcomere. Accordingly, 
within a skeletal muscle fiber, force generation is dependent on the number of strongly bound force 
generating cross-bridges in parallel per half-sarcomere (  Figure 14  ).

The actual number of cross-bridges that can form depends on the myosin head (myosin heavy 
chain) content per half-sarcomere (n, maximal number of potential cross-bridges that can form) and 
the proportion of these myosin heads that actually form strongly bound force-generating cross-
bridges (afs  ). This proportion of myosin heads that actually bind to actin and form cross-bridges is 
influenced by the overlap of thick and thin filaments (underlying the force–length relationship of 
skeletal muscle fibers) and the myoplasmic Ca2+ concentration (underlying the force–Ca2+ relation-
ship of muscle). Finally, each cross-bridge contributes a unit of force, and the total force generated 
by a skeletal muscle fiber will thus depend on the average force produced per cross-bridge (f   ). Thus, 
the force (  F  ) generated by a muscle fiber can be determined by the following equation:

	 F = n • a fs • f	

The fraction of strongly bound cross-bridges (a  fs  ) during muscle fiber activation can be esti-
mated by measuring muscle fiber stiffness [33, 57]. In these measurements, muscle fibers are maxi-
mally activated and then high frequency (~2 kHz) sinusoidal length oscillations of 0.01% of optimal 
muscle length (  Lo) are imposed. This small amplitude length change is used to avoid disruption of 
cross-bridge binding. The high frequency oscillation far exceeds the cross-bridge cycling rate; thus 
the recoil force induced by the length perturbations reflects the number of strongly bound cross-

FIGuRE 14: Cross-bridge cycling between two functional states—strongly bound and unbound—re-
sults in force generation and contraction. fapp—apparent rate constant for cross-bridge attachment; 
gapp—apparent rate constant for cross-bridge detachment. Used with permission from Sieck and Reg-
nier [105].
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bridges. To approximate the maximum number of strongly bound cross-bridges, muscle fibers are 
activated ( by exposure to high Ca2+ solutions) in the absence of ATP; a rigor condition where cross-
bridges remain strongly bound. During maximum Ca2+ activation, approximately 80% of recruit-
able cross-bridges are strongly bound, and this fraction does not differ across different fiber types. 
The afs measure by this method varies with myoplasmic Ca2+ concentration from a pCa2+ (inverse 
log of Ca2+ concentration) of 9.0 (complete relaxation) to a pCa2+ of 4.0 reflecting maximum Ca2+ 
activation [40]. The dependency of muscle fiber stiffness on myoplasmic Ca2+ concentration pre-
cisely mirrors the dependence of muscle force generation (  Figure 15).

The force generated by a skeletal muscle fiber also depends on sarcomere length and the ex-
tent of overlap between thick and thin filaments. There is an optimal sarcomere length for muscle 
fiber force generation ( Lo). If sarcomere length is either shorter or longer than Lo, force generation 
decreases. This relationship, known as the force–length relationship of skeletal muscle, reflects the 
fraction of strongly bound cross-bridges. If skeletal muscle fiber stiffness is measured during maxi-
mum Ca2+ activation, maximum stiffness occurs at Lo (  Figure 16 ).

FIGuRE 15: The fraction of strongly bound cross-bridges (a fs) during muscle fiber activation can be 
estimated by comparing muscle fiber stiffness during Ca2+ activation to that during a rigor condition 
(Ca2+ activation in the absence of ATP—assumed to be maximum cross-bridge formation and stiffness). 
Stiffness of a single diaphragm muscle fiber is measured by imposing small amplitude length perturba-
tions (~0.1% of optimal length at 2 kHz) during activation at varying Ca2+ concentrations (pCa 9.0— 
relaxation to pCa 4.0—maximum activation). Used with permission from Han et al. [42].
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4.4 MuSClE FIbER SHoRtENING VEloCIty
In addition to force generation, the other major function of our muscle fibers is to shorten and 
thereby exert force on an external load. The force (or load)–velocity relationship of muscle is another 
important relationship in characterizing the mechanical properties of muscle fibers. The velocity at 
which a muscle shortens depends inversely on the external load imposed. Thus, the force–velocity 
relationship is anchored at zero load where maximum unloaded shortening velocity occurs, and at 
a maximum load where the intrinsic force generated by the muscle fiber is offset by the external 
load and no shortening occurs. As cross-bridges cycle between attached and unattached states (see 
below), cross-bridges remain attached for a finite amount of time before detaching. The rate of 
cross-bridge cycling, and thus the time cross-bridges remain attached, is dependent on external 
load. Thus, with increasing velocity of shortening, the number of attached cross-bridges decreases. 
The inverse is also true that when velocity decreases, more cross-bridges are attached and generate 
force. Thus, the muscle fiber stiffness–velocity relationship mirrors the force–velocity relationship 
(  Figure 17).

FIGuRE 16: The force generated by a muscle fiber depends on the extent of overlap between the thick 
and thin filaments, such that maximal force is achieved at optimal sarcomere length. The force–length 
relationship defines the fraction of strongly bound cross-bridges at varying sarcomere lengths. Used with 
permission from Rhoades et al. [86].
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4.5 CRoSS-bRIDGE CyClING
Cross-bridges cycle between states of attachment and detachment, and this cross-bridge cycling 
requires energy in the form of ATP hydrolysis. Thus, during the cross-bridge cycle, there is a com-
plex enzymatic reaction that transduces the energy stored within ATP into force and mechanical 
work. The importance of the cyclical interactions between myosin and actin was first recognized in 
the sliding filament theory of muscle proposed by Andrew Huxley [48], in which the cross-bridge 
cycle was described as a two-state model. In this simple model, cross-bridges exist in one of two 
states: 1) myosin heads strongly bound to actin (attached cross-bridges) and generating force, or  
2) myosin heads not bound to actin (cross-bridges detached) with no force generation. In this cross-
bridge cycling model, muscle force and contraction occurs during the power-stroke phase, as the 
myosin head binds to actin, bending at the junction between the head and neck regions of myosin 
molecule. The amount of force and shortening depends on the external load opposing the intrinsic 
force generated. Subsequent detachment of the cross-bridge is dependent on the hydrolysis of ATP. 

FIGuRE 17: A) The force–velocity–power relationship of muscle. The velocity at which a muscle 
shortens is inversely related to the imposed external load or force against which it must contract. The 
power produced by a muscle fiber is the product of the force it generates and its velocity of shortening.  
B) ATP consumption rate varies with power output in single muscle fibers. The heat generated by a 
muscle (as a result of ATP consumption) increases with work or power performed—first demonstrated 
by W. O. Fenn. Maximum ATP consumption in a muscle fiber corresponds to peak power (or work) 
output (termed the Fenn effect). Modified with permission from Sieck and Prakash [102].
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The ATP-hydrolysis-dependent movements of myosin thus make myosin the molecular motor 
of muscle contraction, by converting the chemical energy of ATP into the mechanical energy of  
movement. This chemomechanical transduction of energy was implied in Huxley’s original model. 
It is now known that once ATP is bound, it results in the dissociation of myosin from actin. Fol-
lowing ATP hydrolysis, the orientation of the myosin head is in a cocked position. This cocking 
position allows the myosin head to be in line with a next actin-binding site on the thin filament. The 
result is myosin binding to actin, or the power stroke, and the cycle repeats (  Figure 18).

FIGuRE 18: Steps in the myosin cross-bridge cycle. Cross-bridge detachment and cycling depends 
on ATP binding to myosin head and ATP hydrolysis. Shortening velocity is dependent on cross-bridge 
cycling rate. Used with permission from Rhoades and Bell [86].
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As mentioned above, the velocity of shortening of muscle fibers is directly related to cross-
bridge cycling rate, and the external load imposed on a muscle. The fact that force generation 
requires cross-bridge attachment, which in turn is inversely related to cross-bridge cycling rate, 
underlies the hyperbolic relationship between force and velocity of shortening. Assuming a simpli-
fied two-state model of cross-bridge cycling where cross-bridges cycle between a strongly bound 
force-generating state to an unbound state, there would be two apparent rate constants to describe 
cross-bridge cycling: fapp—a forward rate constant for cross-bridge attachment, and gapp—a reverse 
rate constant for cross-bridge detachment, which is dependent on ATP hydrolysis [8, 9]. In this 
model, the fraction of cross-bridges in a strongly bound force-generating state (afs ) would be char-
acterized as:

	 afs = fapp / (  fapp + gapp ) 

4.6	 MuSClE FIbER ENERGEtICS
If in the model presented above it is assumed that one molecule of ATP is consumed per cross-
bridge cycle, then ATP consumption in a skeletal muscle fiber with a total length of b half sarco-
meres in series can be determined by: 

 ATP consumption = n • b • afs • gapp 

Wallace O. Fenn observed that the heat produced by a muscle during activation increases 
with increasing work (or power) output of the muscle (termed the Fenn effect) [25]. The power 
produced by a muscle fiber is the product of the force it generates and its velocity of shortening. 
Work is the power produced by our muscle over a period of time. We now know that as power  
or work of a muscle fiber increases, energy requirements (ATP consumption) increase. Peak power 
or work of a muscle fiber occurs at approximately 33% of maximum velocity and maximum force 
[102]. It has been shown that maximum ATP consumption in a muscle fiber corresponds to peak 
power output [98] (Figure 19).

In our smooth muscle cells, the same basic relationships hold true. ATP consumption drives 
cross-bridge cycling between attached and detached states. However, with isometric activation of 
airway smooth muscle cells, the rate of ATP hydrolysis changes with time. Initially, the rate of ATP 
hydrolysis is higher and then it markedly slows as activation is sustained, even though length and 
external load do not change. This dynamic slowing of cross-bridge cycling kinetics and the rate of 
ATP hydrolysis does not occur in our skeletal muscle fibers under isometric conditions. Therefore, 
this dynamic change in energy consumption is a unique property of our smooth muscle cells and 
lead to the formulation of the “latch bridge” hypothesis. The latch-bridge hypothesis suggests that 
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the duty cycle for cross-bridge attachment (and thus cross-bridge cycling rate) in smooth muscle 
cells is regulated by the extent of myosin light chain phosphorylation (see below). However, it is also 
possible that the change in cross-bridge cycling rate and ATP hydrolysis rate in smooth muscle cells 
reflects a time-dependent increase in internal loading of actin–myosin filaments with cytoskeletal 
remodeling. Accordingly, as smooth muscle cells are initially activated, intracellular [Ca2+] increases 

FIGuRE 19: Effect of f-actin stabilization with phalloidin on the time course of isometric force gen-
eration, stiffness and ATP hydrolysis rate in canine tracheal smooth muscle strips. Phalloidin reduces 
the ability of smooth muscle to maintain isometric force and stiffness, but results in an increased rate of 
ATP hydrolysis. In airway smooth muscle, dynamic actin polymerization and remodeling are necessary 
for attaching the contractile proteins to the cell membrane. With phalloidin this cytoskeletal remodeling 
is blocked so cycling cross-bridges are not attached to the cell membrane. As a result, the internal load 
imposed on contractile proteins is reduced, which affects an increase cross-bridge cycling rate and ATP 
consumption. Used with permission from Jones et al. [54].
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and cross-bridges are formed (see below for mechanism of excitation–contraction coupling). How-
ever, the dense bodies and intermediate filaments within smooth muscle cells are not yet attached to 
the plasma membrane, and thus the contractile apparatus is relatively unloaded resulting in a faster 
cross-bridge cycling rate and ATP consumption rate. As the cytoskeleton of the smooth muscle cell 
remodels and dense bodies become anchored to the plasma membrane, internal loading of the con-
tractile proteins increases, thereby slowing cross-bridge cycling rate and decreasing ATP hydrolysis 
rate [28, 54]. 

4.7 loADING oF MuSClE FIbERS
For a muscle fiber, a load is force that opposes the contraction of muscle fibers. In its simplest 
form, the forces generated by cross-bridges in each half sarcomere of a muscle fiber pull the Z-disc 
toward the midline of the sarcomere. Thus, at each end of the sarcomere, there are external loads 
opposing the force generated by cross-bridges. Typically, muscle fibers have a site of origin that 
is fixed and a point of insertion where an external load is moved. This simplifies our analysis of 
external load and muscle fiber contraction. The external loads placed on skeletal muscle fibers can 
be broadly categorized as either: 1) dynamic, elastic loading, or 2) static, resistive loading. With 
dynamic, elastic loading the force exerted by the external load changes with time. For example, if 
our muscle fiber pulls on a rubber band the external load increases as the rubber band is stretched 
by muscle fiber contraction. In contrast, with static resistive loading the force exerted by the ex-
ternal load does not change. Static resistive loading occurs commonly during resistance training 
or weight lifting. 

For inspiratory pump muscles, the external loads imposed by the lung and chest wall rep-
resent dynamic, elastic loading due to their elastic recoil evident during passive expiration. There 
are many natural and pathological conditions where the elastic properties of the lungs and chest 
wall can change [65]. For example, during early postnatal development, the elastance of the lungs 
and chest wall is very low (they are highly compliant, which is the reciprocal of elastance). Thus, to 
inflate the lungs during inspiration, the diaphragm and other inspiratory pump muscles in neonates 
must generate less force compared to the adult where the recoil forces of the lung and chest wall are 
much greater (increased elastic loading). As we age, the elastance of the lung and chest wall progres-
sively increases (i.e., they become stiffer); thus, the inspiratory pump muscles must generate greater 
relative forces to sustain ventilation (see below). The abdominal wall and cavity can also present an 
external elastic load for the inspiratory pump muscles. For example, during pregnancy, abdominal 
wall displacement and increased pressure in the abdominal cavity will oppose the downward dis-
placement of the diaphragm muscle during inspiratory contractions. Thus, to sustain ventilation, 
the diaphragm muscle must generate increased force (transdiaphragmatic pressure).
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Static resistive loading of the inspiratory pump muscles is fairly rare. In conditions of airway 
occlusion such as obstructive sleep apnea, the diaphragm muscle would be exposed to an increased 
resistive load.

We have all experienced friends in the weight room of our gym who use weight lifting to 
increase external loading as a means to induce skeletal muscle fiber hypertrophy and thus an increase 
in total force-generating capacity. Remember, the force generated by a muscle fiber depends on 
the number of cross-bridges formed in parallel per half sarcomere. With an increase in fiber cross-
sectional area, there is an increase in myosin heads and thus the number of cross-bridges that can 
form and contribute to force. Conversely, we have all seen examples of the result of skeletal muscle 
unloading when the arms or legs of our friends are placed in a cast for a period of time, and as a 
result, their muscle fibers atrophy and become weaker [115]. 

For respiratory pump muscles, changes in external loading result from changes in the elas-
tance (reciprocal of compliance) of the lung and chest wall. For example, in patients with chronic 
obstructive pulmonary disease (COPD), the compliance of their lungs increases. Thus, the external 
dynamic elastic loading of their inspiratory muscles is actually reduced. However, because of the 
lower elastic recoil of their lungs, patients with COPD have a problem deflating their lungs during 
expiration. Thus, the residual air volume in their lungs after expiration is increased and the dia-
phragm muscle remains flattened at a shorter length. Both the shorter length and reduced curvature 
of the diaphragm diminishes its mechanical performance, and as a result additional force must be 
generated to inflate the lungs. Thus, the impact of disease related changes in external loading of 
the diaphragm muscle is sometimes quite complex. With the altered loading of the diaphragm 
muscle associated with COPD, there is also a decrease in the myosin heavy chain content per half 
sarcomere and the force generated per cross-bridge [72]. Thus, although there is not a decrease in 
diaphragm muscle fiber cross-sectional area, there is a marked reduction in specific force that makes 
the diaphragm much weaker in these COPD patients [63]. 

Internal loading of longitudinal force transmission by sarcomeres can also occur due to con-
tractile structures that are situated in parallel or in series with sarcomeres. For example, increased 
collagen or other extracellular matrix elements that are positioned in parallel with myofibrils can 
increase the passive stiffness of our muscle and thereby affect force generation. Passive elastic prop-
erties of muscle can resist lengthening or shortening of muscle fibers. As we age, there is a change 
in the quality of the collagen in the extracellular matrix surround muscle fibers with increased 
cross-linking between collagen fibers. This age-related change increases the passive stiffness of our 
muscles and affects their mechanical performance [35]. When our limbs are immobilized in casts 
for long periods of time, the extracellular of our muscles becomes stiffer. The same is true when 
our muscles are injured during exercise. Contractures are common in neuromuscular disorders and 
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may also increase passive muscle stiffness. Such changes in passive mechanical properties of muscle 
are evident as a decrease in joint range of motion due to limitations from within the muscle tissue. 
The limitation due to increased passive stiffness of the extracellular matrix can decrease the force 
generating capacity and decrease shortening velocity. 

Changes in external and internal loading of smooth muscle certainly occur, even during the 
course of normal activation. Airway smooth muscle cells are tethered to the extracellular matrix 
of the lung, which is a compliant tissue. The recoil forces of lung parenchyma will depend on the 
extent of lung inflation; thus, external load on the airway smooth muscle will vary during the course 
of the respiratory cycle. As mentioned above, both the contractile proteins and the cytoskeleton 
within airway smooth muscle cells remodel during activation and in response to mechanical strain 
[39  ]. This will lead to changes in the internal loading of the contractile proteins as well as changes 
in the transmission of force to the plasma membrane and ultimately the extracellular matrix. These 
are very complex interactions that are as yet unresolved (Figure 20).

FIGuRE 20: Structure of integrin and cytoskeletal adherens junctions in airway smooth muscle. Ad-
herens junctions consist of structural proteins including: a-actinin, vinculin, paxillin, talin, cytoskeletal 
b-actin, and integrins. An increase in internal loading of airway smooth muscle results from the attach-
ment of contractile proteins to the cell membrane via adherens junctions. The adherens junctions also 
contain integrin receptor proteins that tether the contractile proteins to the extracellular matrix of the 
lung, which imposes an elastic external load. Used with permission from Gunst et al. [39 ].
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4.8 MuSClE FIbER FoRCE tRANSMISSIoN
Within skeletal muscle fibers, the force generated by the power stroke of the cross-bridge is trans-
mitted toward the midline of the sarcomere pulling the Z-disc at one end. Thus, force is transmitted 
longitudinally from one sarcomere in series to another. From the sarcomeres, force is transmitted 
longitudinally through the relatively non-compliant tendons attached to the origins and insertions 
of muscle fibers, which are themselves attached to bones across a joint. Skeletal muscle torque is the 
representation of the force required to move or rotate a corresponding axis at a joint. For example, 
walking requires muscle force development via joint motion at the ankle, knee, and hip. As origi-
nally recognized by Charles Sherrington, the contractions of opposing muscle groups across a joint 
(e.g., flexors and extensors) are coordinated in a reciprocal pattern. Accordingly, as the flexors at the 
elbow joint (e.g., biceps brachii and brachioradialis muscles) are active the extensors (e.g., triceps 
brachii muscle) are inactive. This pattern of reciprocal activation of agonist and antagonist muscles 
is typical of rhythmic motor patterns such as walking, running, and breathing. Thus, during breath-
ing, when inspiratory muscles are active, expiratory muscles are inactive. However, co-activation 
of opposing muscles does occur and can provide stabilization at a joint and the control of external 
forces and loading. 

Tendons that attach muscles to bone are composed of collagen (  primarily type I and III col-
lagen) that are non-compliant and have great tensile strength. The primary function of tendons is to 
transmit contractile force and thus implement movement against external loads. Therefore, the ef-
ficacy of muscle contraction depends on the tendinous attachments (at the muscle and bone levels), 
in addition to the molecular and mechanical properties of the tendon.

Force is also transmitted transversely within muscle fibers to the cell membrane or sarcolemma. 
Costameres are subsarcolemmal structures within skeletal muscle fibers that connect peripherally 
located sarcomeres to the cell membrane. Costameres comprise a complex of dystrophin-associated 
glycoproteins (e.g., dystroglycans and sarcoglycans) that are aligned with the Z-disc. Within muscle 
fibers, costameres couple the force generated by sarcomeric cross-bridges to the cell membrane; 
thereby contributing to the coordinated control of sarcomere length and alignment, which is es-
sential for optimal longitudinal force transmission. Costameres also link the internal cytoskeleton 
of the muscle fiber to the extracellular matrix via coupling to extracellular proteins such as collagen 
and laminin. Such coupling to the extracellular matrix may be very important in strain-dependent 
signaling within skeletal muscle fibers. In many respects, this transverse coupling of skeletal muscle 
fibers resembles the coupling of contractile proteins in smooth muscle to the extracellular matrix via 
adherens junctions (see above). Costamere dysfunction underlies certain types of myopathies (e.g., 
Duchenne muscular dystrophy).

In airway smooth muscle cells, force transmission is via an interaction with the extracellular 
matrix of the lung (see above). To mediate this interaction, smooth muscle cells have specific elastin 
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and collagen receptors (integrin receptors) to mediate interactions between the adherens junctions 
and integrin proteins with these extracellular matrix proteins. While these integrin receptors medi-
ate force transmission between the contractile proteins of the airway smooth muscle to the extra-
cellular matrix, the tension developed in the extracellular matrix of the lung during lung inflation 
is transmitted back to the airway smooth muscle cell. Thus, the elastic load imposed by the lung 
extracellular matrix during lung inflation can initiate remodeling of the cytoskeleton as well as the 
contractile proteins (e.g., actin and myosin polymerization). This remodeling can be both acute and 
long-term and affect the contractile function of airway smooth muscle cells.

•  •  •  •
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C H A P T E R  5

5.1 MuSClE CoNtRACtIlE PRotEINS
The two major contractile proteins are actin and myosin that interact to form cross-bridges (see 
above). There are multiple classes of both actin and myosin that serve a variety of functions other 
than muscle force generation and contraction. For example, there are as many as 18 classes of myo-
sin and at least 6 types of actin that provide a variety of muscle and non-muscle motor functions as 
well as cytoskeletal structural support within cells. Within muscle, the interaction of myosin II and 
a-actin is responsible for force generation and contraction. 

Within each sarcomere of a skeletal muscle fiber, there is a highly organized pattern of thick 
and thin filaments representing the contractile apparatus of the skeletal muscle and giving mus-
cle a striated appearance. The thick filament comprises myosin II, a hexameric contractile pro-
tein consisting of two myosin heavy chains ( MyHC—~220 kDa ) and four myosin light chains  
(2 MyLC20—~20 kDa and 2 MyLC17—~17 kDa). Each of the heavy chains consists of an N- 
terminal head domain and a C-terminal tail domain. The myosin light chains serve to bind the 
heavy chains in the “neck” region between the head and tail ( Figure 21).

FIGuRE 21: Structure of skeletal myosin subfragment-1 showing the heavy chain and its two associ-
ated light chains domains. Used with permission from Hopkins et al. [46].

Muscle Fiber Proteins
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Myosin II in smooth muscle comprises a myosin heavy chain (SM-MyHC) encoded by a 
single gene ( MyHC11). However, there are splice variants of this gene that result in four distinct 
isoforms of SM-MyHC. Also, smooth muscle may contain non-contractile classes of myosin that 
are not involved in force generation and contraction, but may play a role in cytoskeletal remodeling 
and trafficking of intracellular proteins and organelles (e.g., mitochondrial movement).

The two myosin heavy chains wrap around each other to form a double helix, creating the 
tail region of myosin [85]. The globular head region is on the end of the heavy chains, where each 
myosin head has two of the myosin light chains that control the head during contraction. The tail 
portion of myosin is positioned toward the midline of the sarcomere and the heads are directed 
inward toward the center of the thick filament. This allows for a part of each myosin molecule to 
create an angled arm that can attach to actin in the thin filament and form a cross-bridge. The two 
myosin heavy chains consist of both head N-terminal and tail C-terminal domains. The N-terminal 
domain includes regions for the binding site to actin and the enzymatic activity of ATP hydrolysis. 
The thick filament also contains titin and C-protein, which aid in filament stabilization. 

The MyLC20 is also known as the regulatory light chain and its role in skeletal muscle con-
traction is currently debated, although there are phosphorylation sites that when phosphorylated 
appear to affect cross-bridge cycling kinetics and shortening velocity. In contrast, in smooth muscle, 
MyLC20 phosphorylation plays an active and direct role in regulating cross-bridge formation (see 
below under excitation–contraction coupling ). In all types of muscle, the MyLC17 is referred to 
as an “essential” light chain, although its exact function is unclear. However, the MyLC17 likely 
contributes to the structural stability of the myosin head. 

The thin filament is composed of three main proteins, a-actin, tropomyosin, and troponin. 
Alpha actin is a globular protein (~40 kDa ) that contains the binding sites for the myosin heavy 
chain. Alpha-actin is also expressed as distinct genetic isoforms: smooth muscle a-actin, cardiac 
muscle a-actin, and skeletal muscle a-actin. There are other types of actin that may exist within 
muscle cells. Accordingly, three main groups of actin isoforms: a, b, and g, have been identified and 
can be separated electrophoretically. While a-actin is predominantly found in muscle, the b and g 
actin groups can be found in many cell types as constituents of the cytoskeleton and as mediators 
of internal cell motility. 

Actin can remodel within a cell as globular actin monomers (G-actin) assemble into helical 
double stranded filamentous chains actin ( F-actin). In smooth muscle, in response to contractile 
agonists, b-actin polymerizes just below the plasma membrane and thereby stiffens the smooth 
muscle cell. This cytoskeletal remodeling may play an important role in maintaining mechanical 
tension in smooth muscles in an energy efficient manner. 

As mentioned above, a-actin and myosin are the major contractile proteins. The ratio of a-
actin to myosin varies across different muscle types. In smooth muscle the ratio of a-actin to myosin 
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ranges 2:1 to 10:1. In contrast, in skeletal muscle, the stoichiometric relationship between a-actin 
and myosin is relatively fixed at ~6:1, reflecting the lattice structure of skeletal muscle.

5.2 ACtIN REGulAtoRy PRotEINS IN SKElEtAl MuSClE
In addition to a-actin, the thin filament in skeletal muscle fibers contains tropomyosin and tropo-
nin that are important in regulating the availability of the binding site for the myosin heavy chain 
on actin.  In skeletal muscle, a single tropomyosin molecule spans seven actin molecules and in the 
non-activated muscle, it overlays the myosin head binding sites on actin and is maintained in this 
position by troponin T (tropomyosin binding troponin) and troponin I (inhibitory troponin). When 
Ca2+ is released from the sarcoplasmic reticulum, it binds to troponin C (Ca2+ binding troponin), 
causing a conformational change in the troponin complex that displaces tropomyosin exposing the 
myosin binding sites on actin. The binding of a myosin head facilitates displacement of adjacent 
tropomyosins, allowing additional myosin heads to bind (cooperativity). Once myoplasmic Ca2+ is 
reduced, tropomyosin once again overlays the myosin binding sites on actin. Thus, together with the 
troponin complex, tropomyosin functions to implement Ca2+ regulation of cross-bridge attachment 
and force generation in a skeletal muscle fiber ( Figure 22).

FIGuRE 22: Animation showing the interaction of thick and thin filaments during cross-bridge cy-
cling. The troponin complex functions to regulate cross-bridge attachment—the binding of the myosin 
head to the actin filament. This regulatory process begins with Ca2+ binding to troponin-C, which causes 
a conformational change in troponin-I (inhibitory) and troponin-T (bound to tropomyosin) and thus 
displaces tropomyosin from the myosin binding site on actin. http://tinyurl.com/Sieck-Cross-Bridge

http://tinyurl.com/Sieck-Cross-Bridge
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Thin filaments in smooth muscle do not contain troponin; therefore, the regulation of cross-
bridge formation is quite different from that in skeletal muscle. In smooth muscle calmodulin as-
sumes the regulatory role linking an increase in myoplasmic Ca2+ with cross-bridge attachment to 
actin and force generation (see below, excitation–contraction coupling in smooth muscle). Tropo-
myosin is present in airway smooth muscle, spanning seven actin monomers, and as in skeletal 
muscle, removal of steric hindrance of the actin binding site is critical for cross-bridge attachment 
and force generation: although through a mechanism still unknown. 

5.3	 ExCItAtIoN–CoNtRACtIoN CouPlING IN MuSClE
The mechanisms underlying excitation–contraction coupling vary considerably between skeletal 
muscle and airway smooth muscle. Yet, in both muscle types, it is essential to have an understand-
ing of the mechanisms underlying excitation–contraction coupling, and this provides the essential 
control of muscle contraction by external influence (e.g., neural activation). The major difference 
in excitation–contraction coupling is that the regulatory site resides at the thin filament in skeletal 
muscle but at the regulatory myosin light chain ( MyLC20) in smooth muscle. Another major dif-
ference between skeletal and smooth muscle is the regulation of myoplasmic Ca2+ in response to 
stimulation (excitation). In skeletal muscle fibers, the mechanisms linking activation (neural ) and an 
increase in myoplasmic Ca2+ concentration are simpler and well understood. In contrast, in smooth 
muscle, there are multiple mechanisms linking agonist excitation and an increase in myoplasmic 
Ca2+ concentration.

Skeletal muscle fibers are larger and longer and comprise many myofibrils with sarcomeres 
arranged both in parallel and in series. Myofibrils in skeletal muscle fibers are surrounded by an 
intracellular network, the sarcoplasmic reticulum, which serves to store intracellular Ca2+ for re-
lease into the myoplasm surrounding the sarcomeric contractile proteins to initiate contraction (see 
above). Along the length of the muscle fiber membrane (sarcolemma), there are deep invaginations 
of the membrane that run transversely to the sarcolemma, called transverse tubules (or T-tubules). 
Action potentials that are initiated by neuromuscular transmission (see below) are propagated along 
the sarcolemma, and this depolarization is transmitted down the t-tubule and activates dihydropyri-
dine receptors. The dihydropyridine receptors are Ca2+ channels located on the plasma membrane 
of the t-tubule situated just above the sarcoplasmic reticulum that contain another type of Ca2+ 
release channel called the ryanodine receptor channel. The dihydropyridine receptor channels in-
teract with the sarcoplasmic reticulum to trigger release from the sarcoplasmic reticulum through 
ryanodine receptor channels. The two receptors are close in relation to each other but are not in 
direct contact in the absence of depolarization. Depolarization changes the conformation of the 
dihydropyridine receptor, and as this occurs, there is indirect contact of the two receptors, activating 
the ryanodine receptor. Thus, there is a dependence on the mechanical coupling of dihydropyri-
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dine and ryanodine receptors for muscle contraction. In skeletal muscle fibers, this process occurs 
in the absence of extracellular Ca2+. The initial Ca2+ release from the sarcoplasmic reticulum causes 
additional Ca2+ release through a process called Ca2+-induced Ca2+ release causing a rapid flooding 
of the myoplasmic space with Ca2+ ( Figure 23 ).

Genetic mutations of the ryanodine receptor can affect sarcoplasmic reticulum Ca2+ release. 
For example, a mutation of the ryanodine receptor channel causes malignant hyperthermia, where in 
response to inhaled anesthetics, there is uncontrolled Ca2+ release from the sarcoplasmic reticulum, 
leading to muscle contracture, increased metabolic demands, hyperthermia, and possibly death.

As mentioned above, the amount of force generated by a muscle fiber is dependent upon 
myoplasmic Ca2+ concentration, which affects the fraction of strongly bound cross-bridges (afs—
see above). The sensitivity of force to myoplasmic Ca2+ concentration varies across fiber types; 

FIGuRE 23: Depiction of myofibrils surrounded by the sarcoplasmic reticulum, which serves to store 
intracellular Ca2+. Muscle fiber action potentials, initiated by neuromuscular transmission, are propa-
gated along the sarcolemma. Depolarization is then transmitted passively down the T-tubule (transverse 
invaginations of the plasma membrane). Within the T-tubule, depolarization activates dihydropyridine 
receptors that trigger release of Ca2+ from the sarcoplasmic reticulum into the myoplasm. The released 
Ca2+ then binds to troponin-C triggering cross-bridge formation and force generation. Used with per-
mission from Berne et al. [7].
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fibers expressing MyHCslow have greater sensitivity to myoplasmic Ca2+ concentration than fi-
bers expressing MyHC2A, MyHC2X, and MyHC2B isoforms. The sensitivity of force generation to 
myoplasmic Ca2+ concentration is commonly represented as the myoplasmic Ca2+ concentration at 
which 50% of maximal force is generated ( pCa2+

50 ) ( Figure 24).
Smooth muscle fibers are much smaller and shorter; thus, the active propagation of electrical 

excitation is not nearly as critical, although it still can occur through gap junctions between smooth 
muscle myocytes.  However, it is equally important to link excitation to the release of intracel-
lular Ca2+ from internal sarcoplasmic reticulum stores. This can occur through electrical coupling 
via voltage-dependent Ca2+ channels in response to neurotransmitter-initiated depolarization the 
plasma membrane, or via triggered release of Ca2+ from intracellular stores (e.g., from the sarcoplas-
mic reticulum) [73]. Thus, compared to skeletal muscle fibers, the regulation of myoplasmic Ca2+ 
concentration in airway smooth muscle cells is far more complex and involves the interaction of 
multiple pathways. 

There are several neurotransmitters (mediators) that can affect an increase in myoplasmic 
[Ca2+] in airway smooth muscle cells. In response to these neurotransmitters or agonists (e.g., ace-

FIGuRE 24: Ca2+ and force responses in a skeletal muscle fiber triggered by electrical stimulation. 
With a single stimulus, there is a transient increase in myoplasmic Ca2+ concentration that precedes 
and triggers the force response. The transient Ca2+ response is shorter in duration compared to the force 
response. With repetitive stimulation at 20 Hz, there is summation of both the myoplasmic Ca2+ and 
force responses. The extent of summation depends on the duration and relaxation of  both Ca2+ and force 
responses.
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tylcholine—ACh, histamine, serotonin—5HT, etc.), an increase in myoplasmic [Ca2+] may occur 
via multiple mechanisms including Ca2+ influx through ligand-gated, G-protein-coupled or voltage- 
gated receptor channels [ 77, 82, 99 ].  Moreover, G-protein-coupled receptor channels can trigger 
an increase in production of a second messenger (e.g., ionositol triphosphate—IP3 or cyclic ADP-
ribose—cADPR ) that in turn triggers release of Ca2+ from the sarcoplasmic reticulum through 
IP3-receptor or ryanodine receptor channels, respectively [3, 55, 78].

In response to an increase in myoplasmic [Ca2+] in airway smooth muscle cells, cross-bridge 
attachment does not occur until the myosin heads have been activated by MyLC20 phosphoryla-
tion. The phosphorylation of MyLC20 is mediated by an enzyme called myosin light-chain kinase 
( MLCK ) that is activated by Ca2+ binding to calmodulin. Specifically, activation of MyLS20 results 
from phosphorylation of a serine on position 19 (Ser19) on the MLC20 light chain. This phos-
phorylation results in a conformational change that increases the angle in the neck domain of the 
myosin heavy chain that facilitates binding of the myosin head to the actin filament. There are a 
number of cell signaling pathways that regulate MyLC20 dephosphorylation as well, e.g., the Rho 
kinase pathway ( Figure 25).

FIGuRE 25: Excitation–contraction coupling in airway smooth muscle cells involves multiple steps. 
Agonist-induced activation of ligand-gated or voltage-gated receptors channels triggers an increase 
myoplasmic Ca2+ concentration. The increased Ca2+ binds to calmodulin (CaM) that activates myosin 
light chain kinase (MLCK) mediating phosphorylation of  MyLC20, which in turn allows cross-bridge 
formation. Dephosphorylation of MyLC20 is regulated myosin light chain phosphatase (MLCP) and 
plays a role in modulating the Ca2+ sensitivity of force generation in airway smooth muscle.



52 RESPIRAtoRy MuSClES: StRuCtuRE, FuNCtIoN & REGulAtIoN

Other cell signaling pathways may be involved in regulating b-actin polymerization. Thus, 
neurotransmitters may also play a role in cytoskeletal remodeling and force maintenance in airway 
smooth muscle cells. As mentioned above, it may also be important to regulate the attachment of 
contractile proteins to the plasma membrane of smooth muscle cells to allow force transmission 
to the extracellular matrix. For example, it has been suggested that activation of tyrosine kinases 
mediates the phosphorylation of the focal adhesion adapter protein–paxillin that then mediates 
contractile protein attachment to the plasma membrane and force transmission. The time course 
of smooth muscle energetics may reflect this complex mechanical linking. Typically, cross-bridge 
cycling in smooth muscle is much faster initially and then transitions to a slower “latch bridge” 
state of slow cycling rate. This transition to a latch bridge state may reflect to attachment of the 
contractile proteins to the plasma membrane, thereby increasing the load on cross-bridge cycling  
(see above).

In our airway smooth muscle, relaxation of force is probably more important than force gen-
eration. It is generally thought that relaxation occurs as a result of MyLC20 dephosphorylation. 
Obviously, a decrease in myoplasmic Ca2+ concentration in airway smooth muscle cells will lead to 
a decrease in MyLC20 phosphorylation. However, smooth muscle cells also contain myosin light-
chain phosphatase ( MLCP ), which mediates dephosphorylation of the MyLC20 and thus, can 
regulate the extent of MyLC phosphorylation even in the presence of constant myoplasmic Ca2+ 
concentration. This is thought to be the major mechanism by which the sensitivity of force genera-
tion to myoplasmic Ca2+ concentration is regulated. Activation of myosin light-chain phosphatase 
is dependent on Rho kinase signaling. A number of agonists have been shown to activate the Rho 
kinase signaling pathway via G-protein-coupled receptors and thereby increase Ca2+ sensitivity of 
force generation in airway smooth muscles. For example, both ACh and histamine induce both an 
increase in myoplasmic Ca2+ concentration and an increase in Ca2+ sensitivity. Thus, force genera-
tion in airway smooth muscle reflects a balance between MLCK-mediated MyLC20 phosporyla-
tion, myosin light-chain phosphatase-mediated MyLC20 dephosphorylation (inhibited to increase 
Ca2+ sensitivity ), and the activation of non-contractile, cytoskeletal remodeling. 

Signaling pathways inducing smooth muscle relaxation are well studied. A major signaling 
pathway is mediated by nitric oxide, which in vascular smooth muscle is endothelium-derived. Ni-
tric oxide exerts its effect by stimulating soluble guanylate cyclase that increases synthesis of cGMP. 
Other cell–cell interactions as well as neural and hormonal factors stimulate cAMP production via 
protein kinase G ( PKG) and protein kinase A ( PKA ) activation. These cyclic nucleotides mediate 
phosphorylation of a number of proteins in airway smooth muscle cells that can lead to changes in 
myoplasmic Ca2+ concentration, MLCK activity and /or myosin light-chain phosphatase activity 
and as a result MyLC20 phosphorylation. 
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5.4 StRuCtuRAl PRotEINS
Within the sarcomere, there are several proteins in addition to myosin and actin that compose both 
the sarcomere and the surrounding architecture of skeletal muscle. The Z-disc, which aligns the 
sarcomeres, is composed of a-actinin, a component of F-actin that provides structural support and 
a mechanism for cohesion and cell-to-cell interactions. Nebulin accounts for 2–3% of the protein 
content of muscle. It spans the thin filament and is anchored at the Z-disc. Nebulin is thought to 
regulate the length of the thin filament. Titin is a very large connecting protein within the sarcomere 
that maintains structural integrity of the sarcomere as well as providing mechanosensory feedback 
during contraction. Thus, titin may function as a stress–response protein that triggers downstream 
signaling pathways in skeletal muscle fibers.

There are various disorders of sarcomeric proteins including both muscular dystrophies and 
non-dystrophic myopathies. A common muscular dystrophy highlights the importance of structural 
proteins in sarcomeric architecture in skeletal muscle. Dystrophin is a structural protein that links 
the sarcomeric cytoskeleton to the extracellular matrix (see above). The lack of dystrophin is respon-
sible for Duchenne muscular dystrophy, results in progressive muscle weakness, destabilizing of the 
sarcolemma, and susceptibility to contraction-induced injury. 

5.5 MuSClE FIbER tyPE ClASSIFICAtIoN
For more than a century it has been recognized that different types of muscle fibers exist that vary 
considerably in the mechanical and fatigue properties. Initially, fibers were broadly classified as “red” 
versus “white” fibers, which we now know reflects the presence or absence of myoglobin, respectively. 
However, schemes for classifying different fiber types within skeletal muscle have progressed over 
the years. In one classification scheme, muscle fiber types were distinguished based on histologi-
cal staining of metabolic enzyme activities. In this scheme, fibers were classified as slow oxidative 
(SO), fast oxidative, glycolytic ( FOG) and fast, glycolytic ( FG) [ 74, 106]. Another classification 
scheme was based on the pH lability of actomyosin ATPase staining in which fibers were classified 
as type I, IIa, IIb, or IIx. More recently, it was shown that MyHC isoform composition of muscle 
fibers generally corresponds with the classification scheme based on the pH lability of actomyosin 
ATPase staining [10, 109]. Identifying different MyHC isoforms was facilitated by the develop-
ment of specific antibodies. Today, fiber type classification is primarily based on immunoreactivity 
to these specific MyHC isoform antibodies [87, 95]. These antibodies can also be used in Western 
blot analyses of MyHC isoform composition of single muscle fibers in which mechanical properties 
are determined. From these studies, it is clear that MyHC isoform composition of skeletal muscle 
fibers underlies differences in specific force, maximum shortening velocity, ATP consumption and 
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fatigability. Overall, muscle fibers composed of the slow MyHC isoform ( MyHCslow—type I fibers) 
generate less specific force than fibers composed of fast MyHC isoforms [33, 34]. Among fast fi-
bers, those containing the 2A isoform ( MyHC2A—type IIa fibers) generate less specific force than 
those containing the 2B ( MyHC2B—type IIb fibers) or 2X ( MyHC2X—type IIx fibers) isoforms. 
However, when normalized for MyHC content per half sarcomere (approximating force per MyHC 
molecule or cross-bridge assuming the same afs ), there are no differences in force among fast fibers, 
but slow fibers still generate less force. This suggests that the average force per cross-bridge is lower 
in fibers expressing MyHCslow compared to those expressing fast MyHC isoforms ( Figure 26 ).

The maximum unloaded shortening velocity of muscle fibers can be determined using a slack 
test in which muscle fibers are maximally activated at optimal sarcomere length and then rapidly 
shortened in steps of 5–15% of optimal sarcomere length [53]. As the slack in muscle length is 
taken up during shortening, the fibers are unloaded and no force is generated. The time delay before 
force is redeveloped is measured and the slope of the line relating slack length to time delay before 
force redevelopment approximates the maximum unloaded shortening velocity (V0 ). Using this 
slack test, it has been shown that fibers expressing MyHCslow (type I fibers) have slower V0 followed 
in rank order by fibers expressing MyHC2A, MyHC2X, and MyHC2B (type IIa, IIx, and IIb fibers, 
respectively).

FIGuRE 26: Diaphragm muscle fiber types can be identified based on immunoreactivity against anti-
bodies specific for different MyHC isoforms. In addition, these antibodies can be used in Western blot 
analyses of single dissected muscle fibers. Used with permission from Sieck et al. [98]. 
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In single dissected skeletal muscle fibers, cross-bridge cycling rate can be estimated using a 
test similar to the slack test, but in this case, after shortening the activated muscle fiber by ~20% of 
optimal length, the fiber is rapidly re-stretched to optimal length. Since during the rapid shorten-
ing, all cross-bridges are broken, force decreases to zero. As cross-bridges reattach, force redevelops, 
and the rate of this force redevelopment (ktr ) depends on cross-bridge cycling rate. As might be 
expected, fibers expressing MyHC2X, and MyHC2B (type IIx and IIb fibers) have the fast ktr fol-
lowed in rank order by fibers expressing MyHC2A, and MyHCslow (type IIa and I fibers) [102] 
( Figure 27).

The ATP consumption rate of single dissected skeletal muscle fibers can be measured using 
a stop flow technique in which ATP hydrolysis is coupled to the reduction of NADH (a fluorescent 

FIGuRE 27: Different diaphragm muscle fiber types (distinguished by MyHC isoform expression) 
have varying cross-bridge cycling rates ( ktr). Cross-bridge cycling rate was determined in maximally 
activated (at pCa 4.0) single permeabilized diaphragm muscle fibers by quick release (shortening fiber 
length by 20% of optimal length—Lo) followed by rapid re-stretch back to Lo. With quick release, all 
cross-bridges are broken, and after re-stretch, as cross-bridges reattach and start to cycle, force redevel-
ops. The rate constant for force redevelopment (ktr) provides an estimate of cross-bridge cycling rate. In 
this example, a diaphragm muscle fiber expressing MHC2A has a faster cross-bridge cycling rate com-
pared to a fiber expressing MHCslow.
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molecule) to NAD (non-fluorescent) [41–43, 102]. Thus, the rate of extinction of NADH fluo-
rescence directly relates to the rate of ATP consumption during force generation and shortening. 
Using this technique, it has been shown that fibers expressing MyHC2X, and MyHC2B (type IIx 
and IIb fibers) have the highest ATP consumption rates followed in rank order by fibers expressing 
MyHC2A and MyHCslow (type IIa and I fibers) (Figure 28).

In addition to the four adult isoforms of MyHC, there are also embryonic (MyHCemb ) and 
neonatal (MyHCneo ) isoforms in skeletal muscle. During early myogenesis, primary myotubes ex-

FIGuRE 28: Technique for estimating ATP consumption rate in single permeabilized skeletal muscle 
fibers (or smooth muscle strips). Muscle fibers are mounted between a force transducer and a servo-
motor (for length control) in a quartz cuvette, into which a Ca2+ activating solution is perfused. The 
activating solution also includes an ATP regenerating system. When perfusion of the cuvette is stopped, 
the hydrolysis ATP during cross-bridge cycling is coupled to the reduction of NADH (a fluorescent 
molecule) to NAD (non-fluorescent) by phosphoenolpyruvate ( PEP) and production of pyruvate. The 
rate of ATP consumption during force generation and shortening directly relates to the rate of extinction 
of  NADH fluorescence.
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press MyHCslow as well as MyHCemb isoforms. The progression from primary to secondary myo-
tubes occurs as myotubes expressing the MyHCemb isoform transition into MyHCneo. During late 
embryonic development, fibers expressing MyHCslow, MyHCemb, and MyHCneo can be found, 
sometimes with co-expression of these MyHC isoforms within a single fiber. The expression of 
MyHC2A emerges relatively early during postnatal development, whereas the expression of My-
HC2B and MyHC2X appears later.

The co-expression of MyHC isoforms within single skeletal muscle fibers occurs under a 
variety of conditions. In fact, co-expression of MyHC2B and MyHC2X is quite relatively common 
even under normal conditions. In contrast, the co-expression of other MyHC isoforms in single 
muscle fibers is typically reflecting pathology or adaptation. For example, co-expression MyHCslow 
and MyHC2A and /or MyHC2X has been shown following conditions of muscle unloading. Co- 
expression of MyHCslow and MyHC2A and /or MyHC2X isoforms is also found in neurodegen-
erative diseases such as spinal muscular atrophy and amyotrophic lateral sclerosis. At the present 
time, it is unknown how MyHC isoform co-expression occurs. However, co-expression of MyHC 
isoforms obscures unambiguous classification of different muscle fiber types. 

5.6 FIbER tyPE CoMPoSItIoN oF RESPIRAtoRy MuSClES
A number of studies have reported the fiber type composition of the diaphragm muscle in a vari-
ety of species. Generally, it has been observed that all fiber types are represented in the diaphragm 
muscle, but the proportions of each type may vary depending on species, age, and other conditions.  
As will be discussed below, the fiber type composition of respiratory muscles reflects the diversity 
of motor units that underlies neuromotor control and the range of motor behaviors that can be ac-
complished. 

In the diaphragm muscle of most species, type IIx and IIb fibers have greater cross-sectional 
areas than type IIa and I fibers [64, 71, 100, 114 ]. There are also differences in maximum specific 
force across diaphragm muscle fiber type [31–34] with rank order of type IIb, type IIx, type IIa, 
and type I. Thus, differences in fiber type proportions do not reflect the relative contributions of the 
different fiber types (and motor unit types—see below) to the total force generated by a respiratory 
muscle.

•  •  •  •
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C H A P T E R  6

Breathing is a motor pattern that eventually involves the coordinated activation of a number of our 
muscles, pump muscles and upper airway muscles (skeletal muscles), as well as smooth muscles 
of the trachea, bronchi, and lung airways. The neural pathways involved in the control of skeletal 
muscles differ from those involved in controlling airway smooth muscles. A major difference is 
the presence of a direct neural synapse on skeletal muscle fibers, the neuromuscular junction, and 
neuromuscular transmission that involves release of acetylcholine ( ACh) and activation of nicotinic 
cholinergic receptors (ionotropic receptors). In contrast, airway smooth muscle cells do not have 
direct neural synapses or distinct neuromuscular junctions similar to those found on skeletal muscle 
fibers. A variety of neurotransmitters affect airway smooth muscle cells acting through both iono-
tropic and metabotropic receptors. Thus, the neural influence on airway smooth muscle cells reflects 
a balance of neural effects that are integrated with other agonist and antagonist effects.

For pump and upper airway respiratory muscles, the neural pathways are in many respects 
similar to those activating limb skeletal muscles. Most skeletal muscles are involved in distinct 
motor patterns such as the rhythmic patterns of breathing or walking. These motor patterns are 
organized in the central nervous system as a central pattern generator. The motor pattern itself can 
be influenced by a variety of sensory inputs as well as sleep–waking state, emotional state, circadian, 
ultradian, infradian rhythms, etc. The output of the central pattern generator is transmitted to pre-
motor neurons that are typically located close to the central pattern generator. As with the central 
pattern generator, the excitability of premotor neurons can be influenced by a variety of inputs that 
help shape the overall descending premotor motor drive to motor neurons. Motor neurons repre-
sent the final output of the motor control system and are organized as motor units comprising a 
motor neuron and the group of muscle fibers it innervates. Motor neurons also receive a variety of 
excitatory and inhibitory afferent inputs that affect their excitability. Generally, the strength of the 
descending premotor drive will determine the strength of our inspiratory (or expiratory) efforts as 
reflected by tidal volume. The timing of inspiration versus expiration; thus, respiratory rate and duty 
cycle are determined by the central pattern generator and only transmitted by premotor neurons 
to motor neurons. It is now thought that the descending premotor input to respiratory motor neu-
rons is widely distributed, and that the activation or recruitment of specific motor neurons (motor 

Neural Control of Respiratory Muscles
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units—see below) depends on the intrinsic size-related electrophysiological properties of motor 
neurons. Thus, motor neurons are typically recruited in a specific size-related order—smallest to 
largest (see below)—during most motor behaviors. However, as mentioned above, the excitability 
of a motor neuron can also be affected by a variety of afferent inputs, including proprioceptive 
feedback, that convey information about the efficacy of force generation and contraction of muscle 
fibers. Motor neuron excitability is also affected by descending neuromodulator pathways that are 
both excitatory and inhibitory ( Figure 29).

The most important outcome of our breathing is gas exchange in the lungs. Accordingly, 
there is sensory feedback relaying the efficacy of gas exchange via chemoreceptors. There are two 
general types of chemoreceptors; those sensitive to decreased O2 levels ( hypoxia) and those sensi-
tive to increased CO2 levels ( hypercapnia). The chemoreceptors sensing hypoxia are located pe-

FIGuRE 29: Neural control of respiratory muscles compared to limb muscles. Rhythmic motor pat-
terns are generated within the central nervous system by a central pattern generator (CPG). The CPG 
for breathing is located in the brainstem, whereas the CPG for locomotor patterns is located in the spinal 
cord. In both cases, the output of the CPG is transmitted to premotor neurons, which for the phrenic 
system are located in the medulla, but for the locomotor system are located in the spinal cord in close 
proximity to the CPG. The excitatory drive output from premotor neurons is then diffusely transmitted 
to motor neurons. The recruitment of motor neurons (motor units) depends on their intrinsic, size- 
related electrophysiological properties.
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ripherally, so they are called peripheral chemoreceptors. In contrast, the chemoreceptors sensing 
hypercapnia are located in the central nervous system in the brainstem and are thus called central 
chemoreceptors ( Figure 30).

For gas exchange to occur, our lungs must inflate with fresh air. Accordingly, there is sensory 
feedback conveying information regarding the extent of our lung inflation. These sensory receptors 
are sensitive to the mechanical stretch of our lungs during inflation and are thus called lung stretch 
receptors.

6.1	 CENtRAl PAttERN GENERAtoR FoR bREAtHING
The central pattern generator for breathing is best depicted as a two-phase model: 1) inspiration 
and 2) expiration; although a three-phase model is often presented with two distinct phases of 
expiration based on the activation of upper airway muscles. The rhythmic pattern of our breathing  

FIGuRE 30: The control of respiration is an example of a biofeedback system. The efficacy of the respi-
ratory motor system is sensed by chemo- and mechanoreceptors. Central and peripheral chemoreceptors 
relay sensory afferent feedback regarding the efficacy of gas exchange in the lung. Lung stretch receptors 
relay sensory afferent feedback regarding the efficacy of  lung inflation.
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is classically viewed as reflecting the output of a single central pattern generator, although an al-
ternative model has been proposed that involves coupled pattern generators that are anatomically 
distinct; one for inspiration in the pre-Boetzinger complex located in ventrolateral medulla of the 
brainstem, and second for expiration, the retrotrapezoid nucleus or parafacial respiratory group 
located rostral to the pre-Boetzinger complex in the ventrolateral medulla. The mechanisms un-
derlying the generation of our respiratory rhythm remain controversial and the focus of intense 
investigation, but generally our breathing pattern results from either the intrinsic electrophysiology 
of pacemaker neurons or the interactive reciprocal inhibition of an interneuronal network.

6.2	 PREMotoR NEuRoNS FoR RESPIRAtoRy DRIVE
The output of the central pattern generator for the respiratory rhythm is transmitted to premotor 
neurons that are located in two distinct regions of the medulla: 1) the dorsal respiratory group lo-
cated in the dorsomedial portion of the medulla in the nucleus tractus solitarius and 2) the ventral 
respiratory group located in ventrolateral portion of the medulla in the nucleus ambiguous. Both 
respiratory groups contain neurons that discharge in relation to the inspiratory or expiratory phases 
of the respiratory cycle—i.e., “inspiratory” and “expiratory” neurons. The discharge patterns of these 
medullary neurons can vary, some discharging early or late in both the inspiratory and expiratory 
phases. These neurons also receive a variety of inputs from higher brainstem, cerebellar, and cortical 
regions of the brain. An important distinction of premotor neurons is their monosynaptic projec-
tion to motor neurons innervating respiratory pump muscles (e.g., diaphragm and intercostal mus-
cles) as well as upper airway muscles (e.g., genioglossus and posterior cricoarytenoid muscles). It is 
now fairly established that these premotor neurons exert an excitatory synaptic drive to respiratory  
motor neurons via glutamatergic neurotransmission. It is also clear that respiratory premotor neu-
rons receive a variety of inputs that can shape the respiratory drive to respiratory motor neurons. For 
example, these medullary premotor neurons receive input from peripheral and central chemorecep-
tors as well as lung stretch receptors (see below).

6.3 MotoR NEuRoNS INNERVAtING  
RESPIRAtoRy MuSClES

With the exception of a few upper airway muscles (e.g., genioglossus muscle), our respiratory mus-
cles are innervated segmentally by motor neurons located in the cervical and thoracic spinal cord. 
Overall, there is a somatotopic organization in the location of motor neurons in the ventral horn 
of our spinal cord, with motor neurons innervating more distal limb muscles located dorsolaterally, 
whereas more proximal limb muscles are innervated by motor neurons located dorsomedially. In 
contrast, our trunk or axial muscles are innervated by motor neurons located ventromedially. 
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The phrenic motor neuron pool is situated in the ventromedial portion of the mid to lower 
cervical spinal cord, typically spanning three cervical segments. For example, in humans, phrenic 
motor neurons are located in spinal cord levels C3 through C5. The precise location of phrenic 
motor neurons can vary slightly across species. For example, in the cat, phrenic motor neurons are 
located in the C4 through C6 spinal cord segments. The location of phrenic motor neurons in the 
cervical spinal cord reflects the embryonic origin of the diaphragm muscle. One misconception 
is that the crural region of the diaphragm represents a separate muscle [21], with its own specific 
somatotopic pattern of innervation. However, it is now well established that all regions of the dia-
phragm muscle are innervated by phrenic motor neurons located in the cervical spinal cord.

As mentioned above, motor neurons innervating all intercostal muscles (external, internal, 
innermost intercostal muscles as well as subcostalis and transversus thoracis muscle) are located in 
the T1 through T11 spinal cord segments corresponding to the location of muscle fibers.

The abdominal muscles are also innervated segmentally by branches of the lower six intercos-
tal nerves sometimes called the thoracoabdominal nerves with motor neurons located at spinal cord 
levels T7 through T11 and by the subcostal nerve (with motor neurons located at T12). 

Motor neurons innervating upper airway muscles that affect placement of the hyoid bone 
(infrahyoid and suprahyoid muscles) are located in the upper cervical spinal cord from C1 through 
C3. The nerves that innervate the infrahyoid muscles are sometimes called the ansa cervicalis.

The genioglossus muscle together with other tongue muscles is innervated by the hypoglossal 
nerve (cranial nerve XII).  Hypoglossal motor neurons are located in a column called the hypoglos-
sal nucleus situated in the dorsomedial medulla near the floor of the 4th ventricle. 

The recurrent laryngeal nerve innervates all intrinsic muscles of the larynx, including the 
posterior cricoarytenoid muscles that abduct the vocal folds during inspiration. The only exception 
is the cricothyroid muscle, which is innervated by the superior laryngeal nerve. Both the recurrent 
and superior laryngeal nerves are branches of the vagus nerve (cranial nerve X) with motor neurons 
located in the motor nucleus of the vagus in the dorsomedial medulla near the floor of the 4th ven-
tricle and the hypoglossal nucleus. 

6.4 MotoR uNItS IN RESPIRAtoRy MuSClES
Respiratory muscle motor units comprise a motor neuron and the group of muscle fibers that 
it innervates. Charles Sherrington first proposed the term motor unit in the early 20th century. 
He recognized that this motor neuron output from the central nervous system is the final com-
mon pathway for neural control of muscle contraction [66]. Much later, it was established that 
the electrophysiological properties of motor neurons and the mechanical and fatigue properties 
of muscle fibers comprising a motor unit are well matched. Thus, this matching of motor neuron  
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electrophysiological and muscle fiber properties provides the foundation for neural control for a 
wide range of motor behaviors of skeletal muscles ( Figure 31).

In most respiratory muscles, the mechanical and fatigue properties of muscle fibers vary con-
siderably depending on their contractile protein composition and oxidative capacity; thus, providing 
the basis for diversity in the motor behaviors that can be accomplished. Based on these differences 
in the mechanical and fatigue properties of muscle fibers, motor units are classified into four differ-
ent types [11, 12, 26, 96]. This classification of motor unit types mirrors the classification of muscle 
fiber types and reflects the fact that within a motor unit, fiber type composition is homogeneous 
[24, 96, 97 ]. Thus, similar to the classification of four muscle fiber types (see above), there are four 
types of motor units: 1) Type S motor units composed of type I muscle fibers that express the My-
HCslow isoform and have higher oxidative capacities and mitochondrial volume densities; 2) Type 
FR motor units composed of type IIa fibers that express the MyHC2A isoform and also have higher 
oxidative capacities and mitochondrial volume densities; 3) Type FInt motor units composed of 
type IIx fibers that express the MyHC2X isoform and have intermediate oxidative capacities and 
mitochondrial volume densities; and 4) Type FF motor units composed of type IIb fibers that ex-
press predominantly the MyHC2B isoform but usually in combination with the MyHC2X isoform 
and have lower oxidative capacities and mitochondrial volume densities [24, 97 ].

Type S motor units display slower mechanical properties (slower twitch contraction times and 
maximum shortening velocities) [89]. These type S motor units are also more resistant to fatigue 
when repetitively activated; reflecting the slower cross-bridge cycling rates, lower ATP consumption 
rates, and higher oxidative capacities of their muscle fibers. Three motor unit types display faster 
mechanical properties (twitch contraction times and maximum shortening velocities) but have a 
range of susceptibilities to fatigue when repetitively stimulated that distinguishes them into differ-
ent types [112]. Type FR motor units are “fast twitch” but as resistant to fatigue during repetitive 
stimulation as type S units. The resistance to fatigue of type FR motor units reflects the higher oxi-
dative capacities and mitochondrial volume densities of type IIa fibers. Type FF motor units are also 
“fast-twitch,” but they are highly fatigable during repetitive stimulation. The increased susceptibility 
to fatigue of type FF motor units reflects the faster cross-bridge cycling rates and ATP consump-
tion rates of type IIb muscle fibers but also their lower capacities for oxidative phosphorylation and 
ATP production. Type FInt motor units are also “fast-twitch” but have an intermediate resistance 
to fatigue during repetitive stimulation. Again, the susceptibility of type IIx fibers is most likely a 
reflection of the balance between ATP consumption rate during cross-bridge cycling and the capac-
ity for oxidative phosphorylation and ATP production [97]. 

In addition to differences in twitch contraction times, maximum shortening velocities and 
fatigue resistance, muscle fibers in different motor unit types also exhibit differences in other me-
chanical properties that reflect the properties of the muscle fibers comprising these units. For ex-
ample, motor unit types have varying maximum specific forces with type S motor units displaying 
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FIGuRE 31: Classification of motor unit (muscle fiber) types. Four types of motor units are classified 
based on mechanical and fatigue properties of muscle fibers that depend on fiber type—slow-twitch, 
fatigue resistant (S), fast-twitch, fatigue resistant (FR), fast-twitch, fatigue intermediate (FInt), and fast-
twitch, fatigable (FF). The mechanical properties used to distinguish motor unit types include twitch 
contraction time, presence of sag, and fatigue resistance. In this example, fiber types were classified 
based on the pH lability of myosin ATPase staining—M-ATPase staining higher for fast-twitch fibers. 
The oxidative capacity of fibers was assessed by determining succinate dehydrogenase (SDH) activity, 
whereas glycolytic capacity was determined by a-glycerophosphate dehydrogenase (a-GPD) activity. 
Recent studies employ difference in MyHC isoform expression to define fiber type. Used with permis-
sion from Sieck [89].
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the lowest specific force followed in rank order by type FR, FInt and FF units. As mentioned 
above, type S motor unit muscle fibers have a greater sensitivity to myoplasmic [Ca2+] that will shift 
their force–frequency response curves leftward. Thus, type S motor units generate a greater level of 
relative (compared to maximum force) force at any given level of submaximal stimulation.  There 
are also differences in the cross-sectional areas of muscle fiber types and the number of fibers in a  
motor unit (innervation ratio) that can amplify differences in specific force of muscle fiber types and 
thereby affect the total force contributed by a motor unit once recruited during a motor behavior.

As mentioned above, the number of muscle fibers innervated by a phrenic motor neuron (i.e., 
innervation ratio) varies across motor unit types with greater innervation ratios at type FInt and FF 
motor units than at type S or FR units [89]. Taken together, the larger fiber cross-sectional areas, 
greater innervation ratios and greater specific forces of type FInt and FF motor units in the dia-
phragm muscle, all result in substantially greater forces being generated by these motor units when 
recruited compared to that of type S and FR motor units [67, 89]. 

6.5	 MotoR uNIt RECRuItMENt DuRING DIFFERENt  
VENtIlAtoRy AND NoN-VENtIlAtoRy bEHAVIoRS

More than 50 years ago, Elwood Henneman proposed the Size Principle for the orderly recruitment 
of motor units based on differences in axonal conduction velocities that were reflected in the size of 
motor neurons [45]. As recognized by Henneman, smaller motor neurons have smaller axons and 
thus display slower axonal conduction velocities compared to larger motor neurons. He observed 
that those motor units recruited first during motor behaviors displayed slower conduction veloci-
ties compared to motor units recruited later and at higher force levels. Henneman related this to 
the size of motor neurons and the impact of size on their intrinsic electrophysiological properties.  
Motor neuron morphology, in particular dendritic arborization and somal dimensions, contributes 
to differences in intrinsic electrophysiological properties (e.g., membrane capacitance and mem-
brane resistance) across motor neurons. For example, because of their smaller surface area, smaller 
motor neurons have lower membrane capacitance (Cm ) and higher membrane resistance (Rm ) than 
larger motor neurons. The excitability of a motor neuron reflects the rate of change of membrane 
potential (dVm /dt ) for a given amount of input current (Ic or capacitative current). Mathematically, 
this can be expressed by the following equation:

 dVm /dt = Ic /Cm 

Thus, for a given level of input Ic, smaller motor neurons, with lower Cm, have a greater 
change in Vm are thus more excitable. Another way to look at this is that to reach a threshold for 
generation of an action potential, smaller motor neurons requires less input current than larger mo-
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tor neurons. The amount of input or synaptic current required to generate an action potential in a 
neuron is referred to as the rheobase. Thus, smaller motor neurons have a lower rheobase than larger 
motor neurons. It is now recognized that motor neurons innervating type S and FR motor units are 
smaller and thus more excitable (i.e., lower rheobase) than motor neurons innervating type FInt and 
FF motor units [11, 113]. 

There is considerable morphological heterogeneity in motor neuron size, even within a single 
pool of motor neurons [13, 15, 69, 79  ]. For respiratory motor neurons, such as phrenic motor neu-
rons that receive distributed excitatory synaptic input (descending respiratory drive from medullary 
premotor neurons), smaller more excitable motor neurons with smaller axons and slower conduction 
velocities are recruited before larger motor neurons. Indeed, there is substantial evidence that this 
orderly recruitment of motor units exists in the diaphragm muscle [22, 50, 51, 93], consistent with 
the size principle. For example, studies have shown that phrenic motor neurons with slower axonal 
conduction velocities are recruited first during inspiratory efforts [22, 50, 51]. Accordingly, recruit-
ment of diaphragm motor units generally matches the mechanical and fatigue properties of their 
muscle fibers: type S and FR motor units are recruited first, followed by type FInt and FF units. 

A model for diaphragm motor unit recruitment across a range of ventilatory and non- 
ventilatory behaviors has been proposed based on the force generated per motor unit type and the 
assumption of an orderly recruitment in rank order type S, FR, FInt, and FF. Since it is difficult 
to measure the force of a single motor unit, this can be estimated based on: 1) measurements of 
the specific force (force per cross-sectional area) of single type identified diaphragm muscle fibers,  
2) measurements of the proportion and cross-sectional areas of different fiber types in the diaphragm 
muscle, 3) an estimate of the number of phrenic motor neurons, and 4) an assumption that differ-
ences in innervation ratio (i.e., the number of fibers innervated by each motor neuron) of different 
motor unit types measured in the cat holds true for other species (i.e., innervation ratio of type S or 
FR motor units is ~15% lower than that for type FInt and FF units) [24, 94, 96, 97  ]. The relative 
proportion of fatigue-resistant type S and FR motor units versus more fatigable type FInt and FF 
motor units varies across species. For example, in the rat diaphragm muscle, the combined propor-
tion of type S and FR motor units is ~65% compared to only ~34% in the cat [88, 93]. As mentioned 
above, the force contributed by diaphragm motor units types varies considerably (type FF > FInt > 
FR > S). The proportionally larger force generated by type FF and FInt motor units results from a 
combination of factors, greater specific force of type IIb and IIx fibers, larger cross-sectional areas 
of type IIx and IIb fibers, and increased innervation ratios. Although type FInt and FF motor units 
contribute greater force this is at the expense of increased susceptibility to fatigue if repeatedly 
activated. This is an important consideration for the diaphragm muscle where the duty cycle for 
inspiratory activation is ~40%. At such an activation duty cycle, type FInt and FF motor units would 
rapidly fatigue (Figure 32).
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The model for motor unit recruitment can also assume unit activation at different frequen-
cies. Motor unit discharge frequencies may change during inspiration [14, 59, 107 ]. In previous 
studies, it has been shown that the discharge frequency of diaphragm motor units at the onset of 
activity is lower than at times later within an inspiratory burst [49, 107 ]. In the cat diaphragm 
muscle, motor units recruited earlier during inspiration had onset discharge frequencies of ~15 Hz 
and peak discharge rate of ~25 Hz. In contrast, motor units recruited later during inspiration had 
onset discharge frequencies of ~20 Hz and peak discharge rates of ~40 Hz. This range of discharge 
frequencies approximately covers the steep portion of the force frequency response curve for type S 
and FR motor units. 

FIGuRE 32: Model of motor unit recruitment in the cat diaphragm and medial gastrocnemius muscles. 
The model assumes an orderly recruitment of motor units in the following rank order—type S, FR, FInt 
and FF. In this case, the model also assumed maximum activation of one motor unit type before recruit-
ment of the next type. Note that in both cases, sustained motor behaviors (ventilation for the diaphragm, 
standing and walking for the medial gastrocnemius) can be accomplished by the recruitment of only 
fatigue resistant type S and FR motor units. Used with permission from Sieck and Fournier [92].
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In a number of studies, it has been shown that there is a strong correlation between the Pdi 
generated by the diaphragm muscle and electromyographic (EMG) activity as quantified by calcu-
lating peak root-mean-square (RMS) [67, 91, 110]. The RMS EMG amplitude increases propor-
tionately with changes in Pdi, and thus, diaphragm muscle EMG activity can be used as a surrogate 
for Pdi measurements, particularly when these are impractical (e.g., in chronic measurements or in 
awake humans or animals). 

In previous studies in cats [26, 93], in hamsters [90], and more recently, in rats [67], Pdi and 
EMG measurements were used to estimate the forces generated by the diaphragm muscle during 
different ventilatory and non-ventilatory behaviors. For comparison, maximum Pdi ( Pdimax) was 
measured in response to bilateral phrenic nerve stimulation. In these studies, it was observed that 
the Pdi generated during quiet breathing (eupnea) varies across species; in cats, it is ~12% of Pdi-
max, in hamsters and rats, ~27% and ~21% of Pdimax, respectively, and in humans, ~10% of Pdimax 
[90]. Based on the model of diaphragm motor unit recruitment described above, the Pdi generated 
during eupnea can be accomplished by the recruitment of on fatigue resistant type S and FR motor 
units in all species [67, 88, 90, 93]. 

When ventilation is stimulated by hypoxia (10% O2) and hypercapnia (5% CO2), Pdi in-
creases to ~28–30% of Pdimax in cats and rats [67, 93]. Thus, while hypoxia–hypercapnia exposure 
provides a very powerful ventilatory stimulus, it does not maximally drive diaphragm muscle force 
generation or the recruitment of all diaphragm motor units. In fact, based on the motor unit re-
cruitment model, this level of Pdi can be accomplished by the recruitment of only type S and FR 
motor units in the diaphragm muscle. In agreement with this estimate of motor unit recruitment, 
it has been estimated that the number of phrenic motor neurons in cats that display spontaneous  
inspiratory-related discharge is ~23% of the total motor neuron pool [50 ]. This is the approximately 
the proportion of type S and FR motor units in the cat diaphragm muscle [26, 93 ]. 

During sustained airway occlusion, the Pdi generated increases to ~50% of Pdimax in cats, 
and ~63% of Pdimax in rats [67, 88, 90, 93]. Based on the recruitment model, this level of Pdi can 
be achieved by the full recruitment of all type S and FR motor units with the additional recruitment 
of some FInt motor units. 

Only during non-ventilatory expulsive behaviors of the diaphragm muscle (e.g., coughing, 
sneezing ) does the Pdi generated by the diaphragm muscle approximate Pdimax in both cats and 
rats. Thus, during expulsive non-ventilatory motor behaviors, full recruitment of all diaphragm 
motor unit types is required. However, these efforts are relatively infrequent, so motor unit fatigue 
with sustained activity would not be a complicating factor in generating sufficient Pdi to accomplish 
these important behaviors. 

Ventilatory and non-ventilatory demands for Pdi generation vary across species, and are 
matched by the relative proportions of fatigue-resistant type S and FR motor units versus more 
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fatigable type FInt and FF motor units (see above). The relative Pdi generated during ventilatory 
behaviors reflects the reserve capacity of the diaphragm muscle to accomplish its major ventilatory 
function compared to other non-ventilatory demands. It is likely that in larger species, there is a 
greater requirement for expulsive behaviors involved in clearing the airways. In addition, differences 
in the extent of diaphragm muscle activation across species may be related to the mechanical prop-
erties of the lung or chest wall and airway resistance. 

These results in the diaphragm muscle verify considerable force reserve to generate the Pdi 
necessary to sustain ventilation. This force reserve reflects the population of motor units within the 
diaphragm muscle. Changes in fiber type composition or cross-sectional area of fibers in respira-
tory muscles following injury or disease will impact the ability of these muscles to generate forces 
required for ventilation placing patients at increased risk for respiratory failure [101]. In addition, 
the ability of the diaphragm muscle to generate more strenuous Pdi to accomplish expulsive non- 
ventilatory behaviors may be compromised, also increasing the risk of patients for pulmonary dis-
eases associated with inadequate clearance of the airways, e.g., pneumonia. 

6.6 NEuRoMuSCulAR tRANSMISSIoN
The neuromuscular junction is the synapse between a motor neuron and the muscle fiber it inner-
vates. Within a motor unit, there are as many neuromuscular junctions as there are muscle fibers 
comprising the unit, but at each muscle fiber, there is a single neuromuscular junction, and it is the 
final effector for neural control of contraction of that muscle fiber. Motor units display considerable 
diversity in terms of the electrophysiological properties across motor neurons and the mechanical 
and fatigue properties of muscle fibers. A hallmark of neuromotor control is the fact that the prop-
erties of motor neurons and muscle fibers are matched to affect appropriate recruitment of specific 
types of motor units to accomplish a variety of motor functions. As the point of contact between a 
motor neuron and muscle fiber, the neuromuscular junction must also be able to meet various func-
tional demands via neuromuscular transmission. Therefore, it is not surprising that the structural 
and functional properties of neuromuscular junctions vary with motor unit /muscle fiber type.

The morphology of neuromuscular junctions at different muscle fiber types is quite distinct 
[80]. For example, neuromuscular junctions at types I and IIa diaphragm muscle fibers (type S and 
FR motor units, respectively) are smaller and display less complexity in branching compared to 
neuromuscular junctions at types IIx and /or IIb fibers (type FInt and FF motor units, respectively) 
[76, 104]. However, these differences in neuromuscular junction morphology may not reflect fiber 
type per se. In the soleus muscle, which is predominantly composed of type I muscle fibers, neu-
romuscular junctions are larger compared to neuromuscular junctions in the extensor digitorum 
longus muscle, which is predominantly composed of type IIx and /or IIb fibers. Perhaps, it is fiber 
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cross-sectional area that is the major determinant of the size of neuromuscular junctions regardless 
of fiber type. Other factors such as age, species, and activation history may also play important roles 
in determining the morphological properties of neuromuscular junctions [81, 83] ( Figure 33).

Differences in the ultrastructure of pre- and postsynaptic elements of neuromuscular junc-
tions also exist across motor unit /muscle fiber types. For example, the surface areas of presynaptic 
terminals at type IIx and /or IIb fibers in the diaphragm muscle are larger compared to presynaptic 
terminals at type I and IIa fibers. At the presynaptic terminal, the active zone is the point at which 
synaptic vesicles are released to affect neurotransmitter ( ACh) mediated neuromuscular transmis-
sion (see below). While the density of active zones at the surface of presynaptic terminals is similar 
across muscle fiber types, the fact that there are differences in total surface area means that the total 
number of active zones is greater at type IIx and /or IIb fibers compared to type I and IIa fibers. At 
the active zone, some synaptic vesicles are “docked” or fused to the terminal membrane and are thus 
ready for immediate release. The number of docked synaptic vesicles at each active zone is com-
parable across different fiber types. Yet, since there are a greater number of active zones at type IIx 
and /or IIb fibers, the total number of docked, readily-releasable synaptic vesicles is greater at these 
fibers compared to type I and IIa fibers. Thus, in response to a single stimulus pulse, more synaptic 
vesicles are released at type IIx and /or IIb fibers—i.e., quantal content is higher at these fibers.

FIGuRE 33: Confocal fluorescent image of diaphragm muscle neuromuscular junctions. Single 
type IIb muscle fibers are labeled with anti-MyHC2B (blue). Motor end plates are labeled with a- 
bungarotoxin (green), and axon terminals are labeled with an anti-neurofilamin antibody (red). 



72 RESPIRAtoRy MuSClES: StRuCtuRE, FuNCtIoN & REGulAtIoN

At presynaptic terminals, a large number of synaptic vesicles are not docked at active zones; 
but constitute a reserve pool that can be recruited to sustain synaptic vesicle release with repetitive 
stimulation. The number of synaptic vesicles in this reserve pool is greater at presynaptic terminals 
at type I and IIa fibers compared to type IIx and /or IIb fibers. Presynaptic terminals at type I and 
IIa fibers also have greater mitochondrial volume density compared to type IIx and /or IIb fibers; 
thus, these presynaptic terminals at type I and IIa fibers are more able to meet the higher metabolic 
requirements of more frequent activation. Accordingly, the ultrastructure of presynaptic terminals 
at neuromuscular junctions innervating different motor unit /muscle fiber types appear to be spe-
cialized to meet the functional demands of the motor unit. Types IIx and IIb fibers are larger; thus 
greater synaptic drive (current to generate an excitatory postsynaptic potential—EPP) is required to 
reach threshold for action potential generation (see below). This functional demand is met by the 
fact that there are more synaptic vesicles readily available for release at the presynaptic terminals in-
nervating type IIx and IIb fibers. However, this functional demand can only be met for a short time 
since there are fewer synaptic vesicles in reserve pools. In contrast, type S and FR motor units are 
activated more frequently; thus, the presynaptic terminals innervating type I and IIa muscle fibers 
must be able to sustain synaptic vesicle release with repetitive stimulation. This is accomplished by 
the presence of a larger reserve pool of synaptic vesicles at the presynaptic terminals of types I and 
IIa muscle fibers. In addition, synaptic vesicle recycling after release is effective in replenishing a 
releasable pool of synaptic vesicles.

At postsynaptic motor end-plates of type I and IIa diaphragm muscle fibers, branching and 
postsynaptic folding is also less complex compared to that at IIx and /or IIb fibers—matching the 
ultrastructure of presynaptic terminals. In addition, at the motor end-plates of type I and IIa muscle 
fibers, cellular organelles including mitochondria, rough endoplasmic reticulum, free polysomes, and 
nuclei are frequently interposed between the endplate and myofibrils. There is no evidence for any 
differences in the density of nicotinic cholinergic ( ACh) receptors at the postsynaptic membrane 
across motor unit /muscle fiber types. However, it appears that the density of voltage-gated Na+ 
channels near the motor end-plate is much higher at type IIx and /or IIb muscle fibers compared to 
type I and IIa fibers. This would effectively lower the threshold for action potential generation in 
response to end-plate depolarization (see below).

The diaphragm muscle is clearly susceptible to neuromuscular transmission failure. For ex-
ample, if the phrenic nerve is maximally stimulated at ~40 Hz in 330 ms trains repeated each 
second (corresponding to the maximal motor unit discharge rates and duty cycle occurring during 
quiet breathing), the force generated by the diaphragm muscle will rapidly decline (e.g., an ~70% 
decrease in force within 2 minutes). However, if the diaphragm muscle is stimulated directly ( by-
passing the neuromuscular junction), the evoked force is much higher. The difference in diaphragm 
muscle force generated by phrenic nerve stimulation versus direct muscle stimulation reflects the 
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extent of neuromuscular transmission failure [60, 108]. Under such non-physiological conditions, 
diaphragm muscle fatigue induced by repetitive phrenic nerve stimulation is predominantly due to 
neuromuscular transmission failure [103]. However, as mentioned above, to accomplish ventilatory 
behaviors of the diaphragm muscle, it is necessary to recruit only type S and FR motor units (type I 
and IIa muscle fibers). The neuromuscular junctions at type I and IIa fibers are specifically suited to 
sustain repetitive activation without failure. Type FInt and FF motor units in the diaphragm muscle 
are infrequently recruited and only for shorter durations. Thus, neuromuscular junctions at type IIx 
and IIb fibers are specialized to ensure reliable activation of these larger fibers for short periods of 
time [52]. However, they are not designed to sustain repeated activation over longer periods (e.g., 
as occurs during breathing ) ( Figure 34).

It has been clearly demonstrated that the efficacy of neuromuscular transmission varies across 
motor unit types in the diaphragm muscle, especially during repeated activation. The safety factor 
for neuromuscular transmission is determined by the ratio of end-plate potential (EPP) amplitude 
to the threshold for muscle fiber action potential generation. The amplitude of EPPs is greater at 
type IIx and /or IIb diaphragm muscle fibers, reflecting the higher quantal release of ACh. Recall 
from the equation above (dVm /dt = Ic /Cm ), the change in membrane potential ( EPP) will depend 
directly on synaptic drive (Ic ) as determined by quantal release but indirectly on muscle fiber mem-
brane surface area (Cm). The membrane surface areas of type IIx and /or IIb diaphragm muscle 
fibers are 2–3 times larger than those at type I and /or IIa fibers. For action potential generation, 
this is partially offset by the higher density of voltage-gated Na+ channels that effectively lower the 

FIGuRE 34: Neuromuscular transmission failure of the diaphragm muscle. The phrenic nerve was 
stimulated at 40 Hz in 300 ms trains repeated every s. In addition, direct muscle stimulation was super-
imposed every 15 s. Neuromuscular transmission failure was estimated by the difference between force 
induced by nerve stimulation versus direct muscle stimulation. Modified with permission from Sieck  
et al. [108].
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threshold for action potential generation at type IIx and /or IIb fibers. Thus, overall, the safety fac-
tor for neuromuscular transmission during a single evoked response is higher at type IIx and /or IIb 
fibers compared to type I or IIa fibers. However, during repetitive stimulation, the EPP amplitude 
progressively declines across all fiber types, but the decline is much greater at type IIx and /or IIb 
fibers. Accordingly, type IIx and /or IIb diaphragm muscle fibers are much more susceptible to neu-
romuscular transmission failure. 

Synaptic plasticity is a hallmark of the ability of the nervous system to adapt in response to 
both intrinsic and extrinsic stimuli, and forms the basis for changes in the efficacy of synaptic trans-
mission. There are a number of changes that could affect synaptic plasticity at the neuromuscular 
junction: 1) neuromuscular activity may change due to changes in external load or altered ventila-
tory or non-ventilatory requirements; 2) muscle fiber size may change—atrophy or hypertrophy, or 
fiber type composition may be altered; and 3) the number of motor neurons may be reduced due 
to disease or trauma resulting in denervation of some muscle fibers, which are subsequently re- 
innervated by the sprouting of axons from remaining motor neurons [58, 68]. 

In the late 1940s, Donald Hebb introduced the concept of activity-dependent synaptic plas-
ticity, which addresses the structural and functional changes that occur at synapses in response to 
altered use (either an increase or decrease in activity) [44]. According to the Hebbian theory, syn-
aptic efficacy is enhanced when the extent of correlation between pre- and post-synaptic activity 
increases. With an increase or decrease in neuromuscular activity, synaptic plasticity may occur, but 
only if there are alterations in the fidelity of neuromuscular transmission (i.e., extent of correlation 
between pre- and postsynaptic activity) [70]. 

6.7 PRoPRIoCEPtIVE FEEDbACK
Our skeletal muscle fibers generate force and contract. Proprioceptors provide sensory feedback 
regarding the efficacy of these motor functions. Muscle spindles are situated in parallel with skeletal 
muscle fibers and mechanoreceptors that sense muscle fiber length. Muscle spindles have a fusiform 
shape, and at each end, there are intrafusal muscle fibers that are innervated by gamma motor neu-
rons. Contraction of intrafusal muscle fibers adjusts the stretch on the sensory component of the 
muscle spindle and thereby adjusts the sensitivity and gain of the receptor. Muscle spindles respond 
to both static length of muscle fibers as well as a dynamic change in muscle length. The afferent 
sensory feedback from muscle spindles synapse directly on the motor neurons that innervate the 
muscle in which they are located and exert an excitatory effect. At the same time, muscle spindle 
sensory feedback exerts an inhibitory effect on motor neurons innervating antagonist muscles via 
a disynaptic pathway. Thus, if a muscle spindle is located in a flexor muscle such as the biceps, its 



NEuRAl CoNtRol oF RESPIRAtoRy MuSClES 75

afferent sensory feedback will result in excitation to motor neurons innervating the biceps while 
exerting an inhibitory effect on motor neurons innervating the triceps muscle.

Golgi tendon organs are mechanoreceptors situated in series with muscle fibers in the ten-
don. As muscle fibers generate force Golgi tendon organs are activated; thus these receptors sense 
the efficacy of force generation. Afferent sensory feedback from Golgi tendon organs exerts an in-
hibitory effect on the motor neurons innervating the same muscle. Thus, Golgi tendon organs exert 
a simple negative feedback effect.

The diaphragm muscle has very few if any muscle spindles. In contrast, the intercostal mus-
cles are richly supplied with muscle spindles, which appear to play an important role in postural 
adjustments of the ribcage. In addition, sensory feedback from muscle spindles located in the inter-
costal muscles can exert an excitatory effect on phrenic motor neurons. This effect has been termed 
the intercostal to phrenic reflex.

The central tendon of the diaphragm muscle contains Golgi tendon organs that respond to 
force generation by diaphragm muscle fibers. The precise role of Golgi tendon organs in modulat-
ing diaphragm force generation during ventilatory behaviors is unclear. However, sensory feedback 
from Golgi tendon may become important in limiting force generation during higher force, non-
ventilatory behaviors or the diaphragm muscle. 

6.8 PERIPHERAl CHEMoRECEPtoRS
Peripheral chemoreceptors are located outside the central nervous system in specialized structures 
called the carotid and aortic bodies. The peripheral chemoreceptors respond to changes in the O2 
and CO2 levels in the arterial blood. The carotid body is located in the neck at the division of the 
common carotid artery into the external and internal carotid arteries. The aortic body is located at 
the arch of the aorta. Both the carotid and aortic bodies contain sensory receptors that transmit af-
ferent sensory nerve information back to the central nervous system. Afferent sensory nerves from 
the carotid body are located in the glossopharyngeal nerve (cranial nerve IX ), whereas afferent 
sensory nerves from the aortic body are located in the vagus nerve (cranial nerve X ). 

Normally, the partial pressure of O2 ( pO2) in the arterial blood is ~80 mm Hg and the partial 
pressure of CO2 ( pCO2 ) is ~40 mm Hg. If arterial pO2 decreases (hypoxia), the peripheral chemo-
receptors are stimulated, which then triggers an increase in ventilation via an increase in respiratory 
rate or tidal volume. A change in arterial pCO2 is normally sensed by the central chemoreceptors 
(see below); however, the peripheral chemoreceptors are also sensitive to an increase in pCO2 and 
the resulting change in pH (see below). The sensitivity of the peripheral chemoreceptors to changes 
in pO2 (and pCO2 ) can be modified by neural efferent mechanisms. For example, there are efferent 
nerves to the carotid body that release dopamine, which acts as an inhibitory neurotransmitter to 
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suppress the activity of peripheral chemoreceptors. Thus, the sensitivity of peripheral chemorecep-
tors can be acutely modulated.  The sensitivity of peripheral chemoreceptors can also be affected by 
aging and chronic disease. For example, individuals with obstructive sleep apnea display repeated 
episodes of hypoxia. As a result, their peripheral chemoreceptor sensitivity to hypoxia is blunted.  

The effect of peripheral chemoreceptor response to hypoxia is very evident when you are ex-
posed to high altitudes, where the O2 level in the ambient air is reduced. At high altitude, the frac-
tional concentration of O2 in the air remains the same at ~21%; however, the atmospheric pressure is 
reduced, thus the pO2 is reduced. For example, at sea level, the atmospheric pressure is 760 mm Hg, 
which results in a pO2 of  ~160 mm Hg in the air. In contrast at 20,000 ft, the atmospheric pressure 
is 365 mmHg and the pO2 is only 77 mm Hg. As a result, there is less O2 available for alveolar gas 
exchange and hemoglobin in the arterial blood becomes less saturated with O2. In response, the 
peripheral chemoreceptors are stimulated and ventilation increases.

6.9 CENtRAl CHEMoRECEPtoRS
As their name implies, central chemoreceptors are located within the central nervous system, spe-
cifically in the floor of the fourth ventricle of the brain stem. These are neurons that respond to 
changes in the pH ( H+ ion concentration) of the cerebrospinal fluid (CSF ) as a result of changes in 
the level of CO2 in the blood, which rapidly diffuses into the CSF. Through the carbonic anhydrase 
reaction, CO2 levels in the CSF equilibrate with H+ and HCO3

- ion concentrations. 

CO2 + H2O
Carbonic Anhydrase

H+ + HCO3
-

If as a result of exercise or some other activity, blood CO2 levels increase then CO2 levels in 
the CSF increase pushing the reaction to the right; thereby increasing H+ ion concentration (de-
creasing pH ) and HCO3

- ion concentration in the CSF. Normally, pH of the CSF is ~7.4. Under 
alkaline conditions, pH is > 7.4, and under acidic conditions, pH < 7.4. When the CSF pH is acidic, 
as during exercise, the central chemoreceptors respond to increase ventilation and thereby decrease 
CO2 levels in the blood—a negative feedback mechanism. Conversely, if you hyperventilate (e.g., at 
high altitude in the example shown above), CO2 levels in the blood will fall below normal and this 
will have an effect to inhibit ventilation.

•  •  •  •

s
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