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Abstract

The pursuit of a greater understanding of the biological membrane has led to the
development of a number of mimetics and probing techniques. This thesis contributes to both

of these efforts.

Towards the development of mimetics, poly(N-isopropylacrylamide) (opNIPAM)
microgels were explored as membrane supports. PNIPAM microgels are “smart” materials that
experience a volume phase transition (VPT) at ~32°C, where they undergo a severe loss in
volume. The core-shell microgels were synthesized with a low crosslinked pNIPAM core covered

by a highly crosslinked pNIPAM shell that was functionalized with exploitable carboxylates.

It was shown that a lipid bilayer could be coated on these microgels using either
liposomes or bicelles. Specifically, lipid bilayer enclosed microgels made with liposomes
(“Lipogels”) were created by using hydrophobically modified microgels, which possessed the
ability to sequester liposomes that could ultimately be fused into a continuous bilayer. It was
also found that above the VPT temperature, surface decoupled lipid protrude into highly curved

structures. Hence, the VPT property could be used to control the curvature of the Lipogel



bilayer. These particles could be useful platforms for conducting biophysical membrane studies

as well as drug delivery vehicles.

Bicelles were also explored as lipid sources for microgel coating, resulting in the creation
of “Bicellogels”. Electrostatic attraction between cationic bicelles and unmodified anionic core-
shell pNIPAM microgels resulted in the coating of the latter. Astonishingly, the resulting bilayer
was made up of only the long chain bicellar lipid. Due to the simplicity of this method, it could

be extended to easily coat all types of soft material.

The last development on the pNIPAM front involved the coupling of intact liposomes to
microgels to create “VESCOgels”. These complexes offer two distinct cargo holds through which
temporally distinct release can be achieved. Hence, they could be very useful for applications in

tandem release.

Lastly, the *'P CODEX NMR technique was adapted to study the lateral diffusion of
phospholipids in large liposomes. This technique allows for the measurement of lateral
diffusion coefficients of multiple phospholipids simultaneously. This could prove useful for the
study of such biologically relevant phenomena as domain formations and drug-lipid

interactions.
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Introduction

Biological membranes are made of lipid bilayers which support a host of
macromolecules within their milieu. They are approximately 50 A thick, and consist of a
hydrophobic layer separating two hydrophilic regions on either side which are in direct contact
with the cellular interior and exterior. This morphology allows the membrane to function as a
barrier to certain ions, effectively allowing the cell to maintain a distinct inner environment. To
render the membrane capable of complex functions, a variety of proteins, sterols and
carbohydrates occupy a considerable volume of the bilayer. These macromolecules are often
asymmetrically distributed in the leaflets but are usually allowed to diffuse laterally along the
membrane due to the fluid nature of the lipid bilayers. All of this enables the membranes to
participate in important functions such as molecular cargo transport, signal transduction, and
motility. Due to the simultaneous occurrence of diverse phenomena taking place in the cell
membrane, studying specific properties in isolation is often difficult with even the most
sophisticated of techniques. Hence, ideal artificial model membrane systems are often used
that mimic the essential features of the cell membrane that are of interest to the experimenter.

As an introduction to the contents of this thesis, essential aspects of lipids will be
reviewed and the model membrane mimetics used in the thesis will be discussed. Within this
section, supported bilayers will receive special attention, with specific mention of the strategies
used to fabricate them. Furthermore, basic theory of fluorescence and solid state nuclear
magnetic resonance (ssNMR) will also be presented to provide background for the

characterization techniques used in this thesis.



1.1 Basics of Lipids

A lipid is an amphipathic molecule, consisting of both a hydrophilic and hydrophobic

region within its structure. Membranes are mostly lipids by number, consisting of

phospholipids, sphingolipids, sterols and fatty acids. Phospholipids constitute the majority and

structurally consist of a hydrophilic phosphate bearing headgroup bonded to a hydrophobic

diglyceride. The headgroup could be zwitterionic or charged depending on the moiety

connected to the phosphate group. The diglyceride is composed of two fatty acid chains linked

to a glycerol via an ester bond. The fatty acids could be saturated (i.e. have no double bonds) or

unsaturated (i.e. possessing double bonds) and can vary in carbon chain length. A list of

phospholipid lipid headgroups and chains are illustrated in Figure 1-1.
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Figure 1-1: Examples of a few phospholipid head groups and fatty acid chains. The X marks
where the headgroups are attached while R, represents where the chains reside.



Phospholipids tend to spontaneously aggregate into various assemblies in aqueous
solutions when their concentration exceeds the so-called critical micellar concentration (CMC).
This is primarily due to the hydrophobic effect. Water molecules tend to form intermolecular
hydrogen bonding networks with lipid headgroups, but not with their non-polar chains. Thus, at
concentrations less than the CMC, phospholipids exist as monomers with a cage-like layer of
water molecules surrounding the alkyl chains in an entropically unfavourable configuration.
When concentrations reach the phospholipid CMC, aggregates with hydrophobic cores
spontaneously form. These structures reduce the disruption of the water hydrogen bonding
network and thus, minimize the free energy of the system. The morphology of the aggregates
that are formed are a function of the size of the phospholipid headgroup (a,) relative to the
volume (v) and length (I.) of the acyl chains.” This is encapsulated in the so-called critical

packing parameter (p):

Equation 1

Table 1-1 summarizes the relationship between the lipid shape, p and the aggregate
structure for phospholipids. Short chain phospholipids with a 5-9 carbon units on average, take
the form of micelles and pack in structures possessing high surface curvature.” However, owing
to the large carbon chains and headgroups of most phospholipids, bilayers are the most likely

assemblies found above their CMCs.



Table 1-1: Summary of the relationship between chain length of phospholipids, the critical
packing parameter (p), the corresponding shape of the lipid and the lipid aggregates that
result from those shapes. Figure adapted from Israelachvili et al.! and supplemented with data
from Ma et al.?
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Phospholipids packed within the lamellae structure of bilayers interact with each other
primarily through Van der Waal attractions between the acyl chains. These attractions scale by
the length and level of saturation of the chains. Hence, the strongest attractions occur for
phospholipids with large saturated chains. Short chains do not allow interactions over a large
chain surface area while unsaturated “kinked” chains do not allow close packing of the lipids.
Single component phospholipids exist either in the gel state (or solid ordered phase) or the
liquid-crystalline state (or liquid disordered phase). The temperature at which the transition
from one state to another occurs is known as the melting temperature (Ty). At temperatures
below Ty, lipids exist in the gel state, which is characterized by the tight packing of lipids with
the acyl chains fully extended in an all trans conformation. At temperatures above Ty, lipids

adopt the liquid-crystalline state and thus, possess much greater mobility. The thermotropic




state of a phospholipid bilayer has a major influence on its permeability, fusion behaviour and
ability to allow molecular docking.

In addition to the intrinsic atomic motions, a phospholipid molecule is also dynamic as a
whole within a bilayer. There are three main types of whole body motions that lipids undergo,
as illustrated in Figure 1-2, with vastly different timescales. At one extreme, rotation of the lipid
molecule about an axis parallel to the bilayer normal is very fast, with correlation times on the
order of nanoseconds.? At the other end, uncatalyzed flipping of the lipid molecule between
leaflets (i.e. “flip-flop” motions) is very slow, occurring over hours. Between those two
extremes, lateral diffusion of lipids within the bilayer plane occurs with diffusion coefficients of

10 to 10°® cm?/sec.
-

Figure 1-2: Whole body motions typically found in lipid membranes. The red highlighted lipid

displays rotational motion around an axis parallel to the bilayer normal. The green highlighted

lipid shows lateral diffusion behaviour. The yellow highlighted lipid exhibits “flip-flop” between
the two leaflets.

In particular, lateral diffusion of constituents allows the lipid bilayer to accommodate
distinct heterogeneous environments within its milieu and also facilitates the performance of a

variety of critical functions.* Lateral diffusion also plays an important role in intramembranous

10-15

drug trafficking and distribution. All of this has provided an impetus to develop increasingly



sophisticated techniques to measure lateral diffusion within bilayers. In Chapter 5, the

measurement of the lateral diffusion of phospholipids will be dealt with in detail.

1.2 Model Membrane Mimetics

In this section, three types of membrane mimetics will be discussed: liposomes, bicelles
and supported bilayers. For each, a basic definition will be proffered, and their morphology and
synthesis will be reviewed with a brief mention of the applications they have enjoyed. In
addition, within the discussion of supported bilayers, polymer spheres made of N-
isopropylacrylamide will be given special mention as supports due to their importance to this

thesis.

1.2.1 Liposomes

Liposomes are spherical lipid bilayers with an aqueous core. Liposomes can be classified
into four main categories (as shown in Figure 1-3): large multilamellar vesicles (LMVs), giant
unilamellar vesicles (GUVs), large unilamellar vesicles (LUVs) and small unilamellar vesicles

(SUVs).



Do,

Size: >1pum >1um 80-800 nm 20-50 nm
Figure 1-3: lllustration of the four main types of liposomes. A single outline represents a
bilayer. (A) A large multilamellar vesicle (LMV). (B) A giant unilamellar vesicle (GUV). (C) A large
unilamellar vesicle (LUV). (D) A small unilamellar vesicle (SUV).

LMVs are usually on the order of tens of microns in size and consist of multiple lipid
bilayers and smaller entrapped vesicles. By virtue of being the most thermodynamically stable
form, they can be easily formed by hydrating a dry lipid film. In fact, the first structures
observed by Bangham et al.’® credited to be the first observation of liposomes, were LMVs
resulting from the simple hydration of a lecithin film.

GUVs possess the same size dimensions as LMVs but are unilamellar. Synthesis of a
monodisperse batch of GUVs reproducibly has proven to be quite challenging. A popular
method to prepare dilute concentration of GUVs in low ionic strength buffers involves applying
electrical fields to a lipid film containing chamber that is sandwiched between electrodes made
of platinum wire or indium tin oxide. To bring the GUVs up to physiological salt concentrations,
a subsequent solvent exchange needs to be performed.!” Another common method involves
the re-hydration of a dehydrated lipid film deposited from unilamellar vesicles. The presumably

single lamellae lipid film usually forms a polydisperse suspension of GUVs in buffer, which could

be rendered monodisperse by extrusion through membranes with well-defined pores.
7



LUVs, in contrast to GUVs, are ca. 80-800 nm in diameter. Depending on the size of LUVs
that are desired, numerous methods are available for their preparation. A popular method to
prepare a concentrated, monodisperse batch involves extruding LMVs through polycarbonate
membranes with pore sizes at a maximum of 200 nm. If a concentrated batch of monodisperse
LUVs are desired with diameters greater than 200 nm, detergent dialysis is often employed: a
detergent solubilized lipid solution is subjected to slow dialysis against non-detergent
containing buffer, leading to the formation of LUVs. An easier alternative though, is the
dehydration-hydration method described above which can also be used to make LUVs, albeit
with extrusion through membranes with an appropriate pore size.

SUVs are liposomes of small dimensions, usually around 20-50 nm in diameter. Due to
the high membrane curvature energy inherent in their small structures, SUVs are the least
stable liposomes. Sonication of a dispersion of LMVs is the most common method of SUV
preparation, in which the size of the aggregates can be controlled via sonication power.
Extrusion through < 50 nm pored membranes, as described above, can also be used to form
SUVs.

In terms of applications, liposomes have been utilized heavily in both fundamental and
applied research. They have been the choice as mimetics of rudimentary cell membranes for
biophysical interrogations using a wide variety of microscopic and spectroscopic techniques,
since they allow control over lipid composition, size, lamellarity and stability. Also, due to the
cargo space available within liposomes and the ability to easily functionalize their surface, they
have unsurprisingly been subject to intense research as drug delivery vehicles, with over 20

liposomal drug formulations approved or under development.'* %



1.2.2 Bicelles

Bicelles are Bilayered m/CELLES and consist of at least two lipids with vastly different
hydrophobic chain lengths. Purely phospholipid based bicelles are made up of two phospholipid
molecules with vastly mismatched acyl chain lengths. Depending on the molar ratio (g) of the
long-chain and the short-chain lipid, a variety of bicelle forms can be obtained as shown in
Figure 1-4. As discussed before, short-chain lipids tend to form micelles while long-chain lipids
form lamellar structures. Mixtures of the two tend to produce either small, disc-like bicelles or
large lamellae perforated with holes.

Discoidal bicelles occur when a relatively high concentration of short-chain lipids are
used, such that 1 < g < 3. The disc-like morphology consists of planar, long-chain lipid rich,
lamellae rimmed by the short-chain lipids. The size of these bicelles is dependent on the g value
at a particular temperature and can range from 16 to 40 nm in diameter.? At lower
concentrations of short-chain lipid (g > 3), Swiss cheese like lamellar structures are obtained.
These perforated lamellae consist of bilayers of long-chain lipids pierced with short-chain lipid

rich holes.



Micelles %%% g=0

Discoidal
Bicelles

Perforated
Lamellae

Figure 1-4: Lipid bicellar aggregates that are obtained at different g values. The value of g is
[long chain lipid]

determined by the equation: . Adapted from Macdonald and Soong.24

[short chain lipid]

Although idealized representations of bicelles show a neat segregation of the short- and
long-chain lipid, mixing of the two lipids has been experimentally shown to occur at
temperatures above Tm.2> What this entails essentially is the migration of the short-chain lipid
to the planar, long chain lipid rich region. This mixing results in a morphological change in the
bicelle, since the surface area of the bicelle planar region increases due to the addition of lipids
from the curvy regions. For discoidal bicelles, this mixing manifests in the elongation of the
bicelles. For perforated lamellae, the lipid mixing entails fewer and / or smaller holes due to a
loss of the short chain lipid to the bicelle plane.

Reproducible bicelle preparation is quite simple and can be accomplished without
special equipment. Typically, a pre-mixed powder or lipid film containing both lipids is hydrated
with buffer. An application of a few cycles of cooling, heating and vortexing is then usually
employed to homogenize the sample. Another method involves introducing the short-chain

lipid as micelles to lipid films or pre-formed liposomes of the long chain lipid. Although less
10



commonly used, this method is useful for applications in which pre-incorporation of molecules
within the micelles aid in their ultimate integration within the bicelle hydrophobic core, as is
the case, for example, for incorporation of transmembrane proteins into bicelles.

Bicelles have enjoyed a wide variety of applications. Bicelles have been used to
solubilize integral proteins for structure determination, and have also been used to impart
orientation order to both integral and globular proteins due to their propensity to align parallel
or perpendicular to the magnetic field. Thus, bicelles have enjoyed much fanfare in NMR and
electron paramagnetic resonance (EPR) studies, which have been extensively reviewed in the

24,26,27

literature. Bicelles have also been used to crystallize membrane proteins for X-ray

28-30 31-33

structural studies, and, to coat solid substrates.
Bicelles have also been employed for molecular delivery applications. Even though they

do not have an aqueous cargo space like liposomes, the bicelle hydrophobic core can act as a

reservoir for hydrophobic drugs or proteins. A concrete example of this is the use of bicelles for

dermatological applications.***

1.2.3 Supported bilayers

Supported phospholipid bilayers (SPBs) have been an intense area of research since
their development about three decades ago. SPBs are intact lipid bilayers of various
compositions deposited on a surface. The surface could be “hard” or “soft”, and could be planar
or spherical.

Historically, the first SPB was developed by Brian and McConnell using a planar, smooth
glass surface.® It was quickly recognized that though the hard surface provided 1 — 2 nm of
hydration, it was not enough to ameliorate deleterious effects on large macromolecules

11



embedded in the lipid bilayer. As a solution to this problem, it was envisioned that highly
hydrated polymeric surfaces would be able to decouple the lipid bilayer from the underlying
support. Spinke et al.*’ provided the first example of this when they developed a lipid bilayer
supported on a soft surface composed of 2-hydroxyethyl acrylate that was pre-coated to a

planar gold surface. Other polymers such as cellulose or polyethylene glycol have also been

38-40

used as soft supports. The hydration offered by these polymers rendered the planar

bilayers air-stable, a key development towards their use in biosensors.*™**

Though planar supported systems were used extensively as artificial cell membranes, it
was recognized that spherical supports offered the requisite curvature for cell membrane shape
mimicry. Interestingly, phospholipid coating of a soft surface was accomplished prior to that of
a hard surface in the case of spherical supports. Gao and Huang* were the first to produce a
spherical supported membrane when they coated gold nanoparticle entrapped agarose-gelatin
spheres with phospholipids. This was followed by Bayerl and Bloom*® who used hard

polystyrene beads as supports for lipid bilayers. Numerous attempts have followed in their

46-54 55-60
d

, mesoporous and soft materials®*™®’.

steps using various har
A subset of soft material that has not enjoyed much fanfare in the field is “smart”
materials. These materials respond to external stimuli, like temperature, pH, light and ligands,

to produce profound changes in material properties. Although there are many examples of

68-84

using smart materials to change the properties of lipid bilayers , there are only a few

85,86

examples of coating them with lipid bilayers™*". A pioneering example that illustrates the

85
l.

utility of lipid coated smart material was provided by Kiser et al.”, in which they demonstrated

controlled drug delivery from lipid coated pH sensitive microgels.
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Among smart polymers, poly(N-isopropylacrylamide) (pNIPAM) is arguably the most
popular polymer explored in the literature. Due to its importance to the work presented in this
thesis, its characteristics and synthesis will be discussed in much more detail before discussing

the strategies that are used to generally create supported bilayers.

1.2.3.1 Basics of pNIPAM microgels

NIPAM is a water soluble monomer (see Figure 1-5 for structure) that can be
polymerized into linear or gel forms. PNIPAM is thermo-responsive and hence, is considered a
smart polymer. Typically, pNIPAM undergoes a large volume change at a lower critical solution
temperature (LCST) of ~32°C. In the context of gels, this property is known as the Volume Phase
Transition (VPT), and entails a severe shrinking of the overall gel size. The transition can be
explained by invoking the hydrophobic effect that predominates at high temperatures.
Basically, at temperatures below the LCST, pNIPAM chains are rendered water soluble due to
hydrogen bonding of water molecules to the amide moiety. The water layer extends to the
hydrophobic isopropyl group as a clathrate. At high temperatures, the hydrogen bond network
is disrupted resulting in the attractive Van der Waal forces between the hydrophobic groups
dominating. This results in the expulsion of water from the matrix and a collapse of the chains

into a compact conformation.

=

Figure 1-5: Structure of N-isopropylacrylamide.
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PNIPAM gels can be formed into slabs, films, and spheres. A subset of pNIPAM gels that
have been a subject of intense research is microgels. PNIPAM microgels are sub-micron to
micron sized, and are often chemically crosslinked. Pelton and Chibante® were first to
synthesize pNIPAM microgels via an aqueous free radical precipitation polymerization in 1986
using methylene bis(acrylamide) (MBA) as the chemical crosslinker. The ease, safety,
reproducibility and the scalability of this method has made it the most common method that is
still utilized to synthesize pNIPAM microgels. The free radicals in this method are usually
produced through thermal decomposition of initiators, such as persulfates. At high
temperature, the initiators decompose into activated radicals that attack free pNIPAM and
MBA monomers, resulting in a growing polymer chain. When a pNIPAM chain reaches a critical
length, it collapses and precipitates out of solution. This precursor particle act as a nucleation
site for further growth through oligomer deposition and particle aggregation. The final size of
the microgel can be tailored to specific size ranges by adjusting the stirring speed,
temperaturess, initiator concentrationsg, crosslinker concentration® or by adding a
surfactant®,

Besides size, the microstructure of the microgel can be controlled as well. Usually, this is
accomplished by a careful selection of a crosslinker with a favourable reactivity ratio and
hydrophilicity. MBA, for example, has a higher reactivity ratio compared to NIPAM resulting in
its propensity to occupy the interior of the fully formed microgel.92 This results in a hairy
microgel with a highly crosslinked interior.

PNIPAM microgels have also been functionalized with a host of different chemical

93,94 7 phenylboronic acids®, and “clickable” groups™.

groups such as carboxylic acids™”", amines
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Depending on the reactivity ratio of these groups with pNIPAM, the distribution can be readily
controlled albeit, at times, with less than quantitative incorporation. As an elegant example of
functional group distribution, Hoare and McLean'® have shown how the different carboxylic
acid containing monomers distribute within the pNIPAM matrix simply as a function of their
reactivity ratio.

Another way of fabricating microgels with controlled crosslinking and functional group
density involves tweaking the overall microgel architecture. In this regard, microgels with a
chemically and physically distinct core and shell provide a convenient morphology to selectively
place functional groups either in the interior or the surface. The core-shell pNIPAM synthesis
was first introduced by Jones and Lyon™®* using a “seed and feed” approach, where pre-
fabricated purified pNIPAM cores were used as seeds on which the shell of a different
monomer composition was added in a controlled fashion, presumably to avoid flocculation of
the growing microgels. In subsequent attempts, however, addition of bulk monomers to
unpurified microgel seeds was found to produce colloidally stable microgel dispersions as

102-104
well.

1.2.4 Lipid immobilization techniques on soft surfaces

Bilayer deposition on soft surfaces has generally been achieved through either the
Langmuir-Blodgett (LB) method or lipid vesicle mediated self-assembly. The LB method involves
transferring a monolayer already spread at the air-water interface in a Langmuir trough to the
target substrate, followed by dipping of the adsorbed monolayer on top of a free lipid leaflet,
resulting in a bilayer. This method was first used by Kiihner et al.’® to deposit lipid bilayers to
polyacrylamide coated planar supports, a decade after its first utility as a means to coat a glass
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surface with phospholipid bilayers. The distinct advantage of this method is that it allows the
creation of bilayers with asymmetric compositions, which depending on the application, makes
up for its laboriousness.*® This method, however, cannot be extended to spherical substrates.

With regards to using liposome self-assembly to coat soft surfaces, maximizing the
strength of lipid-polymer adhesion is key to a successful deposition of bilayers. Lipid adsorption
on soft surfaces is generally inefficient due to the lack of specific interactions between the lipid
reservoir and the substrate.®” There are four main strategies that are employed to increase
adhesion between lipids and soft surfaces:

1) Electrostatic binding of charged vesicles to oppositely charged surfaces.

2) Incorporating functional groups to the lipid vesicles which are reactive to those pre-
installed on the support surface.

3) Modifying the support with hydrophobic groups that can sequester lipid vesicles.

4) Using unilamellar vesicles as polymerization reactors for entrapped monomers.

Binding of lipids to soft surfaces via electrostatics is achieved by incorporating charged
lipids in the lipid vesicle and by co-polymerizing or adsorbing charged polymers on the surface.
2861067108 |, Chapter 3, a successful deployment of this method is demonstrated albeit using
bicelles, rather than liposomes. This method is fast and convenient, but is often sensitive to the
environment ionic strength and pH. Furthermore, subsequent fusion of charged vesicles into
bilayers on the surface is usually prohibited, owing to the lack of close inter-bilayer apposition
due to Coulombic repulsion between the liposomes. This could be advantageous for
applications that require adhesion of liposomes with distinct cargo to a surface'®, and is
exploited in Chapter 4 to make liposome coated microgel complexes, but is a bane for lipid
bilayer coating applications. Lastly, due to the requirement of incorporating specific charged
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groups in the vesicle at non-negligible amounts, pure one component lipid compositions cannot
be used with this method.

To couple lipid vesicles to surfaces strongly, mutually reactive moieties are incorporated
on the lipid and polymeric surface. An example of this method was demonstrated by

MacKinnon et al.**°

, in which biotinylated lipid vesicles were bound to avidin modified pNIPAM
microgels. DNA-aptamer conjugation has also been employed to couple lipids to a polymer.***
Chapter 4 describes another example of this strategy where amine incorporated liposomes
were adsorbed covalently to activated pNIPAM microgels.

Generally, the main advantage of the mutual reactivity method is the strong coupling
that is achieved between the two surfaces in very mild conditions and, essentially, “on-
demand”. However, the complicated synthesis, high cost or low incorporation of the reactive
groups are usually the main issues that are confronted when using this strategy. Also, the final
lipid coating that is deposited on the surface still contains unreacted moieties, which may be
undesirable especially for in vivo applications.

To coat surfaces with unconstrained lipid compositions, hydrophobically modifying the
polymeric surfaces with sufficiently long alkyl-chains or phospholipids is employed.'%*1041127115
These hydrophobic groups intercalate into the lipid bilayers of the vesicles, effectively
immobilizing them to the surface. Chapter 2 shows an example of this, in which tetradecyl
modified pNIPAM microgels were coated with a bilayer, using LUVs made of one type of
phospholipid only. The main disadvantage of this method is that the hydrophobic modification
could be potentially laborious, time consuming and incomplete. Furthermore, high surface
hydrophobic modification tends to destabilize the adsorbed lipid bilayers.'®® In terms of

spherical supports, highly hydrophobic surfaces also lead to severe aggregation of the particles
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in agueous solutions at even moderate concentrations. Hence, scaling up the production of
lipid-polymer complexes through this method can become problematic.

Hitherto, the discussion has exclusively focused on polymeric materials as support
templates onto which lipids are introduced. Of course this is not the only route available to
create lipid-hydrogel complexes. Alternatively, liposomes themselves have also been used as
support templates, in the form of reactors. Generally, this entails the entrapment of monomers
of a typical polymeric formulation inside liposomes, followed by selective polymerization. LUVs
around 100 nm in diameter have been the template of choice for this strategy. Monomers are

197 or microfluidics'?°, with subsequent polymerization

loaded into LUVs through extrusion
carried out with care so that only the entrapped contents undergo gel formation. For the case
of GUVs, monomers can also be injected into the large vesicle.*** The advantage of this method
is that the size and lamellarity of the bilayer coating can easily be controlled. However, that is
only true for LUVs that are about 100 nm in diameter. Monodisperse LUVs approaching the size
of a micron, which are useful for optical and NMR biophysical studies, are usually hard to
prepare. Hence, since the liposomal template in this strategy is the ultimate determiner of the

final lipid-polymer complex, large scale production using this strategy has only been limited to

smaller LUVs.

1.3 Fluorescence and NMR Spectroscopic Characterization of Membranes: Basic
Theory

Membrane mimetics in this thesis have been studied using both fluorescence and NMR

spectroscopic techniques. In this section, the basic theory for both of these techniques will be
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concisely presented to provide appreciation for the experiments that were conducted. The

details for both haven been adapted from standard texts and articles.*

1.3.1 Fluorescence

Fluorescence is typically observed from molecules possessing conjugated systems (i.e.
fluorophores) and is a type of luminescence. To describe the absorption and emission of light
that exhibit the fluorescence phenomenon, a Jablonski diagram is usually employed as shown in
Figure 1-6. When a fluorescent molecule is excited using light at an appropriate wavelength,
electronic transitions occur that excite molecules from the ground vibrational state (SEo) to
higher singlet states (SE; or SE,). Nuclear coordinates are considered static during this time
since electronic transition occurs on timescales much shorter than nuclear vibrational motions,
as per the Franck-Condon principle. After excitation, relaxation to the ground state occurs
through a number of non-radiative pathways. Within the singlet states, relaxation can occur
within the excited states (SE,->SE1) in a process known as internal conversion. Relaxation also
occurs between the vibrational energy levels within an excited state. Fluorescence emission
itself, however, is due to a molecule relaxing back to So. Since some of the energy absorbed by
the fluorophore is dissipated through non-radiative pathways, fluorescence emission is of a
different energy (i.e. wavelength) than excitation. This wavelength difference is known as the

Stoke’s shift.
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Figure 1-6: A simplified Jablonski diagram. SE,, are electronic states, while the straight parallel
lines represent vibrational states. The straight arrows represent transitions from one electronic
state to another. The squiggly arrow represents the internal conversion phenomenon.

One of the most important properties of a fluorophore is its quantum yield (Q), which
can be described as the ratio of photons emitted to those absorbed. It serves as a rudimentary
gauge of how brightly a molecule can fluoresce. Another way to think about Q is by considering
the emissive rate of the fluorophore (I') vis a vis the non-radiative decay rate (n,) via the

following equation:

Q= Equation 2

An appreciation that is gained from Equation 2 is that Q is near unity if the fluorophore

does not experience extensive non-radiative decay. The rhodamine class of fluorophores have
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some of the highest Q values and hence, enjoy ubiquitous use in fluorescence based
experiments.

The loss in Q is known as fluorescence quenching, and can occur due to a variety of
reasons. It can also be profoundly useful, as will be seen in Chapters 2, 3, and 4. One source of
guenching is photobleaching, in which the fluorophore chemically degrades due to prolonged
excitation and subsequent emission of photons. Though often regarded as a nuisance for most
applications, photobleaching is, however, profoundly useful to study diffusion within lipid
bilayers. The other types of quenching stem from the contact of the fluorophores with specific
molecules called quenchers. When fluorophores interact with quenchers that render them non-
fluorescent either through chemical modification or complexation, it is referred to as static
guenching. A good example of this is the quenching of 7-nitro-2-1,3-benzoxadiazol-4-yl (NBD)
bearing molecules via dithionite reduction to its non-fluorescent amino form, as shown in
Figure 1-7. In contrast to static quenching, dynamic quenching is a result of the energy transfer
or collisions between fluorophores and quenchers. This type of quenching is the basis for
Forster resonance energy transfer (FRET) based techniques and also, techniques to measure
accessibility of molecules to domains. Furthermore, fluorophores also experience self-
guenching at high concentrations, due to intermolecular non-fluorescent complex formation.'?
This property is inherent to all fluorophores, but is more pronounced in some. For example,

calcein exhibits quenching when increased above 20 mM.*3°

While this property destroys the
concentration linearity for quantification purposes, it is profoundly useful for studies where

content leakage is measured from large macromolecular systems, like liposomes.
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Figure 1-7: Dithionite static quenching of a fluorophore bearing NBD.

1.3.2 Solid State NMR (ssNMR)

ssNMR provides a non-destructive method for interrogating structural and dynamical
aspects of the lipid bilayer. NMR techniques have primarily been label-free and used nuclei with
favourable NMR properties, like *H and *'P. The molecular tumbling that is responsible for
narrow linewidths in liquid state NMR are absent in the solid state, and hence ssNMR
linewidths are quite broad. In the following section, a brief introduction to NMR theory of spin-
1/2 nuclei will be presented. This will be followed by an introduction to the *'P chemical shift
anisotropy (CSA) due to its usefulness in studying lipid members in general, and its importance
towards understanding the ssNMR experiment presented in Chapter 5. Also, the unique ssNMR

technique of Magic Angle Spinning (MAS) will then be outlined as it relates to the CSA.
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1.3.2.1 Basic Theory

In addition to the intrinsic properties of charge and mass, some nuclei also exhibit a
magnetic moment (u) by the virtue of possessing the property of spin. In terms of a quantum

mechanical operator, the magnetic moment for a nucleus can be described by:

Equation 3

=
Il
<
~>

where y is the magnetogyric ratio and I is the spin angular momentum operator. When a
nucleus with a magnetic moment is placed in an external field (By), the nucleus experiences the
so-called Zeeman interaction with the field which can be described by the following

Hamiltonian:
H = —yhB,I Equation 4

If the nucleus is spin-1/2, two energy levels are obtained from this Hamiltonian, which

are:
_1 .
= +§yhBo Equation 5

where E+l and E 1 represent the lower and higher energy level, respectively. To gain an
2 2

intuitive understanding of the NMR phenomenon, classical mechanics is usually evoked. So, for
an ensemble of molecules at thermal equilibrium in an external field B, oriented along the z-
axis of the Cartesian plane, the two energy levels will be populated according to the Boltzmann
distribution with the lower energy level possessing a slightly higher population. This unequal

distribution leads to the formation of a net magnetization (M) that is parallel to the magnetic
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field for y > 0 (common) or anti-parallel to the magnetic field for y < 0 (rare). In the By, field, M
experiences a torque and hence, precesses around the field at a characteristic frequency. This

frequency is known as the Larmor frequency (wg):
wo =YBy Equation 6

Since wy is a function of the magnetogyric ratio and scales with B, it is distinct for each
nucleus at a particular external field strength.

To probe these energy levels in NMR, the precessing magnetization is perturbed by the
application of an oscillating radio frequency (rf) pulse orthogonal to B,. When the rf field (B;) is
at or near the Larmor frequency, it interacts with M to move it away from its equilibrium z

position. The magnetization is said to be “flipped” by an angle, 8;, such that:
0; = yB1Tyf Equation 7

where 7, is the duration of the B; field pulse application and j is the axis along which that

pulse is applied. This results in the flipping the magnetization onto the xy plane. So, a g pulse
X

would result in M being flipped by 90° along the x-axis, and end up on the —y or y axis,
depending on the preferred convention. Using a single or composite of these pulses, the
magnetization can be manipulated in a variety of different ways to experience a range of
complex interactions. The resulting magnetization is ultimately detected when M freely
undergoes relaxation back to the z-axis. The two sources of relaxation to the equilibrium
position are the spin-lattice (or T;) relaxation and the spin-spin (or T,) relaxation. T; relaxation is

related to the return of the populations back to the Boltzmann distribution while T, relaxation
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is related to the loss of coherence between the spins constituting M. Both of these are sample
and temperature dependent, with T, being less than or equal to T;.

The resulting free induction decay (FID) can be Fourier transformed from the time
dependent decay to the frequency domain. Assuming that the magnetic field experienced by
the spins is fully homogenous, the resulting Lorentzians have linewidths that are T, dependent
with their full width at half-height (FWHH) characterized by:

1
FWHH = — Equation 8
T,

1.3.2.2 Chemical Shift Anisotropy in 31P NMR of Membranes

The indispensable power of NMR comes from its ability to distinguish different chemical
groups in a molecule via the so-called chemical shift. The chemical shift arises from a local
magnetic field that the nucleus experiences in addition to By. This secondary field is the result
of the circulation of electrons, which are induced by By itself. The local field experienced by the

nuclei, thus, can be summarized by:
B; =By(1—o0) Equation 9

where B, is the local magnetic field experienced by a nucleus and o is the shielding tensor. The
shielding tensor is a 2" rank tensor and is generally anisotropic. Diagonalizing o by moving to

the principal axis frame (PAF) results in the following 3x3 matrix:

PAF
Oxx 0 0
PAF _ PAF
o = 0 Oyy 0
0 0 JZ’;AF
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PAF _PAF

where gy, gy, and oPAF are principal axis values whose magnitudes, by convention, are

ordered as oyy" < oy F< 07F . These values can be rendered quite useful for experimental

purposes by expressing them as follows:

1 .
Oiso = 5(03’;?” +obtF 4+ ofAF) Equation 10
Dreq = 05 — 050 Equation 11
PAF _ _PAF

oPAF _ ¢
n= = Equation 12

o PAF

ZZ

where g;q, is the isotropic value, A,.4 is the reduced anisotropy™** and 77 is the asymmetry
factor.

The shielding tensor in the PAF can be moved to the lab frame by orienting B in the
PAF via polar angles (6, ¢), as shown in Figure 1-8. The chemical shift frequency can then be

described by:

1 .
Wi = Wiso — EwoAred(3 cos? 6 — 1 + 17 sin 6; cos2¢;) Equation 13
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Figure 1-8: Orientation of By in the principal axis frame using the polar coordinates (9, ¢).

While 8 is the angle between B, and a2AF, ¢ is the angle between the projection of B, on the

XY plane and g PAF,

The molecular orientation dependent nature of the chemical shift has huge implications
for ssNMR. In liquids, since tumbling allows molecules to sample all the orientations available,
the orientation dependence is lost and instead, only an isotropic chemical shift is observed
(Figure 1-9). A solid sample, however, contains molecules that are oriented along B, in fixed
orientations. Hence, the resulting spectrum of such a sample is an amalgamation of the
chemical shift frequencies experienced by each molecule and is known as a “powder” pattern.

Examples of characteristic powder patterns are shown in Figure 1-9.
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Figure 1-9: lllustration of the characteristic patterns and principal axis “faces” of the isotropic,
axially symmetric and axially asymmetric cases. The orientations of the principal axes are
hypothetical and are simply meant to exhibit a possible asymmetry that might result in the
corresponding power pattern.

Of particular importance to >'P NMR spectra of spherical phospholipid bilayers is the
axially symmetric case. As discussed before, whole body rotation of a lamellae embedded
phospholipid axially about the bilayer normal occurs at a timescale of nanoseconds. Hence, on

the NMR timescale (> milliseconds), the asymmetry of the phospholipid headgroup is lost due
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to motion averaging. The chemical shift frequency then only depends on 8. This implies that the
chemical shift frequencies will effectively reflect the orientation of the tensors parallel

A

— P PAS PAS
(wll = Wyz

$) and perpendicular (w, = wf45 = wyy,") to the magnetic field, B,. Hence,

Equation 13 for an axially symmetric case can be expressed as:
1 :
W; = Wigo + §A (3cos?6; — 1) Equation 14

where w; is chemical shift frequency for a particular angle 8; and A = w; — w, is the
magnitude of the residual chemical shift anisotropy (CSA).

The chemical shift frequency dependence on 8 of phospholipids in a large vesicle is
shown in Figure 1-10, and shows the rich orientation data that the powder pattern can provide.
Also, A can also be used to approximate the size of the vesicle and the thermotropic state of its
phospholipids, due to its sensitivity to both whole body tumbling and molecular motion
constrains. Chapter 5 will provide an expanded discussion on these points and will also detail
how the CSA can be leveraged to measure the lateral diffusion behaviour of phospholipids in
spherical bilayers.

31p powder patterns of phospholipid vesicles are quite broad. For example, a large
vesicle made of phosphatidylcholines in the liquid crystalline state typically produce powder
patterns with CSAs of 45 ppm. On the other hand, isotropic chemical shift differences between
typical phospholipid headgroups are comparatively tiny, as shown in Table 1-2. Hence, the
broad linewidths obtained from a sample of phospholipid vesicles are inherently of low
resolution, which renders them non-ideal for cases where phospholipid species identification is
paramount. The collapse of large CSA to isotropic chemical shifts can be accomplished through

magic angle spinning (MAS), which will be discussed in the next section.
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1.3.2.3 Magic Angle Spinning (MAS)

Equation 14 for the axially symmetric case provides a clue about how to collapse the
CSA to only the isotropic signal. At 8 = 54.74°, the second-order Lengendre polynomial
(3 cos? B — 1) is zero. Hence, at this so-called “magic angle”, only the isotropic chemical shift
remains. For the solid sample to experience the magic angle homogenously, mechanical
spinning is employed. This is accomplished by loading the sample in a small (1-5 mm diameter)
cylindrical holder called a rotor, that are inserted into modules that are pre-adjusted to the
magic angle. Figure 1-11 shows an example of such a setup. With careful application of air or

nitrogen to the attached turbine, the rotor can be made to spin stably.

Bo

Rotor Turbine \

Figure 1-11: A rotor inside an MAS module. The big arrow represents the direction of By while
the small arrow shows the direction of the air flow. The air rotates the rotor by blowing against
the small attached turbine. The module is set at 8 = 54.74° relative to B, and the sample is
pulsed via an rf coil inside the module.

31



To completely average the CSA and produce only the isotropic peaks, spinning speeds

must be at least 3 times that of the CSA.**3

Spinning speeds of up to 110 kHz have already been
demonstrated.”* Achievement of even faster speeds is currently under development since MAS
aids in mitigating the effects of a few other interactions that are orientation dependent as well.
In the case of wet lipid samples, however, a careful selection of the spinning speed is
required. Effectively, the spinning speed must not be too fast or to slow, needing a veritable
adaptation of the Goldilocks principle. Though very fast spinning speeds render narrow
linewidths, friction from the interaction between the rotor and module walls imparts elevated
temperatures to the sample, which can ruin the lipid content through drying and degradation.
Also, higher speeds also increase the frequency of the unfortunate (and annoying)
phenomenon of “sample liftoff”. That is, due to the lubrication of the rotor end caps by the
enclosed wet content, samples tend to leak (or more appropriately, shoot) out of the rotor at
high speeds. On the other hand, a spinning speed that is slow relative to the CSA, would result
in incomplete averaging of the CSA (and other interactions) which would result in spectra with
broad low resolution peaks. Hence, the optimal conditions for running lipid samples via MAS,
are intermediate (5-7 kHz) speeds in medium sized rotors (3.2 mm — 5mm) that are capable of

supporting lightweight O-ring bearing endcaps that prevent sample dehydration and liftoff. An

example of an endcap that was used in MAS experiments in this thesis is shown in Figure 1-12.

’—> Slot Screw Drive

— Nylon Screw

O-ring

O-ring
O-ring

\—b Vent

Figure 1-12: A custom made leak-proof rotor end cap.
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1.4 Contributions of this Thesis
1.4.1 Lipid coated pNIPAM microgels

Chapters that follow in this thesis will detail the fabrication of a variety of novel lipid
coated pNIPAM microgels, with portions reproduced from published papers. Specifically,
Chapter 2 will detail the fabrication and characterization of a Lipogel, which is a single lipid
bilayer coated hydrophobically modified pNIPAM microgel. We show that when the pNIPAM
microgel undergoes the VPT, the lipid bilayer stays intact but protrudes away from the microgel
surface, as shown in Figure 1-13. Portions of this chapter and Chapter 6 are reproduced from

the paper published in 2011, with permission.’**
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Figure 1-13: Image of a Lipogel undergoing the volume phase transition (VPT). The single lipid
bilayer was shown to protrude off the microgel surface above the VPT temperature of 32°C, but
remained impermeable. This was reproduced from the TOC image of Saleem et al.® with
permission.

Chapter 3 will describe the use of bicelles to coat anionic microgels to make Bicellogels,
a concept explained in Figure 1-14. This represents a novel way to coat soft surfaces with a
single component lipid coating and provides an alternative to liposome fusion. Portions of this
chapter and Chapter 6 will be submitted for publication, and the copyright will be transferred to

the publisher at that time.
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Figure 1-14: Image showing the use of bicelles to coat the surface of a pNIPAM microgel.

Chapter 4 will discuss the development of VESCOgels, which are lipid vesicle coated
pNIPAM microgels. As Figure 1-15 illustrates, these liposome coated microgels show temporally
tandem release of distinct cargo from both the liposomal and microgel matrix. Portions of this

chapter and Chapter 6 are reproduced from a report published in 2013, with permission.***

° o

@ °

(’/\ ‘7/ \’ mﬁi W
g2 gers o0

Figure 1-15: Image of a VESCOgel and its release properties. It was shown that intact vesicles
(red) could be sequestered to the microgel surface (green) via carbodiimide chemistry. Also, the
release profile for the contents trapped within the liposome and microgel was observed to be
very different, effectively exhibiting temporally tandem release. This was reproduced from the
TOC image of Saleem et al.®* with permission.

1.4.2 Phospholipid lateral diffusion measurement via 31p CODEX NMR
Chapter 5 will describe the use of the 31p Centre-band Only Detection of EXchange

(CODEX) experiment to measure the lateral diffusion coefficients of phospholipids in large
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unilamellar vesicles, a concept illustrated in Figure 1-16. Portions of this chapter and Chapter 6

are reproduced from a report published in 2012, with permission.*®
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Figure 1-16: Image showing the potential loci available to a single lipid via lateral diffusion.
This was reproduced from the TOC image of Saleem et al."*> with permission.
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Lipogels: Single-Lipid-Bilayer-Enclosed Hydrogel Spheres

2.1 Introduction

An enduring challenge in the field of spherically supported membrane fabrication has
been to produce, efficiently and in high yield, monodisperse polymer microgels enclosed by a
single continuous lipid bilayer. In the particular case of pNIPAM, although interactions between
lipid vesicles and linear pNIPAM have been investigated relatively thoroughly,l_13 pNIPAM
microgels as potential spherical polymer supports for lipid bilayers have received less

14-16

attention. In particular, the goal of obtaining a single, continuous, non-leaky lipid bilayer

enclosure has proved to be elusive.***

In this chapter, a simple, efficient method for fabricating monodisperse,
thermoresponsive pNIPAM microgels enclosed by a single, continuous, impermeable lipid
bilayer is reported. Chujo et al."” coined the term Lipogel to describe bulk non-ionic gels with
copolymerized long alkyl groups. However, Lipogel used here is in the sense employed by Bures
et al., that is, “a hydrogel anchored lipid vesicle system”.*® The polymer microgel consists of a
core of lightly cross-linked pNIPAM wrapped in a shell of more highly cross-linked p(NIPAM-co-
acrylic acid (AA)). The higher cross-linking density of the shell provides a smooth surface onto
which lipids may assemble into a bilayer structure, whereas the AA units of the shell provide
surface sites for hydrophobic modifications that encourage lipid association. The lipid bilayer is
composed of 1-palmitoyl-2-oleoyl-phosphatidylcholine (POPC), a phospholipid representative
of naturally occurring membrane lipids and which remains liquid crystalline, that is, fluid, over a
wide temperature range thus facilitating assembly of the lipid bilayer. Lipogels were fabricated

by a simple freeze—thaw cycling of an aqueous mixture of preformed POPC liposomes and

hydrophobically modified (HM) microgels. Using a combination of NMR and fluorescence
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spectroscopies and fluorescence imaging techniques, we demonstrate that the Lipogels so
formed are enclosed by a lipid bilayer that is unilamellar, impermeable, and surrounds
continuously the entire microgel, whereas the microgel itself retains the essential

thermoresponsive behavior of pNIPAM.

2.2 Materials and Methods

2.2.1 Materials

N-Isopropylacrylamide (NIPAM), methylene bis(acrylamide) (MBA), acrylic acid (AA),
potassium persulfate (KPS), tetradecylamine (hydrophobe), O-(6-Chlorobenzotriazol-1-yl)-
N,N,N’,N’-tetramethyluronium tetrafluoroborate (TCTU), N,N’-diisopropylethylamine (DIPEA),
Triton X-100 (Triton), ethylenediaminetetraacetic acid (EDTA), sodium hydrosulfite (sodium
dithionite), calcein, carboxyfluorescein (CF), fluorescein O-acrylate (FA), and rhodamine 6G
(R6G) were obtained from Sigma Aldrich Canada (Oakville, ON). 1-Palmitoyl-2-oleoyl-sn-glycero-
3-phosphocholine (POPC) and 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(7-nitro-2—
1,3-benzoxadiazol-4-yl) (ammonium salt) (NBD-PE) were purchased from Avanti Polar Lipids
(Alabaster, AL). Lissamine rhodamine B 1,2-dihexadecanoyl-sn-glycero-3-phosphoethanolamine
(triethylammonium salt) (RhB-PE) was purchased from Invitrogen (Carlsbad, CA). Cellulose
dialysis tubing with a cutoff of 12 000-14 000 MW was obtained from VWR Scientific
(Mississauga, ON). All NMR spectra were recorded in deuterated methanol (MeOD) from Sigma
Aldrich Canada (Oakville, ON) and referenced to the methyl peak. NIPAM was recrystallized
from hexanes prior to use. All other chemicals were used as received. Milli-Q water was used in

all instances.
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2.2.2 Synthesis of pNIPAM/p(NIPAM-co-AA) Core-Shell Microgels

pPNIPAM/p(NIPAM-co-AA) core—shell microgels were synthesized by a temperature-
programmed one-pot, two-step procedure, amalgamating the methods of Meng et al."® and
MacKinnon et al."* In brief, in the first step, NIPAM (16 mmol, 1.8 g) and BA (0.4 mmol, 0.06 g)
were dissolved in 125 mL of boiled water and added to a 500 mL, three-necked round-
bottomed flask equipped with a condenser, a thermometer, a N, gas line, and an overhead
stirrer. The temperature was controlled by a heating mantle mounted on a height-adjustable
platform. The solution was bubbled with N, for 40 min while being stirred at 200 rpm at a
temperature of 45 °C. KPS (0.12 g (0.4 mmol) dissolved in 4 mL of cold water) was added to
initiate polymerization. Once opalescence appeared, the N, purge was removed, the
temperature was ramped up to 65 °C over the course of 40 min, the stirring speed was reduced
to 100 rpm, and polymerization was allowed to proceed for a further 6 h.

In the second step, the core microgels were passed through glass wool while hot and
returned back to the cleaned round-bottomed flask. NIPAM (7 mmol, 0.8 g), MBA (1.8 mmol,
0.28 g), and AA (2 mmol, 0.15 mL) were dissolved in 80 mL of boiling water and added to the
core microgel suspension at 50 °C while stirring at 200 rpm. After 1 min, the stirring speed was
decreased to 100 rpm, and the mixture was allowed to reach 60 °C, at which point a further
increment of KPS (0.03 g [0.1 mmol] dissolved in 1 mL of cold water) was added. Step-two
polymerization was allowed to continue for 12 h at a temperature of 65 °C.

Once polymerization was complete, the hot microgel suspension was passed through
glass wool to remove coagulum, cooled to room temperature, poured in dialysis tubing, and
dialyzed against water for at least 1 week with daily changes of water. The dialyzed microgel
suspension was stored at 4 °C.
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2.2.3 Quantitation of AA incorporation

The level of AA incorporation was determined via potentiometric titration of a known
weight of microgel. Typically, 60 mg of dialyzed microgel was suspended in 50 mL of 100 mM
KCl, and the solution was bubbled with N, and stirred until the pH was constant, at which point
the titration commenced with addition of aliquots of 0.1 M NaOH under conditions of constant

stirring.

2.2.4 Microgel Size Measurement

The size and polydispersity index (PDI) of the microgels was determined via dynamic
light scattering (DLS) using a Zetasizer 3000HS (Malvern) in photon correlation spectroscopy
(PCS) mode with a 90° detector angle. A sample containing 0.5 mg of microgel in 2 mL of 100
mM KCI, 10 mM TRIS, and filtered buffer (pH 7.2) was used. Each sample was subjected to 10

measurements at 25 °C, and the volume-weighted peak average was determined.

2.2.5 Synthesis of p(NIPAM-co-FA)/p(NIPAM-co-AA) Core—Shell Microgels

In the instance that it was desired to fluorescently label the microgel core, fluorescein
O-acrylate (FA) was added in step one at level of 0.02 mol % of FA relative to NIPAM (3 umol,
1.2 mg) to create p(NIPAM-co-FA)/p(NIPAM-co-AA) core—shell microgels. Otherwise, the

microgel synthesis was unchanged.

2.2.6 R6G Modification of p(NIPAM-co-FA)/p(NIPAM-co-AA) Microgels
To label fluorescently the microgel shell region specifically, we targeted the AA carboxyl
groups for modification with the fluorophore R6G. About 20 mg of dialyzed p(NIPAM-co-
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FA)/p(NIPAM-co-AA) microgel was centrifuged and re-suspended in 1 mL of DMF three times.
About 0.1 mg of TCTU was added, along with 20 uL of DIPEA, and the mixture was stirred for 8
min. We then added 50 pL of a 3 uM solution of R6G in DMF, and the suspension was stirred for
18 h at room temperature. The R6G-modified microgels were washed at least six times with
DMF, a process involving cycles of centrifugation at 8000 rpm for 5 min, re-suspension, and
sonication. The resulting suspension was washed a further five times with water by a similar
process of centrifugation at 4000 rpm for 5 min and re-suspension. Finally, the R6G-modified
microgels were suspended in 100 mM KCl and 10 mM TRIS (pH 7.2) buffer (hereafter referred

to as “tris buffer”).

2.2.7 Hydrophobic Modification of Shell in pNIPAM/p(NIPAM-co-AA) Microgels

AA residues in the shell of the core—shell microgels were modified with hydrophobes as
outlined in Figure 2-1. Typically, 60 mg of dialyzed microgels was centrifuged and re-suspended
in 3 mL of ethanol three times, then sonicated for 10 min in a bath sonicator. TCTU (20 mg) was
added to the microgel solution, and the mixture was stirred for 20 min. We next dissolved 40
mg of tetradecylamine in 1.0 mL of ethanol, and the mixture was allowed to react for 18 h at
room temperature. The resulting hydrophobically modified (HM) microgels were separated
from excess reactant materials and side products by washing at least three times with
methanol (via centrifugation at 8000 rpm for 5 min and re-suspension), then sonicating for 10
min in a bath sonicator and, finally, washing two more times with methanol as before. The
methanol was exchanged for water by first centrifuging the HM microgels and adding back

water, drop-by-drop, while sonicating. The resulting suspension was further washed with water
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at least three times via centrifugation, followed by re-suspension. The hydrophobically modified

microgels (HM microgels) were then stored at 4 °C for future use.

Core-shell pNIPAM/p(NIPAM-co-AA) microgel

After 20 mins

RN e VS T

Tetradecylamine

Figure 2-1: Hydrophobic Modification of Microgels.

Hydrophobe incorporation was determined using *C NMR, as described below. The

concentration of the HM microgels in agueous suspension was determined gravimetrically.
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Aliquots of this stock solution were re-suspended in appropriate buffer solutions prior to their

use.

2.2.8 Lipid Bilayer Coating of HM pNIPAM/p(NIPAM-co-AA) Core—Shell Microgels
Lipid-bilayer-coated HM pNIPAM/p(NIPAM-co-AA) core—shell microgels, hereafter
referred to as Lipogels, were prepared as per Figure 2-2. In brief, 20 mg of POPC was dissolved
in 244 uL of 108 uM NBD-PE (0.1 mol %) or 176 uL of 0.075 uM RhB-PE (0.05 mol %) stock
chloroform solutions. The chloroform was removed under a stream of N, gas to create a lipid
film. After 24 h under vacuum to eliminate final traces of solvent, the dry lipid film was
hydrated with the appropriate buffer to a total lipid concentration of 20 mg mL™. After three
cycles of freeze—thaw—vortex, the resulting LMVs were converted to LUVs via extrusion
involving 25 passages through a 0.1 um polycarbonate membrane installed in a mini-extruder

from Avanti Polar Lipids (Alabaster, AL).
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. Core-shell hydrophobically
~110nm Liposomes modified microgel

W
1

Pre-Lipogel

5 freeze-thaw-vortex
cycles and cleanup

Lipogel

Figure 2-2: Fabrication of Lipogels from Hydrophobically Modified Microgels and Liposomes
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LUV binding to HM microgels was achieved by simply mixing 2 mg of HM microgels with
4 mg of LUV dispersed together in 1 mL of tris buffer in a 1.5 mL vial. The LUV-HM microgel
suspension was then stirred gently for 2 h. To convert the bound LUVs into a single bilayer
coating the HM microgels, the suspension was subjected to five freeze-thaw—vortex cycles
using liquid N, and a room-temperature water bath. Unbound LUVs were removed by
repeatedly centrifuging the microgels at 4000 rpm for 5 min and re-suspending the microgel

pellet in the same buffer.

2.2.9 Lamellarity of Lipogels

To determine the number of lipid bilayers coating individual Lipogels, we employed the
sodium dithionite fluorescence quenching assay described by McIntyre and Sleight.”® Dithionite
ion quenches the fluorescence of NBD-PE but does not permeate the lipid bilayer at room
temperature. Therefore, 50% quenching indicates a single lipid bilayer coating. In a typical
assay, 0.1 mg of Lipogels, fabricated using liposomes containing 0.1 mol % NBD-PE, was
suspended in 2 mL of tris buffer and placed in a 4 mL quartz cuvette. The NBD-PE fluorescence
of this sample was excited at 470 nm, and the resulting emission at 530 nm was monitored
every second in a QuantaMaster PTI spectrofluorimeter (Photon Technology International,
Lawrenceville, NJ). After an initial baseline was established, the measurement was paused, and
20 uL of freshly made 1 M sodium dithionite in 1 M Tris (pH 10) was added and mixed before
the measurement was resumed. After a new baseline was established, the measurement was
paused again and 20 pL of 5% Triton solution was added to disrupt completely the lipid bilayer

integrity before measurement was resumed.
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2.2.10 Volume Phase Transition Temperature Determination

The VPT temperature (VPTT) was determined via fluorescence spectroscopy of various
FA-containing microgels. Typically, 1 mg/mL of microgels suspended in tris buffer was
transferred to a 1 mL quartz cuvette and placed in a Fluoromax 4 spectrofluorometer (Horiba
Scientific) fitted with a Peltier temperature controller. Fluorescence was excited at 490 nm, and
emission was recorded at 520 nm over a temperature range from 25 to 40 °C at increments of 1
°C with 2 min of equilibration time at each temperature prior to acquisition. At each
temperature, we corrected the emission spectrum by subtracting the contribution of the tris
buffer. The intensity recorded at a given temperature, /(T), was normalized according to the

following equation:

I(T) — L;
F(T) = M Equation 15

Imax - Imin

where Inmin and Iy are the extremes of intensity across the range of temperatures.

2.2.11 Bilayer Integrity of Lipogels at T > VPTT

Control experiments on LUVs demonstrated that dithionite permeation of lipid bilayers
became significant at temperatures greatly elevated above room temperature. Thus, the
dithionite quenching assay could not be used to investigate the integrity of the Lipogel lipid
bilayer at temperatures above that of the VPTT. Instead, an assay was developed based on de-
guenching by EDTA of a quenched cobalt—calcein complex, the latter consisting of 50 mM
calcein plus 50 mM CoCl, in 25 mM KCI, 10 mM Tris buffer (pH 7.2). The cobalt—calcein complex

was trapped inside Lipogels by the addition of an aliquot of the complex solution to a

54



suspension of LUV-HM microgel complexes, which were then subjected to the freeze—thaw—
vortex cycles that fuse the LUVs into a single lipid bilayer. Unbound LUVs and free dye were
removed by five cycles of centrifugation/cleaning with 100 mM KCl and 10 mM Tris buffer (pH
8.0).

Calcein fluorescence was excited at 490 nm, and its emission was monitored at 515 nm
using the same QuantaMaster PTl spectrofluorimeter as that in the lamellarity assay. A 2 uL
aliquot of a 1 M EDTA, 500 mM Tris (pH 8.35) solution was added to a sample of Lipogels
containing entrapped cobalt—calcein complex, and the calcein fluorescence was measured after
allowing for several minutes of equilibration. The sample was then warmed to 40 °C in a water
bath for 20 min and allowed to re-equilibrate to room temperature, and the calcein
fluorescence was re-measured. Finally, 20 uL of 5% Triton solution was added to destroy the

lipid bilayers, and the fluorescence was measured again.

2.2.12 Fluorescence Microscopy

We prepared samples for microscopy by adding an aliquot of suspension onto plasma-
cleaned coverslips. These were incubated for 10 min at room temperature and then washed
with buffer to remove all non-absorbed material.

Fluorescence images were obtained using a custom-built, inverted wide-field
microscope, technical details of which have been described in full elsewhere.” In brief, two
diode-pumped solid-state lasers were used to excite coverslip-mounted samples at 532 nm
(NT56-485, Edmund Optics, USA) and at 473 nm (Cobolt Blues, Cobolt, Sweden) through a high
NA objective (plan-apochromat 1.45 NA/60x, Olympus, USA). Emitted fluorescence light was
collected by the same objective and passed through bandpass optical filters to remove
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scattering and cross-talk contributions. Fluorescence images were captured with a highly
sensitive, cooled electron-multiplied charge-coupled device (EMCCD, DU-897BV, Andor, USA).
Typical frames were obtained from an area of 65 x 65 um2 of the sample upon exposure to
continuous laser illumination for 100 ms.

All fluorescence images were prepared in Imagel.”> Raw images were first de-convoluted
using a 2D iterative algorithm. We obtained the point spread function used by imaging a single
24 nm diameter fluorescent latex bead (Invitrogen) under similar experimental conditions. The
“Align Stacks” plugin (J. Parker, Align3_TP) was used to overlap images that were then merged
into a single composite with controllable artificial red and green channels, if needed. The color
balance was adjusted so that both entities of interest in both channels were clear. The final
images were cropped and resized to the desired image size.

To image the effects of the VPTT on Lipogel morphology, we fabricated Lipogels using
either RhB-PE-containing LUVs to label the lipid bilayer or LUV-encapsulated CF to label the
core region of the microgel. The latter liposomes were prepared in the presence of 50 mM CF
and 10 mM Tris (pH 7.0) with free CF being removed subsequent to extrusion by passage

through Sephadex G-50.

2.2.13 FRAP Study of Lipogel Lipid Bilayers

Lipogels for fluorescence recovery after photobleaching (FRAP) experiments were
fabricated using liposomes containing 0.1 mol % NBD-PE and prepared for imaging, as
described above. FRAP experiments were carried out on a custom-built confocal microscope,
the technical details of which are described in full elsewhere.? In brief, a 480 nm excitation was
achieved by frequency doubling the output of a femtosecond laser (Tsunami HP, Spectra
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Physics, Santa Clara, CA). The laser excited the sample at intensities of 1-100 W/cm? upon
focusing by a high NA objective (1.4/100x plan-apochromat, Carl Zeiss, Canada) to a diffraction-
limited spot. The emitted light was collected by the same objective and passed through a 50 um
pinhole and long-pass optical filters to remove out-of-focus fluorescence and scattering
contributions. The fluorescence was focused onto a photon-counting detector (PD5CTC,
Optoelectronic Components, Kirkland, Canada), which was read and digitized by a multichannel
time-correlated counting module (PicoHarp300, PicoQuant, Germany).

Upon scanning a large area with several surface-immobilized Lipogels using low
excitation intensity (ca. 1 W/cm®), a single Lipogel was selected and imaged at high resolution.
A spot on the edge of the Lipogel was then instantly illuminated at high laser intensity (ca. 100
W/cm?) for 1 s. Using low excitation intensity (1.05 W/cm?) again, the bleached spot was then
probed for up to 15 min to obtain the fluorescence recovery curve, or, alternatively, fast area
scanning was employed to obtain a series of recovery images of the entire Lipogel. Typically, a
minimum of five individual Lipogels were interrogated in either fashion.

FRAP numerical simulations are described in detail in Appendix A. In brief, 50,000
fluorophores are uniformly distributed on the surface of a 1.3 um diameter sphere and allowed
to undergo 2-D random walks. As a result of the photobleaching pulse, some fluorophores are
selectively photobleached (discarded) based on the illumination intensity at their respective
positions. The simulation parameters were chosen to match closely the simulated confocal
image immediately after the photobleaching pulse to its experimental counterpart. The
contribution of each fluorophore to the total signal depends on the detection efficiency profile
CEF(x,y,z) of the confocal setup approximated to a 3-D Gaussian.”®* Each time step, after all
active fluorophores move to new positions, the fluorescence signal is obtained by summing up
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all CEF(x,y,z) values. The simulated recovery curves were normalized to the calculated signal

before photobleaching and fitted to a bi-exponential model function. (See Appendix A.)

2.2.14 NMR Spectroscopy

B3C NMR spectra were acquired on a Varian Inova 500 MHz switchable broadband
liquids probe at 20 °C using a single pulse excitation of 12.5 us duration with SPINAL-64 'H
decoupling (decoupler field strength of 6 kHz) during acquisition at a sweep width of 50 kHz and
40k data size. Typically, 12,000 transients were collected, and line broadening of 20 Hz was

applied prior to Fourier transformation. (See Appendix A.)

2.3 Results and Discussion

2.3.1 Synthesis and Characterization of HM pNIPAM/p(NIPAM-co-AA) Microgels

Our ultimate goal being to produce a spherical polymer supported lipid bilayer, the
spherical polymer support needs to possess certain specific properties. First, a diameter on the
order of 1 um would be optimal because anything smaller would approach the diffraction limit
for optical imaging, whereas anything larger would compromise the surface filling factor for
NMR spectroscopic studies of the membrane components. Second, the surface of the spherical
polymer support would need to be amenable to being functionalized with moieties that
encourage lipid adsorption. Third, the surface would need to be sufficiently smooth that a
defect-free lipid bilayer could assemble.

For such purposes, conventional one-step procedures for pNIPAM microgel synthesis

are problematic. Specifically, a one-step synthesis produces microgels having a radial cross-
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linking density gradient, with the number of cross-links decreasing from the center to the
periphery,® yielding “hairy” microgels with dangling polymer chains at the surface. The
consequently rough surface interferes with the formation of a continuous, impermeable lipid
bilayer enclosing the entire microgel. Furthermore, functional group distribution is difficult to
control in a one-step synthesis because it depends heavily on the particular properties of a
given functional group.26

Consequently, we adopted a two-step synthetic protocol in which, during the first step,
a lightly cross-linked pNIPAM core is formed, whereas during the second step, a more highly
cross-linked pNIPAM-co-AA shell is added. The result, therefore, should be a relatively smooth
outer surface or shell, with AA functional groups isolated at or near the periphery, overlaying a
pPNIPAM core that undergoes a normal VPT characteristic of pNIPAM.

DLS showed that the core—shell pNIPAM/p(NIPAM-co-AA) microgels synthesized with
the two-step protocol described in the Materials and Methods section were 1.33 um in
diameter at pH 7.0 and slightly smaller in diameter (1.28 um) at pH 2.5, presumably due to
protonation of AA carboxyls and a corresponding decrease in Coulombic repulsion. PDIs
measured via DLS were < 0.15, indicative of a highly monodisperse microgel size distribution. It
is interesting to note that Meng et al.”? reported p(NIPAM-co-AA) microgels with diameters
upward of 2.5 um at pH 3 using a one-step temperature-programmed synthesis. With our two-
step protocol, despite experimenting with multiple formulations and reaction conditions, only
core—shell spheres of maximum 1.33 um diameter could be produced. It is known that the shell
compresses the core in seeded polymerizations of pNIPAM-based microgels.”’ It is also known

that when loosely cross-linked core particles are used, the core and core—shell particle sizes are
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essentially identical.?® However, in our formulations, where the shell is far more heavily cross-
linked that the core, compression of the shell by the core may be more pronounced.

To confirm the presence of a core—shell morphology, we produced R6G-modified
p(NIPAM-co-FA)/p(NIPAM-co-AA) core—shell microgels in which FA is confined to the core
region, whereas R6G is segregated to the AA-containing regions. This permits independent
excitation of the FA-containing core at 473 nm versus excitation of the R6G-containing region at
532 nm for fluorescence microscopy purposes. Figure 2-3A shows overlain images of the
identical microgels, obtained separately and in quick succession, using 473 and 532 nm
excitation, to map the distribution of FA and R6G, respectively. The core—shell morphology is
clearly evident. Figure 2-3B shows the fluorescence intensity at the two excitation wavelengths
along a line segment directed through the center of a single microgel. The microgel exhibits a
distinct core (green) region that is enveloped by a shell (red). The separation between the
maxima in the shell (red) if taken to correspond to the diameter of the microgel, being on the
order of 1.3 um, is in agreement with DLS measurements. However, the core diameter
determined from such images might not be correct because the dimensions fall at or below the
diffraction limit. Furthermore, potential issues of FA radial distribution gradients, depletion
before the completion of the core synthesis step, or both further complicate determination of

the core size from such images.
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Figure 2-3: R6G-modified p(NIPAM-co-FA)/p(NIPAM-co-AA) core—shell microgels. (A) Merged
fluorescence images of core—shell microgels. The green image originates from fluorescence of
copolymerized FA (473 nm excitation) present in the core region. The red image originates from
R6G (532 nm excitation) covalently attached to the AA in the shell region. The yellow bar
represents 1 um. (B) Normalized fluorescence intensity of R6G (red) and FA (green) as the
microgel was scanned along the white line drawn in (A).

61



Importantly, the images in Figure 2-3A and the intensity map in Figure 2-3B confirm that
the AA-carboxyls are located nearly exclusively in the shell region of the core—shell microgel. AA
groups are known to distribute evenly throughout the microgel when synthesized via a one-

|.?® The two-step synthesis protocol was shown previously by Jones and Lyon28 to

step protoco
segregate AA groups to the periphery. Potentiometric titration of these core—shell microgels
showed a global AA content of 8.0 mol % relative to NIPAM, which compares favorably with the
8.7 mol % expected for quantitative incorporation assuming identical reactivity ratios of AA and
NIPAM. If distributed evenly throughout the volume of a spherical shell of average radius 1.3 £
0.25 um, where the thickness of the shell was derived from the inspection of Figure 2-3B, then
the average separation between adjacent AA groups would be on the order of 50 A.

To verify that these core—shell microgels undergo a VPT, fluorescence microscopy was
employed to visualize R6G-modified p(NIPAM-co-FA)/p(NIPAM-co-AA) microgels at a
temperature well below (20 °C) and well above (40 °C) the expected VPT temperature. As
shown in Figure 2-4A, B, there is a drastic reduction in diameter at 40 °C, demonstrating the
presence of a VPT akin to that expected for pNIPAM. From Figure 2-4A and B, an estimate of
the size of the microgels by measuring their end-to-end fluorescence profiles reveal a 50%
decrease in diameter above the VPT, corresponding to a nearly 90% volume decrease. These
images were acquired at pH 7, where the AA carboxyls in the shell are deprotonated. The

presence of such negative charges in the shell does not appear to hinder the de-swelling

behavior of the microgels.
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Figure 2-4: VPT behaviour of microgels. Fluorescence image of R6G-modified non-HM
microgels in tris buffer at (A) 20 °C, that is, below the VPT temperature, and (B) at 40 °C, that is,
above the VPT temperature. The diameters decrease by roughly 50% at the higher
temperature, corresponding to a volume decrease of nearly 90%. The yellow bar in both
represents 1 um. (C) Normalized 520 nm emission intensity of non-HM microgels (0) and HM
microgels (®) as a function of temperature. The line-of-best-fit for each data set corresponds to
a three-parameter sigmoidal model. The temperature at which the fluorescence is quenched to
50% of its maximum value was taken to be the VPT temperature and equaled 32.0 °C for non-
HM microgels and 31.0 °C for HM microgels.
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To determine the temperature of the VPT more precisely, we examined p(NIPAM-co-
FA)/p(NIPAM-co-AA) core—shell microgels spectroscopically for FA fluorescence intensity as a
function of temperature. Kobayashi et al.” showed that polymerized FA could be used to
determine accurately the temperature of the VPT of pNIPAM-based microgels. The fluorescein
dianion is the most fluorescent species at a pH in excess of 6.3.%° It is known to be an indicator
of the degree of hydrogen bonding because its absorption and emission maxima change in
response to a change in the hydrogen bonding environment.*! As the microgel undergoes a
VPT, the number of hydrogen bonds present in its matrix decreases because of the expulsion of
water,32 which shifts the fluorescence maximum away from 520 nm, the maximum emission
wavelength at low temperatures. Indeed, a new peak around 537 nm was seen to emerge at
higher temperatures (data not shown). Furthermore, fluorescein self-quenching could also
occur at temperatures above that of the VPT as the intermolecular distance between the
fluorophores decreases. Regardless, as shown in Figure 2-4C, the FA fluorescence quantum
yield decreased drastically with increasing temperature. From such a curve, one obtains the
VPT temperature, defined as that at which the fluorescence intensity drops to 50% of its
maximum RT level. The p(NIPAM-co-FA)/p(NIPAM-co-AA) core—shell microgels exhibited a VPTT
of 32.0 °C, a typical value for pNIPAM-based microgels.33

Tetradecylamine hydrophobes were introduced covalently and specifically into the shell
region of the core—shell microgels by post-polymerization modification of the AA carboxyl
groups as described in Figure 2-1. The hydrophobes are intended to act as anchoring groups
around which the lipids of the lipid bilayer component of the Lipogel can assemble. The degree
of hydrophobic modification was assessed via >C NMR, which permitted ready resolution of the
tetradecylamine methylene and pNIPAM methyl groups. (See Appendix A.) Under spectroscopic
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conditions leading to full relaxation and no NOE effects, a simple integration of these two
resonances provided the desired degree of hydrophobic modification for a given AA content.

Quantitative modification of the AA carboxyls was achieved after an optimal
combination of solvent, reactant stoichiometries, and reaction conditions was determined.
Specifically, ethanol was found to serve as a good solvent for the microgel, the hydrophobe,
and the coupling reagent TCTU pre-dissolved in DMF, whereas a five-fold molar excess of
hydrophobe relative to the AA carboxyl was necessary, with sonication to separate the
microgels prior to activation. Under such optimal reaction conditions, essentially 100% of the
AA carboxyls were hydrophobically modified.

DLS showed that such hydrophobic modification resulted in a modest 10% decrease in
the size of the microgels to a diameter of 1.19 um, whereas, as shown in Figure 2-4C, the VPT
temperature decreased marginally to 31.0 °C. Both of these results underscore the minimal
effect imparted to the microgel by this degree of hydrophobic modification of the shell with

tetradecyl alkanes.

2.3.2 Lipogel Fabrication

As shown in Figure 2-2, the first step in the strategy devised for Lipogel fabrication
involves binding of unilamellar liposomes to HM core—shell pNIPAM/p(NIPAM-co-AA) microgels
to localize and concentrate lipids at the microgel surface. Liposome binding to both linear™? and
microgel** forms of HM pNIPAM has been previously demonstrated. The hydrophobes are
thought to intercalate into the lipid bilayer of the liposomes, thereby stitching the pNIPAM to

the lipid bilayer. In the case of linear HM pNIPAM, the polymer wraps itself around the
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liposome surface. In the case of microgel HM pNIPAM, the liposomes cluster at the microgel
surface.

Liposomes can be formed in a number of ways, but a simple means is to first hydrate a
lipid film by adding water/buffer, then impose a series of freeze—thaw—vortex cycles which
creates LMVs, and finally extrude the LMVs through a polycarbonate filter having a particular
pore size. Initial fabrication trials in which HM microgels were added during the first lipid
hydration step prior to the freeze—thaw—vortex cycles were abandoned because it proved to be
virtually impossible to separate nonbound from microgel-bound MLVs because of their similar
sizes and densities. Instead, extruded LUVs (diameter 110 nm) were first produced, which were
then incubated together with HM microgels. The far smaller non-bound LUVs were then easily
separated from the far larger LUV—-HM microgel complexes by a simple low-speed
centrifugation step. The continuous breakage and reformation of the lipid bilayers imposed by
successive freeze—thaw cycles®® will, in the presence of excess lipid, encourage the formation of
a continuous lipid bilayer both by fusion of adjacent bound liposomes and by “filling in” of local
defects.®® Without such freeze—thaw cycles, the microgel core is not sequestered from the
exterior solution; that is, the lipid coating is leaky and likely to consist of individual non-fused
LUVs bound at the microgel shell surface, similar to the materials studied by Mackinnon et al.**

Figure 2-5 shows a fluorescence microscopy image of the results of such a Lipogel
fabrication wherein the LUVs contained 0.05 mol % RhB-PE and were bound to HM-p(NIPAM-
co-FA)/p(NIPAM-co-AA) core—shell microgels. This permits separate and independent excitation
of the RhB-PE in the lipid-binding region and that of FA in the core region of the microgel. As is
obvious from the image in Figure 2-5, there is virtually complete co-localization of the
respective fluorescence signals in that each and every microgel sphere is completely
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surrounded by a coating of lipid. There is a small population of liposomes lacking a microgel
sphere at their center. Therefore, the described Lipogel fabrication method efficiently coats the
core—shell microgels with a layer of lipid without requiring an enormous excess of lipid to

achieve full coverage while permitting ready removal of that excess afterward.

Figure 2-5: Dual-color fluorescence images of Lipogels fabricated from HM-p(NIPAM-co-
FA)/p(NIPAM-co-AA) microgels plus liposomes containing 0.05 mol % RhB-PE. The green
signal indicates the presence of a microgel (FA fluorescence), whereas the red signal
corresponds to the lipid coat (RhB-PE fluorescence). It is evident that all microgels are coated
with a layer of lipid. The yellow bar represents 1 um.
2.3.3 Continuity of the Lipogel Lipid Bilayer

Whereas the fluorescence image in Figure 2-5 clearly indicates complete coverage of the
microgel spheres with a coating of lipid, it does not permit one to determine if that coating
consists simply of individual LUVs densely bound at the microgel surface, or whether, instead,

individual LUVs have fused into a continuous lipid bilayer, either single or multilamellar.

Previous experience with liposome binding to pNIPAM-based “hairy” microgels formed using a
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one-step synthesis protocol, whether liposome binding was mediated via biotin—avidin
conjugation®® or hydrophobic modifications, showed that fusion of microgel-bound LUVs
tended not to occur under such circumstances. Our adoption here of the core—shell microgel
morphology was with the intention of providing a smoother outer surface upon which to
assemble LUVs and thus circumvent the possible intrusion of polymer strands between bound
liposomes, that being the most likely barrier to liposome fusion.

To differentiate these two possibilities, FRAP measurements were performed. In the
typical FRAP experiment, as applied to lipid bilayers, a well-defined small area of a planar
bilayer is photobleached, after which lateral diffusion of non-photobleached lipids from the far
larger outside area produces an eventual near 100% recovery of fluorescence in the
photobleached region. For our purposes, if the lipid coating of the microgel spheres consists of
individual liposomes, then recovery will not occur, whereas, a continuous lipid bilayer
surrounding the microgel sphere will facilitate signal recovery after a certain time delay.
Figure 2-6 shows a series of fluorescence microscopy images of lipid-coated microgels where
the lipids contained 0.1 mol % NBD-PE as the fluorophore lipid marker. Figure 2-6A is a control
image acquired prior to photobleaching, whereas Figure 2-6B was acquired immediately after
photobleaching. The photobleached area, while as small as technically possible with our
equipment, is significantly larger than the size of the LUVs originally bound and, indeed,
constitutes a significant fraction of the total surface. Figure 2-6C was obtained 5 min later and
shows considerable recovery of fluorescence intensity in the previously photobleached region.
Qualitatively, this is consistent with the presence of a continuous lipid bilayer surrounding the

microgel sphere; otherwise, no such recovery would have been observed.
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Figure 2-6: Confocal fluorescence images of a Lipogel fabricated from HM microgels and 0.1
mol % NBD-PE-containing liposomes in tris buffer subjected to a FRAP experiment: (A) before
photobleaching, (B) immediately after a short photobleaching pulse, and (C) ca. 5 min after the
photobleaching pulse. For quantitative analysis, a FRAP curve was obtained (D). The FRAP
recovery curve was fit to a bi-exponential function (see the text) with fitting parameters, as
listed in Table 2-1. (E) Monte Carlo simulation of fluorophores diffusing on a sphere and
subjected to a FRAP experiment with dimensions and parameters approximating those
employed experimentally. Two different diffusion coefficients were assumed: 1.1 x 107 (47%
population) and 4.4 x 10! cm? s™* (53%). The Monte Carlo recovery curve was likewise fit to a
bi-exponential expression with parameters listed in Table 2-1. The fitting residuals are also
shown for their respective curves.
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A typical experimental fluorescence recovery curve is shown in Figure 2-6D, normalized
to the intensity prior to photobleaching. The FRAP kinetics appear to be biphasic. To extract

guantitative information, the recovery curves were fit to a bi-exponential function:

y=B—Ae /Tt — 4,e"t/T2 Equation 16

where 7, and 7,are time constants describing the intensity recovery, A; and A, are their
corresponding amplitudes, and B is the steady-state recovery level. The values of these
parameters for the best fit results of this particular FRAP curve are listed in Table 2-1. The
fittings confirm that the FRAP recovery is biphasic with time constants of 19 and 296 s. As
previously noted, the size of the photobleached region is a significant fraction of the total
Lipogel surface so that, consequently, a significant fraction of fluorophores are photobleached

and the fluorescence recovers to only 60% of its initial level.

Table 2-1: FRAP Curve Fit Data for a Bi-Exponential Model

Data source A T1(s) A, T2(s) B
Experimental 0.12 19.0+0.1 0.16 296.0+2.3 0.59
Monte Carlo 0.30 20.3+£0.1 0.37 293.4+1.6 0.71

In the absence of an analytical expression for extracting the diffusion coefficient(s) from
the FRAP recovery curve for a micrometer-sized spherical lipid bilayer photobleached in this
fashion, we resorted to numerical simulations. Monte Carlo simulations of a FRAP experiment

for a model system consisting of fluorophores randomly distributed on a sphere were
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conducted as described in detail in Appendix A. The size and the depth of the bleaching area,
the observation time, and the step size were chosen to match closely the experimental
conditions. The simulations produced a mono-exponential recovery curve for the case of a
single diffusion coefficient on the sphere. (See Appendix A). In contrast, a combination of nearly
equally abundant “fast” and “slow” diffusive components was required to reproduce
satisfactorily the main features of the experimental FRAP curve (Figure 2-6E, Table 2-1). The
fast diffusion constant used in simulations was (1.1 + 0.2) x 10”2 cm?/s, corresponding to an
exponential recovery time of 19.6 + 4.1 s. Similarly, to simulate a characteristic recovery time of
290-300 s, we had to set the slow diffusion constant at (4.4 + 0.8) x 107" cm?/s. The relative
contribution of the fast/slow component was roughly 45/55. From such numerical simulations,
it is determined that for the five Lipogels FRAP curves measured experimentally the fitted time
constants correspond to a fast diffusion constant of (1.3 £ 0.7) x 10° cm?/s and a slow diffusion
constant of (4.7 + 1.0) x 10 cm?/s.

The presence of two differently diffusing lipid populations might originate with
differences in the local environment experienced by lipids within the inner versus the outer
leaflet of the Lipogels, assuming a unilamellar lipid bilayer coating: an assumption supported by
the lamellarity tests described below. We note that the faster lateral diffusion coefficient is still
an order of magnitude slower than that expected for POPC in liposomes of comparable
composition. In many SPBs, however, slower lateral diffusion is typically observed.*® In our
Lipogels, the lipid bilayer coating may well not be smooth but rather may be corrugated
because of imperfections in, and the finite thickness of, the shell region, which produces, in
turn, a non-planar distribution of hydrophobic anchor positions. Such corrugations would yield
a slower apparent lateral diffusion coefficient overall. The second, even slower diffusing
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component may be the result of obstruction by immobile hydrophobic anchors attached to the
immobile polymer support and specific, therefore, to lipids on the inner leaflet. A calculation of
their density in these Lipogels indicates that one tetradecyl hydrophobic anchor is separated

from another by 50 A, constituting, therefore, a considerable obstruction effect to diffusion for

the inner monolayer nearest the polymer support.

2.3.4 Lamellarity of the Lipogel Lipid Bilayer

Having established the continuity of the lipid bilayer coating the hydrogel support, a test
of whether this consisted of a single lipid bilayer or multiple such bilayers was instituted. The
so-called lamellarity of lipid coatings may be tested in a number of ways.>’° A simple, direct
method is to expose Lipogels containing the fluorescent lipid NBD-PE to sodium dithionite,
which reduces NBD to its non-fluorescent amine form but will not permeate an intact lipid
bilayer. As shown in Figure 2-7, exposing Lipogels to sodium dithionite reduces the NBD-PE
fluorescence by roughly 55%, which is essentially the value expected for a single lipid bilayer
coating the Lipogels. Disrupting the lipid coating with detergent reduces the NBD-PE
fluorescence to zero. These results definitively preclude the possibility, however remote, that a
lipid monolayer was coating the hydrophobically modified hydrogel surface. Another
interpretation consistent with the quenching results is that in addition to a contiguous lipid
bilayer coating the shell there are adherent LUVs. These adherent LUVs would diffuse only very
slowly, potentially explaining the biphasic FRAP kinetics. The fluorescence images shown in
Figure 2-5, however, indicate that any such population of adherent LUVs must be quite small.
Thus, we favor the interpretation that Lipogels fabricated under these conditions bear a lipid
coating consisting of a single contiguous impermeable lipid bilayer.
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Figure 2-7: Lamellarity test via sodium dithionite quenching of NBD-PE fluorescence. Lipogels
(0.1 mg in 2 mL tris buffer) containing 0.1 mol % NBD-PE were exposed to the fluorescence
guencher (20 pL of 1 M sodium dithionite) at time D while continuously monitoring
fluorescence. The lipid coating was disassembled with detergent (20 uL of 5% Triton) at time T.
2.3.5 VPT and the Lipogel Lipid Bilayer

Having established that the hydrogel sphere is enclosed by a single continuous
impermeable lipid bilayer, it was of interest to examine the lipid bilayer’s response to
temperatures above the microgel VPT temperature. Figure 2-8 shows fluorescence images of
Lipogel-encapsulated CF below (A) and above (B) the VPT temperature. It is clear that the
presence of the lipid bilayer coating does not prevent the hydrogel from undergoing the normal
VPT at elevated temperatures. To probe the response of the lipid bilayer coating to the
microgel VPT, we incorporated the fluorescent lipid RhB-PE, and the Lipogels were imaged as a

function of temperature. Below the VPT temperature, the “donut” profile expected for a lipid

bilayer coating the microgel surface is obtained, as shown in Figure 2-8C. Above the VPT
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temperature, as shown in Figure 2-8D, the lipid bilayer appears to have collapsed onto a small
central core but with regions of high curvature protruding into the surroundings. We postulate
that these protrusions consist of excess lipid bilayer no longer in contact with the collapsed
hydrogel, but still contiguous with regions of lipid bilayer remaining bound to the hydrogel via
hydrophobic anchors. When the temperature is returned to a value below the VPT, as shown in
Figure 2-8E, the lipid bilayer regains its former shape.

To probe the degree to which the lipid bilayer’s permeability barrier properties were
compromised by the extreme size and shape changes undergone in response to the microgel
VPT, we developed a fluorescence assay to measure molecular permeation between the
external bulk solution and the Lipogel’s interior agueous compartment. The fluorescence of
calcein is quenched when complexed with cobalt, but EDTA separates the cobalt from the
calcein and de-quenches the calcein fluorescence. When Lipogels were loaded with a cobalt—
calcein complex, at a temperature below that of the VPT temperature, disrupting the lipid
bilayer with Triton did not result in fluorescence enhancement (Figure 2-9A). The fluorescence
remained quenched until EDTA addition, after which a significant fluorescence enhancement
was seen. Figure 2-9B shows that even after 20 min of being heated above the VPT
temperature in the presence of EDTA, the calcein fluorescence remains quenched, indicating
that EDTA does not permeate the lipid bilayer under these conditions. Even multiple heating
cycles failed to produce any significant fluorescence enhancement. Only when Triton was

added to disrupt the bilayer did the calcein fluorescence increase to that of the control
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Figure 2-8: Fluorescence images of Lipogel-encapsulated CF in tris buffer at a temperature (A)
below the VPT temperature and (B) above the VPT temperature, showing the 50% decrease in
diameter undergone by the hydrogel component of the Lipogel due to the VPT. In addition,
fluorescence images of Lipogels containing 0.05 mol % RhB-PE in the lipid bilayer component
are shown for temperatures (C) below the VPT temperature, (D) above the VPT temperature,
and (E) upon reverting to a temperature below the VPT.

value. We conclude that the elasticity of the POPC lipid bilayer permits it to remain intact as a
permeability barrier even upon being subject to the VPT-induced shape changes evident in

Figure 2-8D. Not all lipid bilayer compositions would be expected to be so forgiving.
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Figure 2-9: EDTA-dependent cobalt—calcein fluorescence enhancement assay to characterize
the permeability of the Lipogel lipid bilayer above the VPT. Cobalt—calcein complexes were
encapsulated in Lipogels and 0.1 mg of Lipogels were suspended in 2.0 mL of tris buffer initially
at room temperature. (A) Control showing room-temperature effects of detergent disruption of
Lipogel lipid bilayer on calcein fluorescence with subsequent exposure to EDTA and consequent
release of calcein from complexation with cobalt. (B) Effects of heating above the temperature
of the VPT. Point T indicates the addition of 20 uL of 5% Triton, whereas point E indicates the
addition of 2 uL of 1 M EDTA. Point E indicates the addition of 2 uL of 1 M EDTA. H indicates the
duration of exposure to a temperature of 40 °C, whereas point T indicates the addition of 20 plL
of 5% Triton.

2.4 Conclusions

We have described the fabrication and characterization of Lipogels: micrometer-sized,
single-lipid-bilayer-enclosed, thermoresponsive, hydrophobically modified, pNIPAM/p(NIPAM-
co-AA) core—shell hydrogel spheres. The normal pNIPAM VPT was shown to occur regardless of
the presence of either hydrophobic surface modifications or a lipid coating. The lipid coating

was shown to consist of a continuous, impermeable, single lipid bilayer enclosing,

encapsulating, and sequestering the hydrogel sphere. The volume collapse of the microgel
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above its VPT was mirrored by the lipid bilayer coating but with the formation of highly curved
bilayer regions reflecting the excess bilayer surface relative to the reduced microgel surface.
These changes were completely reversible, and the permeability barrier properties of the lipid

bilayer coating were not compromised by the VPT.
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Bicellogels: Lipid Bilayer Deposition on Soft Polymer Surfaces using
Bicelles

3.1 Introduction

A new method of lipid bilayer deposition at surfaces has been recently reported
involving the use of bicelles.’™ Relative to liposomes, bicelles enjoy two important advantages
as precursors for lipid bilayer coatings. First, bicelle self-assembly is spontaneous, versus the
sonication or extrusion procedures necessary to produce unilamellar liposomes. Second,
bicelles adopt a discoidal morphology, provided the long-chain / short-chain molar ratio, g, falls
in the range 1 < g < 3, which permits deposition of individual planar bicelle discs. As was
demonstrated in Chapter 2, spherical liposomes when deposited must generally be induced to
fuse into a planar bilayer, using various triggers such as addition of Ca**,*® freeze-thaw,”® or
dehydration-rehydration cycling,’ any of which can leave intact liposomes adsorbed alongside
or atop patches of fused lipid bilayer.'%**

Here, we demonstrate the use of bicelles to deposit a continuous, unilamellar lipid
bilayer at the surface of, and completely encapsulating, a pNIPAM microgel. The core-shell
morphology of the microgel allowed AA groups to be isolated in the shell region to create a
negatively-charged surface. The bicelles were composed of the zwitterionic phospholipids 1,2-
dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and 1,2-dihexanoyl-sn-glycero-3-
phosphocholine (DHPC), plus the cationic amphiphile 1,2-dimyristoyl-3-trimethylammonium-
propane (DMTAP) in the molar ratios g = (DMPC+DMTAP)/DHPC = 2 and DMPC/DMTAP = 95/5.
Using a combination of 31p NMR, fluorescence recovery after photobleaching (FRAP),

fluorescence quenching, and mass spectrometry techniques, we show that simple mixing of

anionic hydrogel beads with cationic bicelles at a temperature above the gel-to-liquid-
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crystalline phase transition (Ty) of DMPC sufficed to produce fusion of individual
electrostatically-adherent bicellar discs into a continuous, unilamellar lipid bilayer completely
surrounding the hydrogel bead and from which the short-chain species DHPC was entirely
absent. While such “Bicellogels” are intrinsically useful in their own right, the approach of using
bicelles to create SLBs would appear to be broadly applicable, whether the support is planar or
spherical, soft or hard, and can be fabricated independent of the means of attachment,

whether mediated by electrostatic, or hydrophobic, or bioconjugation interactions.

3.2 Materials and Methods

3.2.1 Materials
DMPC, DMTAP, DHPC, and NBD-PE were purchased from Avanti Polar Lipids (Alabaster,
AL). RhB-PE was purchased from Invitrogen (Carlsbad, CA). All other reagents were purchased

from Sigma Aldrich (Oakville, ON).

3.2.2 Fabrication of pNIPAM/p(NIPAM-co-AA) Core-shell Microgels
The pNIPAM/p(NIPAM-co-AA) core-shell microgels were prepared and characterized as

described in Chapter 2.

3.2.3 Preparation of Discoidal Bicelles
The g = 2 bicelle samples with 5 mol % DMTAP were prepared by dissolving DHPC (7.42
umol, 3.4 mg), DMPC (14.1 umol, 9.6 mg), and DMTAP (0.742 umol, 0.4 mg) in chloroform, plus

either 0.10 mol % NBD-PE (0.022 umol) or 0.05 mol % RhB-PE (0.011 umol), depending on the
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assay to be performed. The dissolved lipids were dried under a stream of N, to produce a lipid
film and left in a desiccator under vacuum for 12 hours to remove residual solvent. The lipid
film was hydrated with 1 mL of 10 mM Tris buffer (pH=7.4) and the resulting lipid suspension
was subjected to several freeze-thaw cycles wherein the hydrated lipids were frozen in liquid
N,, thawed in a 40 °C water bath, and vortexed. The bicelle preparation was then stored at 4 °C

until use.

3.2.4 Fabrication of Bicellogels

Typically, 0.25 mg of microgels were added to 2.0 mg of bicelles in 1 mL of 10 mM Tris
buffer (pH 7.4). This mixture was gently swirled for 4 hours at room temperature, followed by
standing incubation at 30 °C for a further 12 hours. Excess lipid was removed by repeatedly (3
— 5 x) centrifuging the resulting Bicellogels at 4k RPM for 5 minutes to form a pellet, removing

the supernatant, and re-suspending the pellet in 1 mL of 10 mM Tris buffer (pH 7.4).

3.2.5 Preparation of Unilamellar Liposomes

Cationic unilamellar DMPC/DMTAP (95/5 mol/mol) liposomes were prepared by first co-
dissolving DMPC (7.08 umol, 4.8 mg) and DMTAP (0.339 umol, 0.2 mg) in chloroform, along
with 0.10 mol % NBD-PE. The chloroform was removed under a stream of N, to produce a lipid
film, which was placed in a vacuum desiccator for 12 hours to eliminate traces of solvent. The
lipid film was hydrated with 0.5 mL of 10 mM Tris buffer (pH 7.4) and subjected to several
cycles of freeze-thaw, as above. The resulting multilamellar vesicles were then extruded

through a 100 nm pore-size polycarbonate membrane to produce unilamellar vesicles.
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3.2.6 Bicellogel Binding Assay

Increasing amounts of RhB-PE-labelled, g = 2, 5 mol % DMTAP bicelles were added to a
constant weight of pNIPAM/p(NIPAM-co-AA) core-shell microgels and the mixtures were
allowed to incubate as described above. The resulting bicelle — microgel complexes were
isolated by centrifugation and the pellet was washed with 10 mM Tris buffer (pH 7.4).

Fluorescence measurements on the wash were conducted on a Tecan Infinite M1000
PRO microplate reader (Mdnnedorf, Switzerland). In each microplate well, 20 uL of sample was
combined with 80 uL of 0.2 M sodium cholate. The wells were excited at 530 nm and a scan
was performed from 570 to 620 nm with the same gain level used for all samples. 50 flashes
were used at a frequency of 400 Hz, with an integration time of 20 us. A settle time of 50 ms
was used and the temperature was kept at 24 °C. A calibration curve was established from
measurements on 20 pL samples of RhB-PE-labelled bicelles at increasing concentration with 80
uL of 0.2 M sodium cholate added as above. Control measurements on samples comprised of
100 puL 0.2 M sodium cholate, and 20 pL 10 mM Tris buffer (pH 7.4) plus 80 pL 0.2 M sodium

cholate were used to correct the emission spectra.

3.2.7 Fluorescence Imaging and FRAP Measurements

Fluorescence images and FRAP measurements were obtained using a custom-built
confocal laser scanning microscope using the method described in Chapter 2 FRAP
measurements were repeated on at least 4 individual Bicellogels. All experiments were

conducted at a temperature of 20 °C.
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The measured FRAP curves were fit with several exponential models, and the Akaike
information criterion (AIC) was used to select a biphasic exponential function (Equation 16) as
the most likely model. Also, to extract diffusion coefficients from FRAP curves, a Monte Carlo
simulation of the random Brownian motion of fluorophores on the surface of a sphere to

produce was used as previously described in Chapter 2.

3.2.8 Fluorescence Quenching Assay using Sodium Dithionite

A sodium dithionite NBD-PE quenching assay was performed on bicelles, Bicellogels and
unilamellar liposomes incorporating 0.1 mol % of NBD-PE. A 1 M sodium dithionite, 1 M Tris
solution was prepared immediately prior to use. Using a QuantaMaster PTI spectrofluorimeter
(Photon Technology International, Lawrenceville, NJ) equipped with a Quantum Northwest TC
125 temperature controller (Liberty Lake, WA), the excitation was set to 470 nm and the
emission was monitored at 532 nm using a time based scan via the FelixGX software. An
aliquot of sample was diluted to 2 ml using 10 mM Tris buffer (pH 7.4) in a 4 mL quartz cuvette
and allowed to thermally equilibrate to a set temperature for at least 10 minutes. The emission
was then monitored for several minutes at the rate of 1 point/sec. After obtaining a stable
fluorescence reading for 1 minute, 20 plL of the sodium dithionite solution was added. The
fluorescence emission intensity was monitored until a new baseline was achieved, following
which 20 pL of 5 wt % Triton solution was added to disrupt the bilayer and quench the

fluorescence entirely.
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3.2.9 Solid State *'P NMR Spectroscopy

Solid state *'P NMR spectra were obtained with a Varian Inova 500 MHz NMR
spectrometer using a T3 triple-resonance MAS probe. 20 mg of Bicellogels were packed ina 5
mm rotor and capped with a custom built leak-proof plug. The sample was allowed to
thermally equilibrate to a particular temperature for at least 10 minutes. 3P NMR spectra were
recorded at 202 MHz using a spin echo pulse sequence under TPPM proton decoupling. The
acquisition parameters were as follows: a 90° pulse length of 6.7 us, an echo delay of 22.8 ps, a
recycle delay of 4.0 s, and a spectral width of 100 kHz. Typically, 1,000-2,000 transients were
collected for each spectrum and processed with an exponential multiplication equivalent to 100

Hz line broadening prior to Fourier transformation.

3.2.10 Electrospray lonization Mass Spectrometry (ESI-MS)

Both Bicellogel-bound lipids and free bicelle lipids were analyzed via ESI-MS. Bicellogels
were first stripped of bound lipids by immersion in acetone and the free microgels were
removed by centrifugation. Methanol was added to the supernatant to obtain a 5 uM lipid
solution. Free bicelle lipids were simply diluted to 5 uM using methanol. Using a syringe pump,
the samples were introduced into the Micromass ZQ single quadruple electrospray ionization
mass spectrometer (Waters Corporation, MA) operating in the positive ion mode at a flow rate
of 30 uL/min with a capillary charge of +3.1 kV, cone voltage of 20 V and a source temperature
of 100 °C. The samples were scanned over the range of 400-700 m/z with a scan acquired

every second over a duration of 1 minute.
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3.3 Results and Discussion

3.3.1 Charge Balance Regulates Cationic Bicelle Binding to Anionic Microgels

With the objective of depositing a lipid bilayer onto a spherical soft polymer surface
starting from discoidal bicelles, it is critically important that the polymer support interact
strongly and specifically with the bicelles. One means of doing so is through Coulombic
attraction. To this end, pNIPAM/p(NIPAM-co-AA) core-shell microgels were fabricated such
that the acrylic acid carboxyl functionalities are localized to the shell region, thus imparting to
the microgel surface a high negative charge density at physiological pH. Cationic bicelles will be
electrostatically attracted to, and bind with, the microgel anionic surface, as shown in Figure
3-1. Cationic bicelles in discoidal form were prepared using a long chain / short chain molar
ratio g = 2, known to yield discoidal bicelles with diameters in the region of 200 A.*? Cationic
charge was conferred by incorporating the cationic amphiphile DMTAP (5 mol % relative to
DMPC).

In designing the Bicellogel formulation strategy outlined in Figure 3-1, careful
consideration was given to the properties of the aqueous buffer and the temperature of
deposition, with the goal of achieving saturation of the microgel surface with bound bicelles.
By analogy with liposome fusion at surfaces to form a continuous lipid bilayer, it was
anticipated that a critical density of bound bicelles would need to be achieved before bicelle
fusion into a continuous lipid bilayer could occur. Since electrostatic attraction decreases with
increasing ionic strength, a salt-free buffer was chosen in order to minimize charge screening
and, hence, maximize the bicelle-microgel attraction. Note that, had some other mode of

binding interaction been chosen, such as hydrophobic attraction or bioconjugation, such a
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stricture would not have been necessary. The temperature at which the bicelle deposition is
undertaken was also expected to profoundly influence the outcome. First, bicelle morphology
changes in a complex manner with temperature,60 but a key temperature is that of the gel-to-
liquid-crystalline phase transition of DMPC (Ty = 23 °C), below which fusion is unlikely to occur.
Second, pNIPAM microgels undergo a volume phase transition (VPT) at 32 °C wherein the
water-swollen state at a lower temperature collapses, losing as much as 90% of its volume, at a
temperature exceeding that of the VPT. Thus, temperature was carefully controlled to remain
intermediate to the Ty, of DMPC and the VPT of pNIPAM.

To determine the saturation level of bicelle binding, a constant amount of anionic
microgel was titrated with increasing amounts of cationic bicelles containing RhB-PE. The
amount of lipid bound was measured from the RhB-PE fluorescence with results as shown in
Figure 3-2. When these binding data are expressed in terms of the number of bicelle cationic
charges from DMTAP bound per microgel anionic charge from AA it is evident that binding is
guantitative until charge balance is achieved, at which point little or no further binding occurs.

The results in Figure 3-2 indicate that all DMTAP molecules on a given bicelle are
accessible to microgel carboxyls. If it is assumed that all DMTAP remain confined to a given
face of a bicellar disc, then this result implies that the microgel matrix is able to wrap around a
bound bicelle. This would likely prohibit fusion of adjacent bicelles but, as will be shown below,
such bicelle fusion in fact appears to occur. An alternate explanation is that DMTAP is able to
migrate from one bicelle face to the other, driven by electrostatic attraction to the relatively
immobile microgel carboxyls. Since flip-flop of large, charged amphiphiles like DMTAP through
a bilayer is very slow, we suggest that, instead, DMTAP diffuses around the bicelle rim such that
its population rapidly re-equilibrates according to local electrostatics. Some simple geometric
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considerations bolster this argument. Previously, we estimated that the average distance
between adjacent AA groups in identical microgels would be on the order of 50 A.” For a bicelle
composed of 95/5 DMPC/DMTAP the centre-to-centre separation between individual DMTAP
molecules would be on the order of 120 A, assuming an area per DMTAP similar to that of
DMPC (60 AZ). If, however, all DMTAP migrate to one face of the bicelle, the effective
composition at the interface would be 90/10 DMPC/DMTAP and the centre-to-centre
separation between individual DMTAP molecules would be on the order of 60 A, i.e., better
matching the AA separation on the microgel surface. Further to this point, for a 200 A diameter
bicelle with globally 95/5 DMPC/DMTAP, if all DMTAP migrate to one face and bind
electrostatically to surface carboxyls, each bicelle will have approximately 50 such points of

electrostatic interaction, consistent with the strong, quantitative binding evident in Figure 3-2.
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Figure 3-1: Mechanism of formation of Bicellogels from cationic discoidal bicelles binding to
anionic core-shell microgels. Top: Cationic bicelles (DMPC-yellow, DHPC-black, DMTAP-blue)
are electrostatically attracted to the acrylic acid carboxyls (red) at the surface of the pNIPAM
microgel (green). Middle: DMTAP migrates from the outer to the inner leaflet of adherent
bicelles in order to match cationic-anionic charge densities. Bottom: DHPC exits to the aqueous
phase due to its high solubility, forcing fusion of the remaining DMPC/DMTAP lipids into a
continuous lipid bilayer, with a shape conforming to the uneven surface of the underlying
microgel support.
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Figure 3-2: Titration of anionic microgels with cationic bicelles. Binding of increasing amounts
of g =2, DMPC/DMTAP 95/5 bicelles to a fixed weight of anionic pNIPAM/p(NIPAM-co-AA)
core-shell microgels was quantified via the fluorescence intensity of RhB-PE incorporated into
the bicelles. The dotted line indicates quantitative (1:1 charge balance) binding.
3.3.2 DHPCis Absent from the Bicellogel Lipid Bilayer Coating

Static 3'P NMR spectroscopy was undertaken to examine in greater detail the properties
of the microgel-bound lipids, as shown in Figure 3-3 for Bicellogels at temperatures between 10
°C and 45 °C. At both 10 °C and 20 °C (T<Ty of DMPC), where the Bicellogel lipids presumably
exist in a gel phase, broad, axially symmetric powder patterns were observed with a residual
chemical shift anisotropy (CSA) of approximately 60 ppm. This is the behaviour expected for
phospholipids in a lipid bilayer arrangement where they undergo more-or-less rapid rotations

about their long axes, but only slow overall isotropic tumbling due to the size of the self-

assembled aggregate, i.e., in this case a micron-sized Bicellogel. At 30 °C (T>Ty of DMPC) an
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axially symmetric powder pattern is likewise observed, but with a reduced residual CSA of ~45
ppm characteristic of phosphatidylcholines in a liquid crystalline state. At 45 °C, the residual
CSA is reduced yet further. At this temperature, the microgel supporting the lipid bilayer has
undergone a VPT and collapsed in size. This can force the lipid bilayer coating to develop
protrusions having high curvature.” The residual CSA of phospholipids within such regions
would be reduced accordingly.

Significantly, there was no evidence of a narrow resonance at the isotropic frequency,
indicating that no free bicelles remained present in the sample and, more importantly,
suggesting that no DHPC was present either. DHPC generally yields an isotropic resonance due
to its tendency to phase separate from DMPC, particularly at temperatures below the DMPC
Twm, and its preference for regions of high curvature. For example, the *'P NMR spectrum of
DMPC/DHPC bicelles at a temperature just below Ty is a superposition of a DMPC powder

pattern and a DHPC isotropic resonance.™
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Figure 3-3: Static 3p NMR spectra of Bicellogels at the indicated temperatures. The powder
pattern spectral line shapes and residual CSAs are consistent with the presence of a DMPC-rich
lipid bilayer coating the microgel surface. The absence of any narrow isotropic resonance
suggests the absence of DHPC from the bound lipid fraction.
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To more closely examine whether DHPC was present within the Bicellogel lipid bilayer
coating, qualitative ESI-MS analysis was undertaken. Since ESI-MS instrumental response
increases with decreasing phospholipid acyl chain length,** DHPC would be much more
sensitively detected than DMPC or DMTAP. Control measurements on equimolar DMPC/DHPC
mixtures confirmed that DHPC was more readily detected by ESI-MS than either DMPC or
DMTAP. Increased DHPC sensitivity was also confirmed for the case of bicelles of the same
composition as employed here, as shown in Figure 3-4A. With regards to the Bicellogels, Figure
3-4B shows the mass spectrum of the Bicellogel lipid bilayer. Although DMTAP (554.49 m/z)
and DMPC (678.46 m/z [Mpwpec + H'], 700.43 m/z [Mpmpec + Na']) signals were observed, peak(s)
related to DHPC were conspicuously absent. Thus, Figure 3-4B indicates that DHPC was entirely
absent from the Bicellogel lipid bilayer coating post-fabrication, confirming the interpretation
of the **P NMR spectra in Figure 3-3. Figure 3-4C shows an ESI-MS spectrum of the unbound
lipid wash where peaks at 454.26 m/z [Mpnpc + H'] and 476.23 m/z [Mphpc + Na'] confirm the
presence of DHPC. Evidently, DHPC is removed preferentially during the various washing stages
to which the Bicellogels are subjected during fabrication. (Since DHPC is much more sensitively
detected in ESI-MS than DMPC, the absence of any DMPC peak in Figure 3-4C does not
necessarily mean that no DMPC was present in the wash.) Morigaki et al.2in their studies
employing POPC/DHPC bicelles to coat glass surfaces also suggested that DHPC was absent
from the deposited bilayer since washing the adsorbed bilayer with buffer did not lead to any
loss in mass. These authors speculated that this occurred because, at the concentration of
bicelles they used, DHPC was below its CMC. However, a chemical analysis of the adsorbed
layer was not conducted. The results of our ESI-MS measurements demonstrate unequivocally
that DHPC is indeed absent from lipid bilayers deposited from bicelles.
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Figure 3-4: ESI-MS spectra for bicelles, Bicellogel bound and unbound lipid fractions. (A) ESI-
MS spectrum of bicelles used in this study. DHPC (M+H"=454.26 m/z and M+Na*=476.24 m/z
adducts), DMPC (M+H"=678.46 m/z and M+Na*=700.43 m/z adducts) and DMTAP
(M+H*=554.49 m/z) were all observed. (B) ESI-MS spectrum of the Bicellogel lipid bilayer. Only
DMPC (M+H"=678.46 m/z and M+Na*=700.43 m/z adducts) and DMTAP (M+H"=554.49 m/z)
were observed in the bound lipid fraction, while no DHPC was evident. (B) ESI-MS spectrum of
the unbound lipid fraction. DHPC (M+H*=454.26 m/z and M+Na*=476.23 m/z adducts) was
virtually the sole lipid observed, in contrast to its absence from the bound lipid fraction in (B).
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3.3.3 Bicelles Bound at the Microgel Surface Fuse into a Continuous Lipid Bilayer

Using fluorescence imaging, one may demonstrate that cationic bicelle deposition
occurs exclusively at or near the surface of the anionic microgels, i.e., at the periphery of the
core-shell microgels where the anionic carboxyls are localized. Figure 3-5A shows one such
image wherein fluorescence intensity from RhB-PE incorporated into the bicelles remains
confined to the periphery of the microgel and is absent from the interior. The near
homogenous density of fluorescence intensity around the periphery suggests that defects
larger than the diffraction limit do not exist in the deposited layer. In a lightly cross-linked
pNIPAM hydrogel matrix, like the core region of our core-shell microgels, pore sizes upwards of
40 A have been shown to be present.® In the more highly cross-linked shell region, one
anticipates even smaller pore sizes. Hence, bicelles of diameter 200 A should be too large to

penetrate into the microgel interior, regardless of electrostatic considerations.

Figure 3-5: FRAP images of RhB-PE-containing Bicellogels measured at 20 °C. Confocal
fluorescence microscope images of a 0.05 mol % RhB-E labelled Bicellogel: (A) before
photobleaching, (B) immediately after photobleaching, and (C) 5 minutes after photobleaching.
The yellow bar represents a size of 1 um.

To examine whether the bicelles have bound with sufficient density to fuse into a

continuous lipid bilayer, FRAP experiments were performed on Bicellogels. Figure 3-5A shows a

single Bicellogel imaged prior to photobleaching. In Figure 3-5B, the same Bicellogel is shown
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immediately after having been photobleached over a diffraction limited region using a high
intensity laser. Figure 3-5C shows that, within a few minutes, fluorescence intensity has
returned to the photobleached region. This demonstrates unequivocally that individual bicelles
have fused at the microgel surface into a continuous lipid bilayer. Importantly, fluorescence
recovery was not observed in FRAP experiments when bicelles and microgels were incubated
overnight at a temperature below the Ty of DMPC. Thus bicelle fusion, i.e., transformation
from individual discs to continuous lamellae, occurs exclusively above the Ty of the major lipid.
In lipid vesicles in general, fusion is more readily induced when the lipids are in the liquid-
crystalline phase.'® However, spontaneous fusion of small DMPC vesicles proceeds maximally
in the range 19-24 °C; that is, near or just below the Ty, of DMPC.Y Bicelle fusion, on the other
hand, all other factors being equal, is reported to occur only above the Ty of DMPC,*® in accord
with our observations.

To quantify the lateral diffusion of lipids constituting Bicellogels, FRAP curves were
measured and analyzed using a bi-exponential model function described by Eq. (1). Figure 3-6A
shows the experimental FRAP curve measured for a single Bicellogel prepared at 30 °C and the
corresponding fit to Eg. (1). The two recovery lifetimes determined from the fit were 21.6 + 1.8
sec (fast fraction) and 200.0 £ 1.6 sec (slow fraction), with the slow fraction contributing 87% of
the recovery. A steady state fluorescence recovery of only ~50% was achieved, reflecting the
significant fraction of fluorophores initially present within the Bicellogel lipid bilayer that had

been photobleached.
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Figure 3-6: Analysis of FRAP curves to extract the lateral diffusion coefficient. (A)
Experimental FRAP data (black dots) were fit with a bi-exponential function (red line) as per Eq.
(1), with values of the two recovery lifetimes and pre-exponential weighting terms as per the
text. (B) Monte Carlo simulations of Bicellogel FRAP data assuming two different lateral
diffusion coefficients, weighted as per (A) above. The solid red line shows the fit of Eqg. (1) to
the simulated recovery curves using populations identical to those obtained from experimental
datain (A).
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In the absence of an analytical expression describing lateral diffusion around a sphere
possessing the properties of a Bicellogel, we resorted to Monte Carlo simulations to extract
lateral diffusion coefficients from the FRAP curves. For example, the Monte-Carlo simulated
FRAP curve shown in Figure 3-6B was obtained assuming two populations of lipids with lateral
diffusion coefficients of 5 x 10™° cm?s™ (13%) and 3 x 10! cm?s™ (87%), with percent
contributions as indicated in parentheses. The best fit of Eq. (1) to the Monte-Carlo simulated
FRAP curve, likewise shown in Figure 3-6B, yielded recovery lifetimes of 23.5 £ 0.8 sec and
200.0 £ 0.8 seg, i.e., close to the recovery lifetimes observed experimentally. The lateral
diffusion coefficients extracted in this fashion, averaged over four separate Bicellogels, were
(4.3+2.2)x 10" cm?s™ and (2.9 + 0.6) x 10™! cm?s™ with the slower fraction contributing 77.7
+ 8.7 % of the recovery.

DMPC lipid bilayers exhibit lateral diffusion coefficients on the order of ~10™° cm?s™ at
temperatures below the Ty, of 24 °C." Since the FRAP measurements were taken at 20 °C, the
Bicellogel lipid bilayer should be in the gel phase and the lipid population having a diffusion
coefficient of (4.3 £2.2) x 10™° cm?s™ would appear to conform to this expectation. However,
the overwhelming majority of the lipids displayed a lateral diffusion coefficient slower by an
order of magnitude. Some SLBs exhibit two roughly equal lipid populations with differing
lateral diffusion properties and this is generally attributed to friction between the inner bilayer

20,21

leaflet and the underlying support that is absent from the outer leaflet. Even if the bilayer

is separated from the support by spacer groups, these immobile anchors can introduce a

722 |n Bicellogels, the anchoring is

“picket fence”-type frictional barrier within the inner leaflet.
via electrostatic interactions, which may or may not produce less frictional drag than an

immobile covalently-attached anchor. However, since the majority of the Bicellogel lipid
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population exhibits this slow lateral diffusion, an explanation involving both the inner and outer
bilayer leaflets must be sought. If the microgel-bound lipid bilayer is highly corrugated, then
the observed lateral diffusion will be an average over multiple undulations and will be much

slower than that measured for a corresponding smooth lipid bilayer.

3.3.4 Permeability of Bicellogel Lipid Bilayers

If the Bicellogel lipid bilayer coating is highly corrugated, then the permeability barrier
properties of that membrane coating may be compromised. To explore this point, NBD-PE
fluorescence quenching by sodium dithionite was examined. In the case of an LUV with an
intact lipid bilayer, dithionite ions added externally will not permeate to the interior
compartment. Thus, as shown in Figure 3-7A, for the case of LUV composed of 95/5
DMPC/DMTAP addition of sodium dithionite results in roughly 50% reduction in NBD-PE
fluorescence. On the other hand, for g=2 discoidal bicelles of composition identical to those
employed here for Bicellogel fabrication, added dithionite will have access to both faces of the
bicellar disc, resulting in 100% quenching of NBD-PE fluorescence as likewise shown in Figure

3-7A.
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Figure 3-7: Sodium dithionite induced NBD-PE quenching experiments. (A) Dithionite NBD-PE
qguenching of 95/5 DMPC/DMTAP LUV (solid line), Bicellogels (dashed line) and bicelles (dotted
line) at 15 °C. (B) Sodium dithionite induced NBD-PE quenching assay on 95/5 DMPC/DMTAP

Bicellogels at different temperatures. D and T denote the times of external addition of
dithionite and Triton, respectively.

100



When Bicellogel permeability was interrogated in the same fashion, dithionite
guenching was significantly greater than with corresponding liposomes. As Figure 3-7A shows,
NBD-PE fluorescence decreased by ~80% upon dithionite addition, confirming that a significant
amount of NBD-PE was accessible to the dithionite ion. Furthermore, as Figure 3-7B shows,
dithionite quenching of NBD-PE fluorescence increased markedly with increasing temperature.
Bicellogels were least permeable to dithionite at 5 °C and 15 °C, while at temperatures at or
above the DMPC Ty, essentially all of the Bicellogel lipids were accessible to dithionite.
Interestingly, permeability of DMPC/DMTAP LUV exhibited a similar temperature-dependent
increase, although remaining completely impermeable at temperatures below the DMPC Ty,.
This suggests that the increased permeability of the Bicellogel lipid bilayer is not the result of
static, permanent defects, since these would be predicted to persist regardless of the bilayer
thermotropic phase. Rather, the temperature dependence of the permeability seems to
indicate the presence of dynamic defects smaller than the diffraction limit of our microscope,
such as might result from regions of high local curvature. As we have argued above based on
lipid binding data (Figure 3-2) and FRAP lateral diffusion measurements (Figure 3-6), the lipid
bilayer deposited on these microgels is likely highly corrugated due to the uneven surface of
the underlying microgel support. Moreover, the microgel polymer chains are to some
considerable degree mobile despite being cross-linked. The regions of high dynamic membrane
curvature brought on by all of those factors would surely challenge the permeability barrier
properties of the bilayer, similar to the effects of fatty acids and Iysolipids.23 Confirming the
presence of such dynamic undulations within the adherent lipid bilayer would require a non-
perturbing technique with high spatial and temporal resolution. The nm level resolution
provided by Atomic Force Microscopy (AFM) would be one such candidate, but the low scan
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rates currently available might not resolve the presumably fast dynamics that are of interest
here.”* However, emerging fast-scan AFM techniques capable of elucidating phenomenon on
the sub-100 ms timescale might prove useful in this regard.“'25

Increased permeability is a general concern with SLBs. Perturbations by the underlying
supporting surface are often implicated in the bilayer’s increased permeability. Nollert et al.®
found that an intact POPC lipid bilayer deposited on a hard glass surface (planar or spherical)
was freely permeable to dithionite ions, an effect attributed to surface roughness. Ng et al.”?
found that coating soft hydrophobically-modified dimethacrylamide beads with eggPC resulted
in a continuous bilayer that was almost completely permeable to cobalt ions, in contrast to the
impermeability of eggPC liposomes. It was proposed that the stress experienced by the bilayer

when in close proximity to the dynamic, possibly highly corrugated, surface of the bead was the

origin of the increased permeability.

3.3.5 Mechanism of Bicellogel Formation

The mechanism of Bicellogel formation via electrostatic attraction of bicelles, as
deduced from the experiments described here, is summarized in Figure 3-1. The initial
interaction is electrostatic attraction from a distance between cationic bicelles and the anionic
microgel surface. At close approach, the mobile cationic amphiphiles can migrate around the
bicelle rim from the outer bicelle face to the inner in order to balance the local charge density
of immobile polymeric anionic charges. Washing these electrostatic complexes preferentially
removes the neutral and highly water-soluble short-chain species DHPC. Elimination of DHPC
forces fusion of bicelles into larger, unilamellar structures, as the self-assemblies seek to
minimize edge regions formerly occupied by DHPC. Provided a sufficient density of surface-
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bound bicelles had been attained initially, and provided the lipids are in the liquid-crystalline
state, fusion occurs and begets a continuous unilamellar lipid bilayer surrounding, and closely
conforming to, the entire microgel surface. Since that surface is highly convoluted, the
resulting bilayer is locally highly curved. The resulting bending energy stress this imposes can

compromise the permeability barrier properties of the lipid bilayer.

3.4 Conclusions

A novel method for the deposition of a lipid bilayer onto a soft polymer surface starting
from discoidal bicelles has been described. Deposition was mediated by electrostatic attraction
between negatively-charged core-shell hydrogel spheres bearing acrylic acid groups in the shell
regions and positively-charged DMTAP-doped bicelles. Saturation of bicelle deposition at the
microgel surface occurred upon charge balance being achieved. DHPC, the short chain
amphiphile necessary to bicelle formation, was absent from the microgel surface-deposited
lipids, presumably due to its greater water solubility upon dilution/washing. At a temperature
above the gel-to-liquid-crystalline phase transition the remaining DMPC/DMTAP surface-
deposited lipids fused into a continuous lipid bilayer entirely encapsulating the microgel sphere.
This lipid bilayer was highly permeable to small molecules due, in all likelihood, to curvature

stress from adapting to the rough surface of the microgel.
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Liposome-Coated Hydrogel Spheres: Delivery Vehicles with
Tandem Release from Distinct Compartments

4.1 Introduction

Dual drug delivery systems are of growing interest since combinations of drugs with
different therapeutic effects can be advantageous in the treatment of many diseases including
diabetes’, cancer?, rheumatoid arthritis® and a host of others. Dual drug delivery systems
guarantee co-localization of the two drugs, which is pivotal to achieving the desired therapeutic
enhancement. If injected separately, in contrast, their potentially differing pharmacokinetics
and the dilution upon systemic injection reduces the likelihood that the two agents will
concentrate equally, both spatially and temporally, at the desired site. The simplest dual drug
delivery systems consist of a single phase particle entrapping both agents of interest.*> These
are limited, however, to agents which are mutually inert and have fundamentally different
properties, e.g., size and/or hydrophobicity, in order to attain different release profiles. Dual
compartment delivery systems can eliminate such constraints on cargo choice and release
control. A number of different dual compartment systems have been reported. Examples
include polypeptide micelles as a hydrophobic reservoir combined with microporous glass® or a
hydrogel particle’ as a hydrophilic reservoir, hollow core-shell polymer particles where the core
functions as a hydrophilic reservoir and the shell as a hydrophobic reservoir®, and polymer
beads which adsorb one type of drug embedded in a polymer sphere which adsorbs another
type of drugg. In most such dual delivery systems, simultaneous release is readily achieved,
while controlled tandem release of the two drugs is a significant challenge.

Hydrogel-liposome complexes have particular potential as dual-drug delivery vehicles in

that they provide co-localized but separate compartments able to accommodate potentially
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any combination of cargos. Here we describe the preparation and properties of lipid bilayer
vesicle-coated coated pNIPAM hydrogel spheres (VESCOgels) intended to function as a dual
drug delivery system. The liposomes are coupled to the microgel via a carbodiimide-mediated
reaction between amine-bearing hydrophobes intercalated within the liposomal lipid bilayer
and surface carboxyls within the shell region of core-shell pNIPAM microgel particles. We
demonstrate that such VESCOgels exhibit dual release kinetics characterised by fast release of
microgel-trapped species and slow release of liposome-trapped species. It is envisioned that
VESCOgels will be useful, therefore, in applications requiring temporally-controlled drug

delivery.

4.2 Materials and Methods

4.2.1 Materials

Jeffamine EDR-148 was a kind gift from Huntsman International (The Woodlands, TX).
POPC and NBD-PE were purchased from Avanti Polar Lipids (Alabaster, AL). RhB-PE was
purchased from Invitrogen (Carlsbad, CA). All other reagents were purchased from Sigma
Aldrich (Oakville, ON). All reagents were used as received, without further purification. Water

used in all of the experiments was of MilliQ grade.

4.2.2 Synthesis of pNIPAM/p(NIPAM-co-AA) Core—Shell Microgels
The pNIPAM/p(NIPAM-co-AA) core-shell microgels were synthesized as detailed in

Chapter 2.
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4.2.3 AECHO Synthesis

3-0 (2-aminoethoxyethyloxyethyl)carbamyl cholesterol (AECHO) (see Figure 4-1) was
synthesized by reacting the bis-amine compound (ethylenedioxy)bis(ethylamine), trade name
Jeffamine EDR-148, with cholesteryl chloroformate. EDR-148 (5.0147 g) was charged into a 20
ml vial to which cholesteryl chloroformate (1.0086 g), dissolved in 10 ml of chloroform, was
added via a syringe pump at a rate of 0.4 ml/minute under stirring. The reaction was allowed
to proceed overnight at room temperature. The reaction mixture was taken up in 50 ml of
dichloromethane (DCM) and washed five times with 10 ml portions of H,0 to remove
unreacted EDR-148. After drying the DCM layer with MgSO,4 and removing the solvent by
rotary evaporation, 70 ml of boiling methanol was added, causing the immediate precipitation
of any bis-cholesterol side product. The suspension was then kept at 4°C for one hour before
filtration to remove the bis-cholesterol precipitate. Methanol was removed via
rotoevaporation and the residue was stored under vacuum until finally being lyophilized to
yield 0.9 g (71% vyield) of AECHO as a gummy paste.

'H NMR (500 MHz, CDCl5) 6 5.30 (d, J = 5.2 Hz, 1H), 3.55 (s, 4H), 3.47 (dt, J = 20.4, 5.3 Hz,
5H), 3.32-3.26 (m, 2H), 2.82 (d, J = 5.6 Hz, 2H), 2.29 (dd, J = 13.3, 4.7 Hz, 1H), 1.92 (dd, J = 23.1,
14.7 Hz, 2H), 1.80 (t, J = 16.1 Hz, 3H), 1.52 — 1.16 (m, 17H), 1.12 — 0.77 (m, 28H), 0.61 (s, 3H).

BCNMR (126 MHz, CDCl3) 6 156.05, 139.65, 122.23, 74.01, 73.29, 70.07, 70.02, 69.95,
56.49, 55.95, 49.82, 42.11, 41.56, 40.47, 39.55, 39.33, 38.42, 36.82, 36.36, 36.00, 35.60, 31.71,
31.68, 28.05, 28.01, 27.80, 24.10, 23.65, 22.65, 22.39, 20.86, 19.15, 18.54, 11.68.

HRMS (ESI+) (M+H): Calculated = 561.46, Found = 561.44
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4.2.4 Liposome Preparation

AECHO-containing large unilamellar vesicles (AECHO-LUVs), composition 95/5
POPC/AECHO mol/mol, were produced by first co-dissolving appropriate amounts of the
respective lipids in chloroform, removing the solvent under nitrogen and storing the resulting
lipid film under vacuum to eliminate final solvent traces. When desired, 0.1 mol % NBD-PE or
0.05 mol % RhB-PE was incorporated by adding appropriate aliquots of their respective
chloroform stock solutions to the chloroform mixture. The lipid film was hydrated to 10 mg
lipid per ml with 10 mM phosphate buffer (PB) (pH 7.4) and subjected to three cycles of freeze-
thaw-vortex by cycling between liquid N, and a 60°C water bath. The resulting multilamellar
vesicles were then extruded 25 times through 0.1 um polycarbonate membranes using a
handheld extruder (Avanti Polar Lipids, Alabaster, AL). The AECHO-LUVs so produced were kept
at 4 °C until use. DLS size measurements on the extruded vesicles yielded a mean diameter of

103 nm and narrow polydispersity (PDI =0.048).

4.2.5 AECHO-LUV Tethering to Microgels

Carboxylate groups of pNIPAM/p(NIPAM-co-AA) core-shell microgels were pre-activated
with NHS as follows. Typically, 24 uL of a 21 mg/ml aqueous solution of microgels was added to
a 976 L solution of 17 mM 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDAC) and 14 mM
N-hydroxysuccinimide (NHS) in 0.1 M MES buffer (pH 5.5). The contents were stirred for 30
minutes. Due to the high concentration of EDAC/NHS used, NHS activation was considered
guantitative and complete in 30 minutes. The NHS-activated microgels were washed three
times with the same MES buffer and re-suspended in 10 mM PB or 20 mM HEPES buffer,
depending on the experiment. 2 mg of AECHO-LUVs were added and permitted to react
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overnight. The resulting VESCOgels were isolated by centrifugation at 6k RPM for 5 minutes
and the pellet was re-suspended in phosphate buffered saline (PBS) (100 mM KCIl, 10 mM
phosphate, pH 7.4). This centrifugation/re-suspension cycle was repeated at least 2 more
times.

4.2.6 DLS and zeta potential measurements

A Malvern Zetasizer NanoZS (Malvern Instruments Ltd., Worcestershire, UK) was used to record
mean size, polydispersity (PDI) and zeta potential. The solvent parameters for the buffer were
generated using the NanoZS software and size calibration beads were used to confirm accuracy.
A plastic cuvette was used for all DLS measurements while a disposable folded capillary cell was

used to measure zeta potential.

4.2.7 Liposome Binding Assay

Liposome binding as a function of increasing number of liposomes added to a constant
number of NHS-activated microgels was quantified from the fluorescence intensity of 0.05 mol
% RhB-PE incorporated into the liposomal lipids. Typically, 0.5 mg of NHS-activated microgels
were mixed with the desired amount of AECHO-LUVs ( 0.05, 0.1, 0.25, 0.5, 0.75 and 1.00 mg) to
a total volume of 1.0 ml, and incubated for 1 hr, followed by a series of centrifugations /
washes with 1.0 ml PBS, each of which was set aside for analysis. Finally, the VESCOgel pellet
itself was stripped of bound AECHO-LUVs by addition of 1.0 ml of 0.2 M sodium cholate, with
centrifugation to separate the microgel from the solubilised lipids. Fluorescence intensities
were recorded using a Tecan Infinite M1000 PRO microplate reader (Mannedorf, Switzerland)
via a Corning 96 well round bottom transparent microplate. Into each well, a 30 pL aliquot of a
given solution was transferred followed by 70 uL of 0.2 M sodium cholate. The wells were
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excited at 550 nm and a scan was performed from 560 to 600 nm with the same gain used for
all samples. 50 flashes were used at a frequency of 400 Hz, with an integration time of 20 ps.

The spectrum of a control well containing 30 uL of PBS and 70 pL of 0.2 M sodium cholate was
subtracted from that of each sample well. A calibration curve was created using 0.05, 0.5 and
1.0 mg/ml of AECHO-LUVs to confirm the linearity of the fluorescence response and to permit

guantification of the lipid concentration in a given sample.

4.2.8 Lamellarity Assay
An NBD quenching by sodium dithionite lamellarity assay was conducted as described
previously in Chapter 2, here using either 0.05 mg of VESCOgels or 0.2 mg of AECHO-LUVs in

PBS.

4.2.9 Fluorescence Imaging

Fluorescence imaging was carried out on VESCOgels assembled from AECHO-LUVs with
entrapped 0.1 mM RhB and microgels with entrapped FS. Diluted VESCOgel samples were
applied to a plasma-cleaned coverslip and allowed to incubate for 10 minutes at 20°C.
Fluorescence images were acquired using a custom-built inverted wide-field microscope.
Basically, VESCOgel samples were illuminated by two solid state lasers at 473nm (Cobolt Blues,
Cobolt, Sweden) and 532nm (Laserglow Technologies, Canada) alternatively controlled by an
acousto optic tunable filter (Gooch & Housego, USA). Excitation and emission signals were
passed through an identical oil immersion TIRF objective (1.45NA/60X Plan-Apochromat,
Olympus, USA). Fluorescence emission was passed through a quad-edge laser-flat dichroic
beamsplitter (405/488/532/635 nm, Semrock, USA), and long-pass (BLP01-488 , BLP01-532,
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Semrock, USA) and band-pass filters (HQ530/50, HQ600/80, Chroma, USA) to remove scattering
and cross-talk signal. The dual color fluorescent images were taken by a cooled electron-
multiplied charge-coupled device (EMCCD, DU-897BV, Andor, USA) at an exposure rate of 10
Hz.
4.2.10 Fluorescence Recovery After Photobleaching

FRAP experiments were carried out on 0.05 mol % RhB-PE containing VESCOgels
absorbed on a plasma-cleaned coverslip using a custom-built inverted confocal microscope
described in Chapter 2, with minor differences. Briefly, a 1.4NA/100X Plan-Apochromat
microscope oil immersion objective (Carl Zeiss, Canada) was employed to focus the 532 nm
laser excitation light (Laserglow Technologies, Canada) onto the sample which was incubated
on the plasma-cleaned coverslip for about 10 minutes at 20°C. The coverslip was placed on a
three-axis piezo scanner (T225, MadCity Lab, USA) to control the position and focus depth into
the liquid sample. The laser scanning procedure was performed under low laser excitation
intensity (~1 W/cm?) to prevent undesired photobleaching of fluorescent lipids. Fluorescence
signals were collected by the same objective and passed through a dichroic (D01-532RS,
Semrock, USA), long-pass (LP03-532RS, Semrock, USA) and band-pass (HQ60/80, Chroma, USA)
optical filters, and a 50 um pinhole (Thorlabs, USA) to avoid scattering and remove out-of-focus
fluorescence signal contributions. The actual fluorescence signals were focused on a single
photon avalanche diode (MPD-SPAD, PD5CTC, Optoelectronic Components, Canada), which was
connected to one port of a PicoHarp300 single photon counting module (PicoQuant, Germany).
Focus was adjusted close to the equator of each VESCOgel in this experiment in order to
examine the photobleaching and recovery phenomena clearly. A photobleaching spot on a
VESCOgel was chosen arbitrarily and focused by high laser intensity (~ 500 W/cm?) for about 2
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seconds. Fluorescence images of the same VESCOgel were taken immediately and after 10
minutes, both under low laser excitation intensity (~ 1 W/cm?) to monitor the fluorescence

recovery behavior. At least 3 VESCOgels were interrogated in this manner.

4.2.11 Release Assay

Release kinetics of liposomal and microgel matrix contents were measured separately
with distinct assays. Liposomal contents release was monitored via the fluorescence of calcein.
The non-fluorescent cobalt-calcein complex was entrapped within liposomes and the
membrane impermeable cobalt complexer ethylene glycol tetraacetic acid (EGTA) was added to
the external solution. Any leakage of cobalt-calcein results in EGTA binding of cobalt and the
liberation of the highly fluorescent free calcein species. AECHO-LUVs entrapping cobalt-calcein
were prepared by hydrating a lipid film in a solution containing 10 mM cobalt-calcein, 20 mM
HEPES (pH 7.2). Subsequent to the liposome preparation protocol described above, the
AECHO-LUVs were passed through a Sephadex G-50 column to remove external cobalt-calcein.
These AECHO-LUVs with entrapped cobalt-calcein were then coated to NHS-activated microgels
as described above.

Cobalt-calcein release as a function of time was measured on 20 pL aliquots of these
suspensions diluted with 1980 pL of 100 mM KCI, 20 mM HEPES (pH 8.0). The fluorescence
signal was monitored over time using a Quanta Master PTI spectrofluorimeter (Photon
Technology International, Lawrenceville, NJ) equipped with an OD 1.0 filter at the excitation
monochromator and FelixGX software. Temperature was controlled at 23°C using a Quantum
Northwest TC 125 temperature controller (Liberty Lake, WA). Excitation was fixed at 490 nm
and emission at 515 nm was monitored over several minutes at the rate of 1 point/sec. Once a
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stable fluorescence emission signal was obtained from the VESCOgels, 20 puL of 1 M EGTA, 0.5
M Tris (pH 8.0) was added and the emission signal was further monitored until stability was
again attained. Finally, 20 pL of 5 wt% Triton X-100 (Triton) was added to solubilise all lipids
and release all cobalt-calcein from the liposomes. The cobalt-calcein released during a

specified time period (t) was determined by the following equation:

Fluorescence before Triton (t) Fluorescence before Triton(0)

% leaked (t) = < ) * 100% Equation 17

Fluorescence after Triton (t) " Fluorescence after Triton (0)

To determine release from the microgel matrix of VESCOgels, sodium fluorescein (FS)
was loaded into the microgels by adding 50 pL of 10 mM FS simultaneously with the AECHO-
LUVs during the AECHO-LUV coupling step. The simultaneous AECHOL-LUV coupling and FS
loading was permitted to continue overnight. Excess LUVs and FS were removed by six cycles of
centrifugation / washing as above, each cycle requiring roughly three minutes to complete. At
a specified time subsequent to the last wash, an aliquot was removed, centrifuged, and the
resulting supernatant was set aside for fluorescence analysis. A 20 uL aliquot of given
supernatant was placed in a well of a Corning 96 well round bottom transparent microplate
along with 180 pL of 1 M NaOH in order to achieve a high pH and, hence, produce the
maximum quantum yield from FS. Fluorescence readings were recorded using a Tecan Infinite
M1000 PRO microplate reader (Mannedorf, Switzerland). The wells were excited at 470 nm
and an emission scan was performed between 500 and 550 nm with the same gain used for all
samples. 50 flashes were used at a frequency of 400 Hz, with an integration time of 20 us and a
settle time of 50 ms. The temperature was kept at 24°C. A control spectrum obtained with 20

ul of buffer and 180 uL of 1 M NaOH was subtracted from each experimental spectrum. The
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amount of FS released from the VESCOgels at a specified time (t) was determined by the
equation:

% FS released (t) = X Fluorescence (t) *100% Equation 18
Total Fluorescence

where “Total Fluorescence” was obtained from a saved sample at time zero prior to any

release kinetic measurements.

4.3 Results and Discussion

4.3.1 Fabrication of VESCOgels

A principal goal of this research was to fabricate liposome-hydrogel complexes “on-
demand” using a minimum number of steps in proceeding from separate liposomes and
microgels to complexes of the two. The approach chosen was to hydrophobically-anchor one
of the mutually reactive chemical species to the liposome surface and to expose such liposomes
to microgels bearing the complimentary reactive species at their surfaces. While the general
approach is independent of the specific chemistry of interaction, here we employ conventional
carbodiimide chemistry to demonstrate the principle for the case of amine-bearing liposomes
reacting with carboxyl-bearing microgels.

To prepare liposomal surface-displayed amines, we designed an amine-modified
cholesterol moiety, AECHO (see Figure 4-1 with the intention that the hydrophobic cholesterol
group would intercalate into the lipid bilayer and anchor the hydrophilic amine substituent at
the liposome surface. Cholesterol is an optimal choice as a hydrophobic anchor because it

readily intercalates into lipid bilayers and, upon doing so, enhances bilayer stability: hence its
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ubiquitous use in liposomal formulations. AECHO was readily synthesized in a single step,
under mild conditions, in high yield, from commercially-available precursors and was simple to
separate from excess starting material and side products. AECHO contains two flexible,
hydrophilic ethylene oxide spacer units separating the surface-exposed primary amine and the
rigid, hydrophobic cholesterol ring. The role of these spacers is to alleviate steric constraints
encountered when a large liposome approaches the rough microgel surface. Indeed, we
observed that LUVs incorporating 5 mol % 1-palmitoyl-2-oleoyl-sn-glycero-3-
phosphoethanolamine, an amine terminated phospholipid lacking such a spacer, could not be
immobilized to the microgel surface, probably due to the aforementioned steric constraints.
The microgel target for liposome binding consisted of core-shell pNIPAM/p(NIPAM-co-
AA) microgels, prepared such that only the periphery of the microgel spheres contain carboxyl
groups. As illustrated in Figure 4-2, the microgel carboxyls were activated with conventional
EDAC/NHS carbodiimide chemistry immediately prior to exposure to amine—bearing liposomes
in order to avoid hydrolyzation of NHS esters during storage in aqueous solution.™? Alternately,
pPNIPAM could have been co-polymerized with NHS-acrylates, as has been reported for non-
aqueous solvents,”** but for our purposes this would have required eventual solvent exchange

into water, thus re-introducing the NHS hydrolyzation issue.
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Figure 4-1: 3-O (2-aminoethoxyethyloxyethyl)carbamyl cholesterol (AECHO) and AECHO
incorporated into a Large Unilamellar Vesicle (AECHO-LUV) at physiological pH.
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Figure 4-2: VESCOgel fabrication from NHS-activated microgels and AECHO-LUVs.
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Note that, due to electrostatic attraction, simply mixing carboxylated microgels with
surface amine-decorated liposomes produces extensive binding between the two. AECHO-LUVs
will be cationically surface-charged at physiological pH, given that the pKa of EDR-148 amines is
9.4," and would not be expected to change substantially upon modification to AECHO or its
subsequent incorporation into LUVs. Zeta potential measurements on such AECHO-LUVs
yielded a value of +9.15 £ 2.52 mV. Non-NHS-activated microgels, having surface-localized
carboxyls, were negatively charged at physiological pH with a zeta potential of -24.2 + 0.9 mV.
Even upon NHS-activation some surface-localized negative charge is to be expected, since NHS-
activation is generally less than complete, while NHS hydrolysis will occur progressively. The
issue with purely electrostatic binding is that complexes so formed can be difficult to maintain
under physiological salt conditions.

To screen for conditions under which robust binding could be maintained even at higher
salt concentrations, qualitative microgel binding assays were undertaken using LUVs containing
various amounts of AECHO (1, 5 or 20 mol %) plus 0.05 mol % RhB-PE as a fluorophore. These
were mixed first with non-NHS-activated microgels under low-salt conditions (10 mM PB, pH
7.4) and then washed under high-salt conditions (100 mM KCl, 10 mM PB, pH 7.4).
Qualitatively, 1 mol % AECHO failed to yield any LUV binding even in a low salt buffer, much less
after a high salt wash. AECHO at the 5 mol % level yielded LUV binding in low salt, but this
binding was eliminated by the high salt wash. Only at 20 mol % AECHO was there a substantial
high salt-resistant LUV binding. When NHS-activated microgels were substituted next, 1 mol %
AECHO likewise produced little or no binding before or after washing with a high salt buffer.
However, 5 mol % AECHO yielded substantial LUV binding even subsequent to washing with
high salt, as did 20 mol % AECHO. Incorporation of cholesterol at high concentrations can lead
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to an inhomogeneous distribution in the bilayer'®'’

and can also affect the bilayer phase
transition'®, thickness®® and rigidity®°. Hence, on the principle that it was desirable to employ
the least amount of AECHO necessary to yield salt-resistant binding, further investigations were
conducted using LUVs containing 5 mol % AECHO.

Figure 4-3 shows a quantitative liposome-microgel binding assay wherein a fixed
guantity of NHS-activated microgel was titrated with progressively increasing quantities of LUVs
containing 5 mol % AECHO, plus 0.05 mol % RhB-PE. The LUVs and microgels were allowed to
interact overnight in a low salt buffer (10 mM PB, pH 7.4), then washed with a high salt buffer
(100 mM KCI, 10 mM PB, pH 7.4). It is presumed that this salt-resistant lipid binding represents
LUVs bound to microgels due to nucleophilic attack of AECHO amines on NHS-activated
carboxyls with formation of an amide bond covalently linking the lipid bilayer intercalated
cholesterol group with the microgel matrix through the two ethylene oxide spacer units. One
observes that there are apparently two binding regimes: at lower lipid / microgel weight ratios
the proportion of lipid bound / lipid added is roughly 1 / 2, while above approximatelya1/1
lipid / microgel weight ratio lipid binding increases further but with decreased avidity.

To put these binding results in perspective, if each microgel bead was encapsulated by a
unilamellar lipid bilayer, then lipid binding should saturate at approximately 0.25 mg lipid/mg
microgel. This calculation assumes a perfectly smooth microgel bead of radius 650 nm and a
polymer density of approximately 72 mg/ml, based on the size and molecular mass data
reported by Sorrell and Lyon21 for analogous core-shell pNIPAM/p(NIPAM-co-AA) microgels.
The surface area per POPC is assumed to be 70 A?. Hence, the binding data in Figure 4-3 are
inconsistent with the presence of a single lipid bilayer encapsulated microgel, with the proviso
in mind that microgels are certainly not perfectly smooth and that any roughness would
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increase the effective surface area to be encapsulated. Alternately, if each microgel bead was
completely coated by closely-packed LUVs of mean diameter of 103 nm, then lipid binding
should saturate at approximately 0.9 mg lipid/mg microgel. For this scenario, the binding data
in Figure 4-3 indicate that the microgels are only approximately 50% saturated. Overall, such

binding data do not provide, therefore, a definitive answer to the single bilayer versus LUV

coating question.
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Figure 4-3: Fluorescence-based LUV-microgel binding assay, conducted via titration of NHS-
activated core-shell pNIPAM / p(NIPAM-co-AA) microgels with increasing amounts of 5%
AECHO-LUV containing 0.05 mol % RhB-PE, all in PB (10 mM phosphate, pH 7.4). Data points
correspond to mg of lipid bound / mg microgel after washing with PBS (100 mM KCI, 10 mM
phosphate, pH 7.4), demonstrating salt-stable binding. The dotted line represents quantitative

binding.
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4.3.2 Fluorescence recovery after photobleaching

The question of whether or not binding of AECHO-LUVs to microgels results in their
fusion into a continuous lipid bilayer encapsulating the microgel bead can be addressed via
FRAP experiments. As evident in Figure 4-4A, the confocal fluorescence microscopy image of a
typical VESCOgel assembled with 5 mol % AECHO-LUVs, containing 0.05 mol % RhB-PE for
fluorescence imaging purposes, exhibits fluorescence intensity localized to, and homogenously
distributed within, the shell region of a micrometer sized particle. The diffraction-limited
spatial resolution does not permit differentiation between discrete LUVs completely coating the
surface versus a continuous bilayer arrangement.

Figure 4-4B shows the result of applying a tightly focused high power laser beam on a
portion of the same VESCOgel particle. The region consequently bleached of fluorescence is
about three to four times larger than the diameter of an individual AECHO-LUV. If fusion of
individual LUVs into a continuous lipid bilayer had occurred, then diffusion of RhB-PE from non-
bleached regions back into the bleached region would result in recovery of the fluorescence in
that region. As evident in Figure 4-4C, even 10 minutes after photobleaching no significant
recovery of fluorescence has taken place. Since 10 minutes represent many multiples of the
time normally required for such recovery in a fluid lipid bilayer, it can be concluded that fusion
of AECO-LUVs bound to the microgel surface has not taken place. Even when VESCOgels were
subjected to several freeze-thaw cycles in the presence of excess lipid, a process known to be

11,22

helpful in inducing fusion of surface-bound LUVs in other instances, FRAP experiments

yielded no recovery of fluorescence.
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Figure 4-4: FRAP images acquired from a VESCOgel fabricated with AECHO-LUVs containing
0.05% RhB-PE. (A) Before photobleaching. (B) Immediately after photobleaching. (C) 10
minutes after photobleaching. The yellow bar represents 1 um.
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Liposome deposition at high density, followed by fusion, either spontaneous or induced,
is one of the most common methods used to coat a surface with a continuous lipid bilayer.”***
The LUV binding data in Figure 4-3 indicate that the microgel surface is far from saturated with
LUVs, suggesting that the reason fusion has not occurred here is that the critical density
required for fusion was not achieved. Vesicle fusion requires close apposition of adjacent
bilayer surface, hence the density requirement. Another factor inhibiting fusion is lipid bilayer
surface charge, here due to the presence of unreacted AECHO, which introduces an additional
energy barrier to two vesicles approaching each other. In fact, LUV surface charge may explain
the difficulty in binding AECHO-LUVs to high density, and the biphasic lipid binding behaviour

seen in Figure 4-3, since, once a certain number of AECHO-LUVs have bound, the resulting

positively-charged microgel will repel positively-charged LUVs and inhibit further binding.

4.3.3 Lamellarity of Microgel-Bound AECHO-LUVs

Previous work on LUVs bound to microgels via hydrophobic anchoring to tetradecyl
chains covalently attached to the polymer matrix demonstrated that the permeability barrier
properties of the lipid bilayers were greatly compromised as a consequence of their interaction
with the microgel.25 To explore this question for case of AECHO-LUVs in VESCOgels, a
lamellarity assay was conducted in which sodium dithionite quenching of NBD-PE incorporated
into the lipid bilayers was examined, as shown in Figure 4-5. For an impermeable, large
unilamellar lipid bilayer vesicle, 50% of the NBD-PE fluorescence will be quenched upon
addition of sodium dithionite to the external solution, since this quencher should not permeate
an intact lipid bilayer. Indeed, this is seen to be the case for AECHO-LUVs free in solution.
When the barrier properties are compromised, as they are upon addition of the detergent
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Triton which solubilises the lipids, 100% of the NBD-PE fluorescence is quenched by sodium
dithionite. Essentially identical results are obtained for AECHO-LUVs bound to the microgel,
indicating that they remain unilamellar and that their permeability barrier properties remain

intact. As will be related below, this is useful for controlled release applications.
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Figure 4-5: Sodium dithionite lamellarity assay performed on free AECHO-LUVs (grey) and
VESCOgels (black). Only 50% of the lipids in both were accessible to the dithionite quencher,
showing properly impermeable bilayers. This indicates that AECHO-LUV binding to microgels
does not make them leaky. Triton was added to disassemble the bilayer.

4.3.4 Dual Carrier and Release Characteristics of VESCOgels

An attractive feature of VESCOgels is that they consist of two distinct compartments —

the lipid bilayer vesicle interior and the microgel interior — each capable of carrying separate
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molecular cargos. To demonstrate such compartmentalization of molecular cargos in
VESCOgels, two distinguishable fluorophores were encapsulated simultaneously: RhB within the
AECHO-LUVs and FS within the microgel matrix. Figure 4-6 shows fluorescence images of such
VESCOgels, wherein RhB and FS were excited alternatively and, with use of appropriate
bandpass filters, separate RhB and FS fluorescence images acquired independently without
signal interference. Figure 4-6A shows the RhB image and Figure 4-6B shows the FS image,
demonstrating their co-localization with the VESCOgels. Figure 4-6C shows the fluorescence
intensity profile along one VESCOgel, demonstrating that the RhB signal is concentrated at the
periphery where the AECHO-LUVs would be situated, while the FS signal is diffusely distributed
across the entirety of the microgel.

Having established that distinct cargos can be entrapped within the separate AECHO-
LUV and microgel interior compartments of VESCOgels, their release profiles were
characterized independently. For the microgel interior compartment, FS was again entrapped
and its release into the aqueous external environment was monitored. For monitoring release
from the AECHO-LUV interior, cobalt-calcein was entrapped, the vesicles were bound to the
microgel and leakage was assessed by addition of the cobalt chelator EGTA. This method is

11,2629 3nd does not require separation of the

routinely used to measure membrane integrity
leaked contents from the LUVs for assessment. In our experiments, the chelator is added to the
exterior of the cobalt-calcein entrapping liposomes and any fluorescence enhancement from
liberated calcein is measured. Then, Triton is added to permeate the bilayer to measure the

total fluorescence possible when EGTA chelates with all cobalt-calcein available, leaving behind

only fluorescent calcein.
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Figure 4-6: Fluorescence microscopy images demonstrating the dual carrier capacity of
VESCOgels. RhB was encapsulated within AECHO-LUVs and FS was trapped within NHS-
activated microgels prior to complexation between the two to form VESCOgels. (A) RhB
emission. (B) FS emission. (C) Fluorescence profiles traversing a single VESCOgel (as indicated by
the white line in A and B) for images of RhB (m) and sodium fluorescein (m).The yellow bar
represents 1 pum.
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As shown in Figure 4-7, the cobalt-calcein cargo borne by the AECHO-LUVs bound to the
microgels remained essentially completely entrapped within the AECHO-LUV interior over the
course of a number of days, regardless of whether stored at room temperature or at 37 °C. Co-
calcein release from AECHO-LUVs prior to microgel binding and from simple POPC LUVs was
also measured and did not yield a significantly different release profile relative to AECHO-LUV
bound to microgels, regardless of temperature. Hence, the slow release observed cannot be
attributed to preferential binding of co-calcein to AECHO or to some interaction with the

microgel support.
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Figure 4-7: Release kinetics from VESCOgels assembled with either microgel-encapsulated FS
(squares) or AECHO-LUV-encapsulated cobalt-calcein (circles). Data were acquired at either
room temperature (open symbols) or at 37°C (closed symbols).
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Note that this slow release behaviour is in contrast to earlier findings that liposomes
bound to microgels which had been hydrophobically-modified with tetradecyl alkyl chains
tended to exhibit greater instability above the VPT temperature.25 That system and the current
system differ in two significant features. First, tetradecyl chains tend to destabilize, while
cholesterol tends to stabilize, lipid bilayers. Second, the current system incorporates
hydrophilic ethylene oxide spacer groups between the LUV and microgel surfaces, which will
tend to decouple their interactions.

In contrast to the slow release of AECHO-LUV-entrapped cargo, the FS cargo borne
within the microgel polymer matrix achieved 50% release in a matter of 24 — 48 hours. Raising
the temperature to 37 °C increased the rate of FS release, but failed to produce a “pulse” of
released FS such as might be expected to occur once the temperature exceeded the microgel’s
volume phase transition at approximately 32 °C. These results demonstrate that, not only can
separate cargoes be entrapped within the distinct VESCOgel compartments, they exhibit
distinct rapid versus slow release kinetics.

The release kinetics of both the AECHO-LUVs and the microgel itself were in all
essentials virtually identical to those obtained with separate AECHO-LUVs prior to their binding
to microgels, and with the microgels themselves prior to their being coated with AECHO-LUVs.
While perhaps unsurprising for the AECHO-LUVs, this was not the behaviour anticipated for the
microgels. Several explanations are possible. First, the coverage of the microgel surface with
bound AECHO-LUVs may not have been sufficiently dense as to significantly curtail FS diffusion
out of the microgel interior. While the binding data in Figure 4-3 indicate that AECHO-LUV
binding was only roughly half of that expected for a closely-packed surface, the fact that coated
and uncoated microgels exhibited virtually identical FS release kinetics suggests that another
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explanation should be sought. The observation that raising the temperature above the
microgel’s VPT produced no pulse of FS release points to a couple of different scenarios.
Firstly, the microgel VPT might not be robust enough to result in a burst release. We
have already shown that the VPT temperature of our microgels is 32°C.** Additionally, our lab
has also previously shown in that when a highly crosslinked charged shell is incorporated on
core microgels, similar to the microgels used in this study, the shell does not have much
influence on the VPT temperature of the microgel.> Jones and Lyon® have also observed that
low crosslinked charged shells do not alter the VPT temperature by a large degree. However,
they point out that in core-shell microgels, the magnitude of collapse is much smaller with a
charged shell than with a non-charged shell. That is, the charged shell restricts the extent of

1> the VPT behaviour of core-shell microgel was studied

microgel collapse. In Mackinnon et a
using *H NMR, and it was shown that a residual NIPAM methyl signal was still present at very
high temperatures when the shell is charged (indicating partial collapse) as opposed to no
residual signal when the shell was neutral (indicating full collapse). This again demonstrated
that the extent of microgel collapse was attenuated when a charged shell was present on the
microgel. This could explain why the expected burst release does not occur in VESCOgels. That
is, even though the microgels are already collapsed at 37°C, the magnitude of the collapse
might not have been enough to result in a burst release.

The second reason why a pulse release might not be seen is that FS might not be a
passive occupant of the aqueous interior of the microgel matrix, and might actively interact
with the pNIPAM matrix. Electrostatics may be one such form of interaction. Specifically,
during the FS loading phase it was observed that NHS-activated microgels were able to

incorporate FS at a level two orders-of-magnitude greater than found for non-NHS-activated
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microgels. Since the latter, like FS, are negatively-charged at physiological pH, electrostatic
repulsion is the obvious explanation for the loading difference. Once FS is entrapped, over time
NHS ester (which have a half-life of 4-5 hours at 0°C*?) hydrolysis would create an electrostatic
barrier in the shell region through which FS would have to pass in order to escape the microgel
interior. Since FS release kinetics for AECHO-LUV-coated and non-coated microgels were
virtually identical, FS interactions with the LUVs do not appear to be a factor. Alternately, FS
can hydrogen bond extensively,*! a property favouring interactions with the amide moieties of
NIPAM. Indeed, some VESCOgels in Figure 4-6B do show a somewhat higher concentration of
FS in the highly dense pNIPAM shell region, but signal to noise limitations prevent a more
guantitative analysis. Such interactions would tend to retard its diffusion out of the microgel
matrix, even at temperatures above the VPT. Whether electrostatics or hydrogen bonding, or
some combination thereof, play a role, it is evident in Figure 4-7 that FS release from the
microgel appears to be biphasic, with a fast efflux of roughly 15% of contents at room
temperature, and 30% at 37 °C, followed by a slower release phase. Such behaviour suggests
some combination of weaker and stronger interactions between FS and the microgel polymer

matrix.

4.3.5 Conclusions

We have fabricated VESCOgels consisting of lipid bilayer vesicles coating the surface of
core-shell pNIPAM/p(NIPAM-co-AA) microgels. Coating was achieved through carbodiimide
chemistry between NHS-activated AA carboxyls located at the microgel periphery and AECHO-
containing LUVs having surface displayed amines. The microgel-bound AECHO-LUVs remained
impermeable upon coupling and did not fuse with one another. VESCOgels provided two
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distinct aqueous compartments for entrapping molecular cargo: the LUV interior and the
microgel matrix. Each displayed separate and characteristic cargo release kinetics, indicating
the possibility of combining fast and slow release kinetics in a single carrier assembly. This is
not limited to water-soluble cargos, but could include hydrophobic species, since pNIPAM
microgels above the VPT temperature are known to absorb hydrophobic drugs.a2 Liposomes, of
course, have long been used for such purposes and their compositions can be manipulated to

33,34

tailor cargo release kinetics, with the choice of drug being an important factor.
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Lateral Diffusion of Bilayer Lipids Measured via *'P CODEX NMR

5.1 Introduction

Much of the increasingly sophisticated picture of biomembrane organization and
functional segregation has arisen thanks to the increasing sophistication of the experimental
tools available for examining lateral diffusion.’® Foremost among these are techniques based
on fluorescence, such as FRAP (fluorescence recovery after photobleaching)’** and FCS

12715 '\which examine the behaviour of fluorophore-

(fluorescence correlation spectroscopy)
bearing membrane lipids and proteins. The fluorophore is generally synthetic, as opposed to
intrinsic to the molecule of interest. FRAP characterizes an ensemble behaviour, while FCS
typically involves fewer than 10 fluorophores. More recently, single particle tracking (SPT)
techniques, in which the behaviour of an individual molecule is monitored, have revealed
details of the time- and space-dependence of the diffusion behaviour otherwise obscured in an

ensemble-average.'®™>

In SPT studies, the actual observable signal originates from some
typically large, covalently attached moiety such as a quantum dot, or chimeric fluorescent
protein.

NMR spectroscopy may be used to measure diffusion via the application of pulsed field
gradients (PFG) to render the NMR signals diffusion dependent.’®* The PFG NMR diffusion
technique has been applied in an impressive variety of circumstances, to great effect, as

. . . . 28-31
described in a number of now-classic reviews.?*

The inherent advantages of an NMR
approach include the absence (generally) of any synthetic, potentially perturbing, probe, and

the ability to simultaneously monitor diffusion of multiple molecular species.
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In biological membranes, however, PFG NMR diffusion studies encounter the difficulty
that molecular motions are generally slow and/or anisotropic, such that orientation-dependent
interactions, like the dipolar, or quadrupolar, or anisotropic chemical shift, are, at best, only
incompletely averaged. This produces broad NMR resonances which usually do not survive the
PFG NMR diffusion pulse sequences. Consequently, NMR diffusion measurements have not
enjoyed the same popularity in membranes as they have in solution.

Nevertheless, NMR techniques for lateral diffusion measurement are available. These
may be divided, broadly, into those which seek to eliminate the orientation-dependent
interactions in order to produce narrow NMR resonances appropriate for PFG NMR diffusion
studies, and those which instead seek to exploit the orientation-dependence in order to extract
diffusion information via exchange (EXSY) NMR measurements.

As discussed in Chapter 1, orientation-dependent interactions may be eliminated via
MAS, thus producing narrow NMR resonances. When pulsed field gradients are applied in a
direction co-linear with the spinning axis>?, then diffusion can be measured. Gawrisch and co-
workers have used this approach to great effect in their "H NMR studies of lateral diffusion of a

33-37

number of small molecules associating with lipid bilayer vesicles and to examine domains

and phase separationsas’ag.

Another means by which to eliminate orientation-dependent NMR interactions is to
macroscopically align the lipid bilayer ensemble on a solid support, like glass slides, and to
orient the entire assembly at the magic angle of 54.74°. This produces "H NMR resonance line

narrowing, since ‘H-'H dipole—dipole interactions, the dominant source of line-broadening in

'H NMR spectra of lipid bilayers, scale to zero under such circumstances. Lindblom and
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coworkers have employed this approach with considerable success in their *H PFG NMR
investigations of heterogeneities in lateral organization within lipid bilayers.*>™*

A third, and related, approach involves the use of bicelles. These form fully hydrated,
single-bilayer-thickness assemblies which spontaneously align inside a magnetic field such that
the bilayer normal across the entire ensemble is uniformly oriented perpendicular to the

46-48 However, dipolar interactions are not scaled to zero, so 'H PFG

magnetic field direction.
NMR lateral diffusion measurements in magnetically aligned bicelles rely on the presence of
intrinsically mobile molecular segments with intrinsically narrow NMR resonances. For instance,
lateral diffusion of PEGylated lipids is readily characterized due to the ease of observing the
highly mobile PEG moiety.49’50

An entirely different, non-gradient, approach to NMR lateral diffusion measurements is to
exploit orientation-dependent interactions, rather than eliminate them, in order to render NMR
signals diffusion-dependent. When, for example, a phospholipid diffuses laterally around the
radius of curvature of a spherical lipid bilayer vesicle, its orientation relative to the magnetic
field changes, as does, in turn, its 31p anisotropic chemical shift. In static, i.e. non-spinning, two-
dimensional (2D) EXSY (exchange spectroscopy) *'P NMR, off-diagonal intensity then appears at
a frequency dictated by the initial versus final position of the phospholipid as a function of the
mixing time during which diffusion was permitted to occur. This has been exploited to measure
phospholipid lateral diffusion in lipid bilayers either formulated as multilamellar vesicles (broad
distribution of vesicular radii) or supported on glass beads to provide a uniform vesicle

51-53

radius. Similarly, °H 2D EXSY NMR of deuterated lipids can yield lateral diffusion
information via exploitation of the orientation dependence of the residual deuterium

quadrupolar interaction.”
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Such static 2D EXSY NMR measurements require long experiment times and exhibit
limited spectral resolution. These issues may be overcome using one-dimensional (1D) versions
of EXSY in combination with MAS. Under MAS conditions both signal-to-noise and resolution of
isotropic chemical shift differences are enhanced, while 1D spectra require only a fraction of
the signal acquisition time of 2D spectra. Examples include EIS (exchange induced sidebands)>>,
ODESSA (1D exchange spectroscopy by sideband alternation)®®>” and CODEX (centre-band only
detection of exchange)sg. EIS, ODESSA (and time-reversed ODESSA) use slow MAS, where the
spinning frequency (wy) is slower than the residual anisotropic interaction (Awaniso), to produce
an envelope of spinning sidebands (SSB) which are phase and amplitude manipulated with
carefully timed radio-frequency (rf) pulses to yield exchange information. CODEX uses fast MAS
(wr > Awaniso), so that only the isotropic, i.e., centre-band, resonance remains, which produces
further signal-to-noise improvements since the SSB are eliminated. When combined with rotor-
synchronized rf pulses the CODEX resonances are rendered sensitive to exchange. CODEX, and
its variants, have been used to measure correlation times of molecular and segmental
dynamics, numbers of mobile sites, and reorientation angles in solids and semi-solids, largely

>8-63 However, CODEX has not been used as yet to

focusing on small molecules and polymers.
investigate membrane lateral diffusion.

In this chapter, the use of 31p CODEX NMR to determine lateral diffusion coefficients of
phospholipids in unilamellar lipid bilayer vesicles is demonstrated. The LUVs were composed of
POPC, alone or mixed with 30 mol % 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoglycerol (POPG)
or cholesterol (CHOL). It is shown that, provided the size distribution of the vesicles and the
viscosity of the lipid vesicle suspension are known, *'P CODEX NMR yields reliable lateral

diffusion coefficients simultaneously for multiple phospholipid species.
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5.2 Materials and methods

5.2.1 Materials
POPC, POPG and DMPC were purchased from Avanti Polar Lipids (Alabaster, AL). All

other reagents were purchased from Sigma—Aldrich (Oakville, ON, Canada).

5.2.2 Liposome preparation

LUVs were prepared by the extrusion method. The desired amounts of POPC, POPG and
CHOL, total weight of lipid equal to 25.2 mg, were dissolved in a minimal volume of chloroform,
the chloroform was evaporated using a stream of nitrogen, and the lipid film was left under
vacuum overnight to remove remaining traces of solvent. To the lipid film, 1.0 mL of sucrose
buffer (200 mM sucrose, 20 mM KCl, 10 mM HEPES, pH 7.4) was added and left unperturbed for
one hour, following which it was subjected to 5 cycles of freeze—thaw—vortex, cycling between
liguid nitrogen and a 60 °C water bath. The resulting suspension was extruded 25 times through
a 0.4 um polycarbonate membrane installed in a mini-extruder (Avanti Polar Lipids, Alabaster,
AL). A fraction of the resulting LUV suspension was concentrated using a Centricon-30 micro-
concentrator (Amicon, Oakville, ON) in a centrifuge at 3000 x g. Approximately 100 uL of this
concentrated aqueous LUV suspension solution, containing on the order of 10 mg lipid, was

transferred to a 5 mm MAS rotor equipped with custom-built end-caps to prevent leakage.

5.2.3 NMR spectroscopy
3P NMR spectra were acquired on a Varian INOVA 500 MHz NMR spectrometer using a

VARIAN T3 triple-resonance MAS probe. The magic angle and field homogeneity of the
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spectrometer were optimized using KBr and adamantane, respectively, prior to each
experiment. All spectra were collected at 10 °C.

31p static NMR spectra were recorded at 202 MHz using a spin echo pulse sequence and
TPPM proton decoupling64. Typical acquisition parameters were as follows: a 90° pulse length of
6.7 s, an echo delay of 22.8 ps, a recycle delay of 4.0 s, a spectral width of 100 kHz, and a 1 K
data size. On average, 1,000-2,000 transients were collected for each spectrum, and processed
with an exponential multiplication equivalent to 100 Hz line broadening prior to Fourier
transformation.

*'p CODEX MAS NMR spectra were acquired by spinning rotors at 6.5 kHz without
proton decoupling. Spectra were obtained in blocks of 128 scans per mixing time to ameliorate
spectrometer drift. Typical acquisition parameters were as follows: a 90° pulse length of 6.7 ps,
a recycle delay of 4.0 s, a dephasing/rephasing train of three 180° pulses (~0.3 ms), a spectral
width of 16 kHz, and a 2 K data size. Typically, 4096 transients were collected for each
spectrum, and processed with an exponential multiplication equivalent to 15 Hz line
broadening and 4 K zero-filling prior to Fourier transformation.

Pulsed field gradient (PFG) *H NMR diffusion spectra were recorded on the same 500
MHz NMR spectrometer as above but using a double resonance liquid probe with gradient coils
along the z-direction. Gradient strength was calibrated from the known diffusion coefficient of
HOD at 25 °C.*° The stimulated echo (STE) version of the PFG NMR diffusion experiment27 was
employed with square gradient pulses of constant duration (5 ms) and variable gradient pulse
amplitude. Typical acquisition parameters are as follows: a 90° pulse length of 21 ps, a spin

echo delay of 20 ms, a stimulated echo delay of 50 ms, a recycle delay of 1 s, a spectral width of
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10 kHz and a 32 K data size. Spectra were processed with an exponential multiplication
equivalent to 1 Hz line broadening prior to Fourier transformation.

From a comparison of the measured diffusion coefficient of water in the LUV
suspensions (D; ;) versus that of bulk water at the corresponding temperature (D,) an

effective viscosity 1, of the LUV suspension was calculated via the relationship:

D
NLyy = MNo (D 2 ) Equation 19
LUV

where 1, is the viscosity of water at 10 °C.

5.2.4 DLS

A Malvern Zetasizer NanoZS (Malvern Instruments Ltd., Worcestershire, UK) was used to
record the LUV size, mean size and PDI. The solvent parameters for the sucrose buffer were
generated using the NanoZS software and size calibration beads were used to confirm accuracy.
A plastic cuvette was used for all measurements at a temperature of 25 °C. The samples were
also run at temperatures from 5 to 10 °C to confirm that the liposome size was invariant to

temperature.
5.3 Results and discussion

5.3.1 LUV properties relevant to >'P CODEX
The *'P CODEX pulse sequence used in these measurements is shown in Figure 5-1. It is

modified relative to the conventional CODEX experiment in that a single 90° direct excitation
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pulse is employed rather than *H cross polarization. The phase tables were modified

.%. Proton decoupling was not employed since little, if any,

accordingly as per Wachowicz et a
improvement in the 31p line width was obtained regardless of the decoupling scheme used. This

is consistent with the fact that *H->'p dipolar couplings in liquid-crystalline phosphatidylcholine

bilayers range from 1to 6 kHz®” and, thus, are already significantly reduced by MAS at 6.5 kHz.

Rotor |

Period
B

Figure 5-1: The *'P CODEX NMR pulse sequence used in this study. This pulse sequence was
adapted from deAzevedo et al.>® Direct excitation, rather than cross polarization, was
employed. No proton decoupling was necessary. The number of 180° pulses applied during a
given recoupling period equaled m + 1, where m =0, 1, 2, etc., each 180° pulse being separated
by one half rotor period (t,/2). The mixing time t., = Nt, was a multiple (N) of the rotor period
(t,). A z-filter of duration t, = t, was inserted prior to acquisition.

14

In CODEX, the CSA is recoupled during the “dephasing” period through 180° pulses
placed at intervals of one-half the rotor period, t,/2. For phospholipids in spherical vesicles,
each becomes “labelled” with a phase angle dictated by the 31p chemical shift corresponding to
the orientation, B, of that phospholipid's long molecular axis with respect to the principle

magnetic field, according to:

2 1 ,
vp =3 (v — UJ')E(3 cos?f—1) Equation 20
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where Avggy = (v —vy) =45 ppm is the axially symmetric, residual 3!p CSA for
phosphatidylcholine in a liquid-crystalline bilayer. During the mixing time, t,, lateral diffusion
around the radius of curvature of the spherical vesicle can alter that orientation. Consequently,
during the subsequent “rephasing” period the phase angle developed due to CSA recoupling
will not match that acquired during the initial dephasing period, resulting in reduced signal
intensity.

In order that CODEX functions properly, the correlation time for the molecular motion,
7., must fall within certain limits, specifically: t; < 7, < tn,. Clearly, unless the motional
correlation time is shorter than the mixing time, no reorientation will take place during the
mixing time and no signal attenuation will be observed. Conversely, unless the motional
correlation time is longer than the rotor period, significant molecular reorientation will occur
during the recoupling period, thereby degrading the ability to recouple the CSA. Other
experimental constraints arise from relaxation considerations, specifically: t, < T, and t,, < Ts.

Reorientation of a phospholipid within a spherical lipid bilayer vesicle relative to the
magnetic field direction can occur through lateral diffusion around the vesicle's radius of
curvature and from overall tumbling of the vesicle in solution. The effective motional
correlation time then becomes a function of the correlation times for lateral diffusion, 7,4, and

vesicle tumbling, T,,.>

—_—=—4+— Equation 21
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These respective correlation times for spherical vesicles are,

T,q =72/ 6D, Equation 22

Tem = 4113150 / 3kT Equation 23

where 1 is the vesicle radius, D; is the lipid's lateral diffusion coefficient, ny,; is the solution
viscosity and kgT is the Boltzmann temperature. Hence, it is essential to determine the vesicle
radius if the lateral diffusion coefficient is to be measured via CODEX.

Figure 5-2 shows the distribution of vesicle radii obtained via DLS for 100% POPC LUVs,
while Table 1 summarizes results obtained for all three different LUV compositions of interest
here. The extruded LUV mean radius increased in the order POPC:POPG (70:30, mol/mol) <
100% POPC < POPC:CHOL (70:30, mol/mol), but in all cases fell near 100 nm, while the
distribution of radii was reasonably monodisperse (PDI < 0.2). This particular vesicle size regime
was chosen in order to maximize the surface/volume ratio of LUVs within the sample rotor:
larger unilamellar vesicles close packed into the same volume would contain fewer
phospholipids. Note that DLS analysis of LUV size yielded identical results before and after
concentration by centrifugation and being subject to spinning for a number of hours in the

rotor of the MAS probe for CODEX experiments.
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Figure 5-2: LUV size distribution and corresponding phospholipid re-orientation motional
rates in 100% POPC vesicles. The normalized probability density P(r;) (A), as a function of
vesicle radius r; was obtained via DLS in 200 mM sucrose, 20 mM KCI, 10 mM HEPES, pH 7.4.
Identical results were obtained before and after CODEX measurements. The percent
contributions at 10 °C to the overall rate of phospholipid re-orientational motion 1/, due to
vesicle rotational tumbling 1 /74, (0) and phospholipid lateral diffusion 1/7;4 (0) were
calculated using Equation 21, Equation 22 and Equation 23, assuming a lateral diffusion
coefficient D, =3.2 x 10 m?s™* independent of vesicle radius, and an effective viscosity of 1.9
cP (see 5.3.1).
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Table 5-1: LUV Properties and Phospholipid Lateral Diffusion Coefficients. The Z-radius and
PDI were measured via DLS. The correlation time 7, was obtained from fitting experimental 3p
CODEX decay curves, assuming a single exponential decay function. The lateral diffusion
coefficient D, was extracted from experimental *'P CODEX decay curves, taking into account the
distribution of vesicle radii in each individual LUV preparation, as determined via DLS. An
effective correlation time for each vesicle size for an assumed D, was calculated as per Equation
21, Equation 22 and Equation 23, and fitted via Equation 28 to the experimental data via a least
squares analysis to obtain the best value of the lateral diffusion coefficient.

Property LUV Composition
(mol:mol)
POPC POPC:CHOL POPC:POPG
100 70:30 70:30
Z-radius / nm 96.14 117.3 75.89
PDI 0.195 0.198 0.160
T,/ ms 0.66 £ 0.03 1.09 £ 0.06 0.77 £0.02 (0.42)*
-12 2 -1
DL/107" m’s 3.2 2.7 0.9 (2.5)°
Decay Limit (b) 0.05 0.10 0.10 (0.20)°

®Value in parentheses is for POPG and has a large associated error due to signal-to-noise limitations.

This vesicle radius size regime, however, is such that, at room temperature, the
combined contributions of vesicle tumbling and lateral diffusion are sufficient to produce
significant motional averaging of the residual *'P CSA. Specifically, assuming <r> = 100 nm, with

typical room temperature values of D, = 2.0 x 10 m”* s ' and 15,; = 0.89 cP, the equations
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yield a re-orientation motional correlation time of approximately 76 ps. This is intermediate to
the time scale defined by the inverse of the *'P residual CSA for liquid-crystalline
phosphatidylcholine: 1/4v 54 = 1/45 ppm = 1/9090 Hz (at 202 MHz) = 110 ps.

The effects of such intermediate time scale motions are evident in the static *'P NMR
spectrum in Figure 5-3A, obtained with 100% POPC LUVs at 25 °C. The spectrum consists of a
broad line shape centred on the isotropic 31p NMR frequency, exhibiting an overall width
somewhat less than 45 ppm, with evident loss of definition at the spectral shoulders. CODEX
will function poorly under these circumstances because t, = 7. (t. = 1/v,- = 1/6500 Hz = 154 ps).

To circumvent this, we prepared the LUVs in 200 mM sucrose and performed
measurements at 10 °C. PFG 'H NMR diffusion measurements on the water in such samples
yielded an effective viscosity of 1.9 cP (data not shown). An estimate of the effective re-

2 -1 .
s 7, predicts T, ~ 1 ms under

orientation motional correlation time, assuming D, = 1 x 102 m
such conditions of temperature and viscosity, which would be slow on the time scale of the
inverse of the residual 3!P CSA. Indeed, the static *'P NMR spectrum that results, as shown in
Figure 5-3B, exhibits a powder pattern line shape far better defined than that in Figure 5-3A,
with the residual CSA (4Avcs4 = 45 ppm) expected for liquid-crystalline phospholipids in a bilayer
vesicle undergoing overall slow re-orientational motions, i.e., T, > 1/Av.g4. Hence, *'P CODEX
should be feasible under these circumstances.

For reference purposes, Figure 5-3C shows a static 31p NMR spectrum of DMPC,
formulated as LMVs. The spectrum was acquired at 10 °C, a temperature well below DMPC's
gel-to-liquid-crystalline phase transition temperature of 24 °C.*° The well-defined powder
pattern line shape exhibits a residual CSA on the order of 60 ppm. At this gel phase

temperature, individual DMPC molecules still undergo rapid rotational motions about their long
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axes perpendicular to the bilayer normal, but lateral diffusion slows profoundly due to packing
constraints such that D, < 1 x 10"** m? s™ . Given that the radius of such LMVs will exceed 1 pm,
an effective re-orientational motional correlation time on the order of tens of seconds is

predicted, a point which will become relevant below.

| I I I I | | |
100 50 0 ppm -50 -100

Figure 5-3: Static *'P NMR spectra of various phosphatidylcholine vesicular preparations. (A)
100% POPC LUVs prepared in 20 mM KCl, 10 mM HEPES, pH 7.4 and acquired at 25 °C. (B) 100%
POPC LUVs prepared in 200 mM sucrose, 20 mM KCl, 10 mM HEPES, pH 7.4 and acquired at 10
°C. (C) 100% DMPC LMVs prepared in 20 mM KCI, 10 mM HEPES, pH 7.4 and acquired at 10 °C.
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5.3.2 3!p CODEX intensity decays for LUV phospholipids
Figure 5-4A shows a series of >'P CODEX spectra, obtained at 10 °C with 100% POPC
LUVs prepared in 200 mM sucrose, as a function of increasing mixing time up to several ms.

Under MAS at v,- = 6500 Hz (t. = 154 ps), only the isotropic resonance, i.e., centre-band,
remains since v, > G) Avcsy - The line-width-at-half height (60 Hz) suggests a transverse

relaxation time, T,, on the order of 5.3 ms, so that t, < T, as required. Inversion recovery
measurements of longitudinal relaxation indicate that T; ~ 700 ms (data not shown), so that
the condition t,, < T; applies. Hence, the intensity decay with increasing mixing time evident in
Figure 5-4A can be attributed to phospholipid re-orientational motions, including lateral
diffusion, in accord with the estimate 7, ~ 1 ms under such conditions of temperature and
viscosity.

Figure 5-4B shows a similar series of >'P CODEX spectra, obtained at 10 °C with
POPC:POPG (70:30, mol/mol) LUVs, also prepared in 200 mM sucrose, as a function of
increasing mixing time. Here, separate resonances are readily resolved for the POPC and POPG
phospholipid species, separated by roughly 1 ppm. Both undergo substantial intensity decay
with increasing mixing time, so that their respective lateral diffusion coefficients may be

characterized simultaneously and independently.
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Figure 5-4: 31p CODEX NMR spectra (m = 1) as a function of increasing mixing time tm = Ntr,
where t, = 154 ps is the MAS rotor period at v, = 6500 Hz, for (A) 100% POPC LUVs in 200 mM
sucrose, 20 mM KCI, 10 mM HEPES, pH 7.4 at 10 °C, and (B) 70:30 POPC:POPG LUVs in 200 mM
sucrose, 20 mM KCI, 10 mM HEPES, pH 7.4 at 10 °C. The POPC and POPG isotropic resonances in
(B) are separated by 1.0 ppm.
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In CODEX, the correlation time of re-orientational motion may be extracted by
incrementing the mixing time, t,,, as per the spectra in Figure 5-4, and fitting the resulting
intensity decay to an appropriate function. Alternately, CODEX can provide information on the
amplitude of that motion by incrementing the length of the CSA recoupling cycles, nt,, where

70
l.

n=2(m + 1). As described by Hackel et al.”, the final signal intensity may be factored as:

. nt t
S(nt,, t,) = fM™exp <— T—Rz> fSoWexp (— Tﬂ) Equation 24
2 1

where £ and % correspond to the signal decays due to intermediate and slow motions
during the recoupling cycles and the mixing time, respectively. To normalize for signal loss
during the mixing period due to longitudinal relaxation, a second reference experiment is
performed in which the mixing time and the final z-filter (duration t, = t,) are interchanged,

resulting in a signal,

i ntT tZ .
So(nt,, t,) = f™ (nt,)exp | — TRC ) €XP (— —) Equation 25
2

so that the ratio of the two signals contains information concerning only the slow motions.

S(nt,, tn)

m = fSlOW Equation 26
0 r iz

In our measurements, the intensity of all reference spectra were virtually identical, even
at the extremes of the range of mixing times examined (t, < 10 ms), in accord with the large
relative value of the *'P spin-lattice relaxation time of the phospholipids, T; = 700 ms.

Intensity decay during the recoupling cycles can arise from T, relaxation effects,

combined with errors in pulse timings, durations or phases, as well as the presence of
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intermediate time scale motions, f . As shown in Figure 5-5 for the case of 100% POPC LUVs
(200 mM sucrose, 10 °C), there is a rapid and pronounced decrease in the initial intensity So(nt,,
t,) with increasing n. Other phospholipid compositions yielded similar results. To separate out
effects due to TZRC (into which factor are subsumed all effects due to rf errors) from those due
to intermediate time scale motions, we performed the same measurement on DMPC LMVs at
10 °C, where lateral diffusion and vesicle tumbling are sufficiently slow as to eliminate
intermediate time scale re-orientational motions. As seen in Figure 5-5, the intensity decrease
with increasing n is far less steep in this case, indicating the likely presence of intermediate time
scale motions in the case of the POPC LUV samples. A comparison of the recoupling times
versus the estimated correlation time for re-orientational motion confirms this interpretation.
Specifically, the total CSA recoupling time is nt, = 2t,(m + 1), equal to 0.308, 0.616 and 0.924 ms
form =0, 1 and 2, respectively, given v, = 6500 Hz. These are clearly increasingly significant

fractions of the estimated motional correlation time 7, = 1 ms.
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Figure 5-5: *'P CODEX S, signal for 100% POPC LUVs in 200 mM sucrose, 20 mM KCl, 10 mM
HEPES, pH 7.4 at 10 °C (m) and 100% DMPC MLVs in 20 mM KCI, 10 mM HEPES, pH 7.4 at 10 °C
(0). Both as a function of the total CSA recoupling time nt, = 2t,(m + 1) with minimal mixing
time t,=t.

To render CODEX ideally sensitive to the motion under investigation, recoupling of the

d.>%%0 Figure 5-6 compares the normalized intensity S/Sq versus the

CSA should be optimize
mixing time curves for m = 0, 1 and 2, as obtained with 100% POPC LUVs (200 mM sucrose, 10

°C). For the case m =0, recoupling of the CSA was incomplete, in that the equilibrium intensity
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measured at longer mixing times never falls below 60-70% of the initial intensity. For the case
m = 1 (corresponding to the spectra shown in Figure 5-4A) the intensity decayed smoothly to an
equilibrium value of less than 20% of the initial intensity at a mixing time on the order of 2 ms,
indicating strong recoupling of the CSA. Little or no further intensity decrease was attained by
extending the mixing time to 10 ms (data not shown). In the case m = 2, no further recoupling
efficiency was achieved beyond that for the m = 1 case, while signal-to-noise was sacrificed as

per Figure 5-5. Consequently, all subsequent CODEX measurements on LUVs were performed

with m = 1.
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Figure 5-6: Normalized 3'p CODEX decay S/S, for 100% POPC LUVs in 200 mM sucrose, 20 mM
KCI, 10 mM HEPES, pH 7.4 at 10 °C, as a function of the mixing time t,, = Nt, for different
durations of the total CSA recoupling time 2t,(m + 1).
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5.3.3 Phospholipid lateral diffusion coefficients from >'P CODEX decays

31p CODEX decays for the different LUV compositions, all using m = 1, are compared in
Figure 5-7. All appear to be characterized by a single correlation time and all approach a limiting
intensity near, but not equal to, zero at long mixing times. The CODEX intensity at long mixing
times, t,— o0, can be related to the number of equivalent orientations My, and the fraction of
mobile sites, f,,, as per59:

Soo
5= (1= fi) + fn/My Equation 27
0

For lateral diffusion of liquid-crystalline phospholipids around the radius of curvature of
a bilayer vesicle, all phospholipids should be equally mobile, while the number of equivalent
orientations is essentially infinite, predicting an equilibrium CODEX intensity of zero. However,
it has been shown that in the presence of motions on the time scale of the recoupling period,
CODEX (and other MAS recoupling techniques) will not exhibit the full amplitude of intensity
difference between vanishingly short versus long mixing times due to loss of correlation during
the recoupling periods.”! Hence, the observation that the limiting intensity plateaus at a value
greater than zero is interpreted as another manifestation of the presence of intermediate time
scale motions in these LUV samples.

Since the effective correlation time of re-orientational motion for LUV phospholipids is
influenced by both lateral diffusion and vesicle tumbling, each of which depend on the vesicular
radius, and since there is a distribution of vesicular radii in such samples, as per Figure 5-2, the

CODEX decay is a superposition of contributions from individual vesicles,
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where P(7;) is the probability density for a particular vesicle radius as derived from DLS, and 7,
is the corresponding re-orientational correlation time calculated from Equation 21, Equation 22
and Equation 23, assuming that the lateral diffusion coefficient is independent of vesicular
radius. The term b accounts for the non-zero equilibrium intensity at long mixing times and is
assumed to be independent of vesicle radius to a first approximation. Using a non-linear least
squares analysis, the *'P CODEX decays were fit with the lateral diffusion coefficient and the
guantity b as the sole fitting parameters. Examples of the quality of such fits are shown in
Figure 5-7.

Under rapid MAS the g-forces generated can alter lipid hydration and change vesicle
shape. However, at the relatively low speeds employed in this study (6500 Hz), Zhou et al.”
have shown that the small change in hydration levels that results should bring about no
significant change in lipid dynamics or vesicle structure, a conclusion confirmed by Nagle et
al.”. Consequently, we assume that the DLS results shown in Figure 5-2 and Table 5-1 are
applicable.

Lateral diffusion coefficients extracted from the CODEX decays are listed in Table 5-1.
For 100% POPC LUVs the lateral diffusion coefficient agrees well with literature values at similar

temperatu res.74'75
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Figure 5-7: Normalized *'P CODEX decay S/S, for (A) 100% POPC LUVs, (B) 70:30 POPC:CHOL
LUVs, and (C) 70:30 POPC:POPG LUVs (0, POPC; A, POPG). All LUVs were prepared in 200 mM
sucrose, 20 mM KCl, 10 mM HEPES, pH 7.4. All data were acquired at 10 °C with m = 1. Lines of
best fit were generated as described in the text with parameters listed in Table 5-1.

For POPC mixed with 30 mol % CHOL, one expects slower lateral diffusion than in the
absence of CHOL’®, due to the rigidifying effect of the latter, and this expectation is borne out
gualitatively by the CODEX data. Addition of CHOL can cause phase separation into so-called
liguid-ordered and liquid-disordered phases. For 30 mol % CHOL mixed with DMPC, for

example, the liquid-disordered phase exhibits somewhat slower lateral diffusion, while that of
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the liquid-ordered phase is profoundly slower’”’. For 30 mol % CHOL mixed with POPC, however,
the bilayer lipids remain homogeneously mixed in a liquid-disordered phase, at least at room
temperature and above.”® That the CODEX decay for the 70:30 POPC:CHOL mixture at 10 °C
exhibited no evidence of the presence of two phases with different lateral diffusion coefficients
indicates that a single phase extends down to this temperature. The differential decrease in
lateral diffusion with CHOL diminishes, however, with decreasing temperature76, which may
explain the relatively mild effect of CHOL observed here.

In POPC:POPG LUVs, lateral diffusion of POPC was dramatically slower than in 100%
POPC or POPC:CHOL LUVs. Due to signal-to-noise limitations, the POPG CODEX decay exhibited
large uncertainties, particularly obvious at longer mixing times, and could not be reliably fit
with a single exponential function. At shorter mixing times, where signal-to-noise was less of an
issue, the POPG diffusive decay, and the extracted lateral diffusion coefficient, at least
approximately mirrored that of POPC in the same mixture.

Slower lateral diffusion in POPC:POPG mixtures has been reported recently.”® Also,
molecular dynamics simulations indicate that the POPG glycerol head group has a strong

79,80 and

propensity to form intermolecular hydrogen-bonds both with other POPG molecules
with POPC®. The resulting reduction in free area per lipid, and the greater effective size of the
diffusing unit, would conspire then to decrease rates of lateral diffusion. The presence of
sucrose in our LUV preparations is a complicating factor here, since sucrose hydrogen bonds
readily and POPG is an excellent candidate for such interactions. It would be essential,

therefore, to compare directly the POPC and POPG lateral diffusion coefficients in the presence

and absence of sucrose before drawing further conclusions. A further possible factor is the
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condensation of cations at the bilayer surface, attracted by the anionic surface charge, which

may also slow lateral diffusion by reducing the effective area per lipid.”*®

5.3.4 3'P CODEX relative to other NMR lateral diffusion techniques

Relative to 2D EXSY NMR lateral diffusion methods, *'P CODEX compares favourably
with respect to resolution, experiment time and ease of extracting the lateral diffusion
coefficient. Specifically, the fast MAS employed in CODEX permits ready resolution of different
phospholipid species. This is difficult, if not impossible, with static 2D EXSY, since the typical
fluid phospholipid *'P residual CSA of ~45 ppm is far larger than the typical difference in
isotropic chemical shift (~1-5 ppm) between different phospholipid species.

A CODEX data set can be obtained in a fraction of the experiment time required for
static 2D EXSY measurements. In the latter case, for any one mixing time, a two-dimensional
powder spectrum is acquired with spectral intensity spread over a wide range of frequencies. In
CODEX, for any one mixing time, a one-dimensional spectrum is acquired with all spectral
intensity focused under the isotropic resonance, thus accumulating sufficient signal far more
rapidly than 2D EXSY.

Extracting the lateral diffusion coefficient from a CODEX data set is a straightforward
process of curve fitting. For 2D EXSY spectra, however, the entire 2D spectra must be simulated
at each mixing time.

Both approaches require knowledge of the vesicle radius (and distribution thereof) in
order to extract diffusion information. (Recent static 2D EXSY *'P NMR and analogous 1D
stimulated echo exchange experiments exploited this dependence on vesicle radius to examine
the effects of various antimicrobial peptides on bilayer curvature, as many such peptides
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compromise bilayer integrity through pore formation and/or bilayer thinning effects.2** In 2D
EXSY lateral diffusion measurements, vesicle size was controlled by assembling lipid bilayers on

glass beads of known size.”t™3

However, for such glass-bead-supported lipid bilayers, the inner
bilayer leaflet has limited hydration, which compromises lateral mobility. The LUVs used in our
CODEX measurements suffer no such problem.

Relative to the various gradient-based 'H NMR technique for measuring lateral
diffusion, however, *'P CODEX is insensitive, since the magnetogyric ratio of >'P is roughly 40%
that of 'H. Further, there are many membrane-associated molecular species of interest that do
not contain a phosphorus atom. However, in principle, CODEX spectra could be obtained with
other nuclei, such as *C and *°N. While the same applies to the gradient-based methods,

proton decoupling of heteronuclei during gradient pulses can be problematic.®> CODEX would

suffer no such problem.

5.4 Conclusions

The use of *'P CODEX NMR to determine lateral diffusion coefficients of phospholipids in
LUVs was demonstrated. The particular advantages of this approach include the avoidance of
any need for specific labelling of the species of interest and the ability to resolve and measure
lateral diffusion of different phospholipid species simultaneously.

A number of potential improvements to the *'P CODEX lateral diffusion measurement
technique as implemented here are apparent. Foremost is that the presence of intermediate
time scale motions cause loss of signal intensity during the recoupling periods, necessitating
extensive signal-averaging to produce adequate signal-to-noise. Such signal loss can be

exacerbated by rf-related imperfections during the recoupling periods. Employing the CONTRA
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(Constant Time Recoupling of Anisotropies) variant of CODEX®®, which is significantly less
sensitive to rf-imperfections, might mitigate this issue.

A sure means to avoid intermediate time scale motions is to use GUV, where the larger
vesicular radius slows the effective correlation time for re-orientational motion to the point
that 7, > t,. For example, at room temperature, assuming a normal aqueous viscosity, for a
GUV of radius 1 um the vesicle tumbling correlation time would be on the order of minutes,
while the lateral diffusion correlation time would be on the order of ten milliseconds, or a
factor of roughly 50 times greater than the rotor period at 6500 Hz. Experiments to test the
efficacy of these potential improvements are currently underway.

While it would be desirable to apply *P CODEX NMR to measure lateral diffusion in
natural membranes, i.e., in whole cells or isolated cellular or sub-cellular membranes, one
recognizes that any such attempt would face challenges not present in model membranes of
defined composition and geometry. Specifically, in whole cells the NMR signals would be a
superposition of signals from different membranes, i.e., plasma, endoplasmic reticulum,
mitochondrial, etc., each with a distinctive composition and, often, a decidedly non-spherical
geometry. Even isolated membranes present challenges. Red blood cell ghosts, for instance,

87789 Since the model

exist as a mix of smooth and crenated spheres and discs of around 10 um.
used in the analysis of our 3'p CODEX NMR data assumes a spherical membrane geometry,

substantial modification would be necessary in order to apply the technique in such non-ideal

cases.
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Conclusions and Future Directions

In this thesis, pNIPAM core-shell microgels were explored as spherical supports for
phospholipids. The core-shell microgels used were about a micron in size and synthesized via a
two-step, temperature programmed free radical polymerization. It was shown that single lipid
bilayers as well as intact liposomes could be immobilized on the microgel surface through
different methods.

The deposition of a single impermeable lipid bilayer of POPC was possible on a highly
tetradecyl modified microgel using simple POPC liposomes as the source of lipids, followed by
freeze-thaw treatment. The basic concepts described should be broadly transferable to other
hydrogel chemistries and lipid compositions. Therefore, in addition to their potential as drug
delivery vehicles, Lipogels could provide a platform for the study of hybrid lipid/polymer
assemblies as well as a model system for new scientific inquiries. For example, it could
potentially be used as a model system for single-molecule fluorescence tracking in crowded,
restricted environments. Likewise, it would be interesting to investigate protein folding, ligand—
protein interactions, or both in a controlled crowded environment. In this regard, microgels
possessing different polymer densities (i.e. different crowding capacities) within their matrix
would need to be developed. However, another way to achieve control of the crowding
capacity would be to take advantage of the VPT behaviour of the microgel, provided that the
elevated temperature does not perturb the phenomena under study. Furthermore, the ability
to control lipid curvature via the VPT could be enormously useful to study the structure and
function of curvature sensing proteins that are implicated in various functions.’

With the development of the Bicellogel, the use of bicelles to coat soft polymeric matter

was demonstrated, extending the established use of bicelles in coating silicon®® and lipidic*
169



surfaces. Since discoidal bicelles can be made with a variety of saturated and unsaturated
phospholipids, various lipid compositions can be used for bilayer coating. Furthermore, the
electrostatic deposition used here could be readily replaced with hydrophobic modification or
bioconjugation strategies that would produce salt-resistant binding of bicelles. Relative to
conditions required for liposome fusion into a continuous lipid bilayer, bicelle fusion is induced
simply and spontaneously under mild conditions. This, coupled with the disc-like structure of
bicelles, opens up this method to many applications where the spherical “protective” aspect of
liposomes is undesirable. An intriguing application of this method would be impart orientation
control of ion channels embedded in supported membranes. By using the intrinsic charge of a
bicelle embedded channel, its orientation relative to the microgel interior/exterior in the final
fused lipid bilayer could be manipulated.

In regards to the VESCOgels, a small bi-functionalized PEG linker was synthesized with
an amino and a cholesteryl end group (AECHO). Liposomes with 5 mol % AECHO (AECHO-LUVs)
could be tethered to the unmodified acrylic acid bearing pNIPAM microgel covalently through
simple carbodiimide chemistry. The immobilized AECHO-LUVs stay intact, which prevents the
pre-mature release of their contents. Hence, the microgel and the adhered AECHO-LUVs endow
the VECOgels with effectively two separate cargo holders with distinct leakage profiles. The
simultaneous but differential release kinetics exhibited by VESCOgels would be attractive in
applications where the delivery of two separate drugs in tandem was desired, for example, in
combination chemotherapy.® Furthermore, VESCOgels could also be embedded in the 3D
matrix of larger hydrogels, extending the capability of two-phase composite “plum pudding”

systems®™ beyond dual release at controlled rates. Finally, the approach used here to fabricate
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VESCOgels might be used to engineer microgel surfaces via liposome coating, imparting
attributes or providing functional groups that would be difficult to achieve via polymerization.
Finally, 31p CODEX was demonstrated to be capable of measuring the lateral diffusion of
multiple phospholipids in LUVs in a label-free fashion. This should prove immensely useful in
investigating situations wherein differences in lateral diffusion arise due to, for example,
changes in lipid packing densities, or the presence of phase heterogeneities, or specific lipid—
protein interactions. To explore the power of CODEX further, the study of artificial domains on
LUVs could be an exciting first step. These domains can be formed by exploiting the differential
thermotropic properties of a heterogeneous mixture of lipids, or by electrostatic interactions
between charged vesicles and large charged macromolecules (e.g. polymers, DNA, proteins).
Also, even though *'P was exclusively focused on in the CODEX studies, it is certainly not
restricted to that nucleus only. Other lipids and membrane embedded molecules that possess
nuclei with groups that exhibit a CSA (e.g. **C) could also be studied in conjunction with the
phospholipids. However, this would most likely require isotopic enrichment to record a CODEX
decay in reasonable time. Lastly, since the quality of the *'P CODEX data depend heavily on the
size, polydispersity and the amount of the lipid sample, the development of a method to make
monodisperse GUVs of ~1 um diameter in high yield should be a worthy goal. In this regard,
elegant microfluidic techniques capable of producing monodisperse GUVs could have enormous
potential.10 On the other hand, the supported bilayers discussed in this thesis also possess the
dimensions and lamellarity appropriate for CODEX. One of the improvements that must be
made, however, is the elimination of support introduced effects on the free diffusion of
adhered lipids, that is seen in the FRAP curves of Lipogels and Bicellogels. These effects could
introduce artifacts that could potentially obscure phenomena under study. Hence, supported
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membranes would most likely benefit from the synthesis and incorporation of flexible “pillars”
that would effectively lift the bilayers off the support. Intermediate molecular weight straight

chained PEG molecules would be an excellent candidate for the development of these pillars.
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Appendix A

A.1 NMR Spectra and Analysis

NMR spectra were acquired by the methods listed in the main paper. Due to well
separated tetradecylamine and NIPAM resonances, the *C NMR spectrum (Figure A-1) was
used to assess AA modification. Essentially, since the AAs were modified by tetradecylamine,
the mole ratio of AA to NIPAM (pre-modification) could to be compared to the mole ratio of
tetradecylamine to NIPAM (post-modification) to determine the extent of modification. To

determine the AA to NIPAM mole ratio, the following equation was used:

W = Myipau™Mnipam + Mypamupa + Maamaa Equation 29

where w is the weight of the dry polymer determined gravimetrically, and M, and m,, are
molar mass and moles of the monomer, respectively. The contribution of the initiator to the
weight of the polymer is deemed negligible. This equation could be rearranged in terms of the

mole ratio of AA compared to NIPAM.

Myipam + Mypa ( T MBA )

m .
= NIPAM Equation 30
m w

NIPAM —— — My,

Myp

Myx

maa Was determined through potentiometric titration and it was assumed that all MBA

added to the system was used up in the polymerization (hence, ":nﬂ = 0.10) . In our
NIPAM

synthesis, w = 0.06 g and m,, = 3.64x107° moles. Thus, the mole ratio of AA compared to

NIPAM was determined to be 0.08.
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To determine the mole ratio of tetradecylamine compared to NIPAM from the **C NMR
spectrum, peak A (two NIPAM methyls and a tetradecylamine methylene) and peak 4 (nine
tetradecylamine methylenes) were utilized. Both peaks were integrated and normalized to peak

A. Hence, the following two equations were used:

Integral of peak A: Mmeqq + 2 Mypay = 1 Equation 31

Integral of peak4: 9 m 4, = 0.34 Equation 32

where mci14is the moles of tetradecylamine. Solving the equations yielded a mole ratio of

tetradecylamine compared to NIPAM (M) of 0.079. Since, ——C1%_ ~ 44 it \yas
MmyIPAM myipAM myipAM

deemed that essentially 100% of the AA were hydrophobically modified.
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Figure A-1: 3¢ NMR spectrum of HM microgels in methanol. Only the methyls (A) and
methyne (B) from pNIPAM and the methylenes (2-6) and the methyl (1) from tetradecylamine
are assigned for a relevant comparison. The two NIPAM methyls (A) and the eight hydrophobe
methylenes (4) are well separated and so, their integrals could easily be taken and compared to
determine the extent of hydrophobe incorporation. The only carbons missing in the spectrum
are that of the carbonyls.

A.2 Fluorescence Recovery After Photobleaching (FRAP) Simulation

The FRAP of the Lipogel was simulated with a custom program written in LabView 8.2
(National instruments). The program accepts multiple input parameters describing all aspects of
the Lipogel and our microscope setup. These include: Lipogel radius, number of fluorophores,
diffusion coefficients, excitation wavelength, pinhole size, photobleaching position,
photobleaching intensity, probing time step, observation window, imaging area size and
resolution. A snapshot of the simulation program is shown in Figure A-2.

Typically, the simulations modeled a scenario in which 50,000 fluorophores were

uniformly distributed on the surface of a sphere of 650 nm radius. All fluorophores were
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assumed to have identical extinction coefficients and molecular brightness. The photobleaching
probability depends exclusively on the excitation profile of the laser beam: 1- ¢ X f(x,y, z),
where c is a constant depending on the photobleaching intensity and f (x, y, z) is the Gaussian
approximation of the excitation profile'. A random number between 0 and 1 is generated for
each fluorophore on the surface: if the random number is larger than the estimated
photobleaching probability, the fluorophore is photobleached and will be invisible in the
recovery simulations. The constant ¢ was chosen to closely match the simulated image
immediately after the photobleaching pulse to its experimental counterpart (Figure 2-6B).

The diffusion of the fluorophores was implemented using a Monte Carlo simulation of a
2-D random walk on the surface of the sphere. The step size of random walk was as assumed
constant, \/m, where D and 7 are the user-selected diffusion constant and the sampling time
step. The next position of each fluorophore was generated by selecting an arbitrary point on
the circle of radius V4D around the current position on the on surface of the sphere. For each
fluorophore, the contribution to the detected fluorescence signal is proportional to the
apparent detection efficiency CEF (x, y, z) of the objective, which depends on fluorophore
position, pinhole size and beam waist®. Each time step, after all fluorophores move to a new
position, the fluorescence signal is obtained by summing up all their CEF (x, y, z) values.
Finally, the FRAP curve was normalized to the estimated signal before photobleaching and it
was fitted with a bi-exponential model (Equation 16) in Origin 7.0 (OriginLab Cooperation). Best
fit was found when reduced chi-square converged.

At first, FRAP simulations were run assuming only one diffusing component. As shown in
Figure A-3, this gives rise to a mono-exponential recovery, in stark disagreement with the

biphasic behavior observed in experiments (Figure 2-6D). However, the single-component
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diffusing model was used to determine the diffusion constants that closely match the two
recovering times found by fitting the experimental curve (Table 2-1). These values were used to
simulate the two-component diffusion model, with their fractions chosen to find the best

match with the experimental FRAP curve (Figure 2-6E).
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Figure A-2: FRAP simulation for a uniformly labelled sphere. The computed recovery curve is
shown, together with three simulated images: before, immediately after and 5 min. after
instant photobleaching. The 3D plots show the non-bleached fluorophore distribution
immediately after photobleaching and after a 5 min. delay.
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Figure A-3: Simulated FRAP curves, using one-component model (green, magenta, blue and
red) and two-component model (black). The diffusion constants for each curve are given in
units of 10 cm?/s.
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